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ABSTRACT 


The primary purpose of taxonomy is to provide a universal and useful means of categorizing and 
communicating about organisms. To meet these goals, taxonomists must carefully consider appropriate 
species boundaries and follow the various international nomenclatural codes. Occasionally, mistakes 
happen and are perpetuated, potentially hindering our collective efforts to document and understand the 
biodiversity around us. One such example involved correctly identifying a record of a fungus parasitizing 
Cryptantha on the community science database 1Naturalist. What transpired was an exploration of 
orthographical variants and the discovery that incorrect changes were made to the holotype label of a 
Synchytrium species. This example highlights the importance of digitizing collections, careful annotation 
of specimen labels, duplicate specimens, and science being an open and accessible activity beyond the 
domain of experts. Here, we give a brief account of the events and indicate the correct name and host for 
Synchytrium eremocarpi Karling. Published online www.phytologia.org Phytologia 103(1): 1-4 (March 22, 
2021). ISSN 030319430. 


KEY WORDS: chytrid, citizen science, community science, Eremocarpus, nomenclature, taxonomy 


The goal of any taxonomy 1s to provide a useful means of categorizing and communicating about 
the diversity of organisms on Earth. As Western societies colonized other lands and began cataloguing the 
biodiversity present, Western scientists developed the binomial system of taxonomy in use by the 
scientific community today. While the binomial system provides a taxonomy for communicating about 
biodiversity, 1t was developed without input from the cultures/communities that the Western world invaded. 
The result was the erasure of many local taxonomies and an inability to communicate the knowledge those 
cultures/communities already had about the biodiversity around them (Yoon 2009). Science today still 
suffers from insulation from community input. For example, most descriptions of fungal species were found 
to be written toward other taxonomists; information that non-taxonomists (e.g., a school teacher, a 
Wikipedia editor, or a policy maker) would use (e.g., locality, habitat, macro-morphology) was either 
missing or difficult to extract from the majority of the descriptions (Durkin et al. 2020). This comes at a 
time when many taxonomists bemoan the lack of resources available to them; thus, taxonomy as a science 
needs to become a diverse community rather than the domain of specialized experts. An example of how 
taxonomists can benefit from wider involvement is discussed here. However, the goals of community 
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science should be reciprocity and cooperation, that is, wider involvement should not result in the benefit of 
a few (1.e., experts) but everyone involved (Vohland et al. 2019). 

How taxonomists, and scientists in general, can benefit from wider community input is in catching 
errors. One challenge for taxonomists is to engage the wider community in such a way that everyone 
involved benefits. In naming and categorizing organisms, scientists carefully consider species boundaries 
and follow the rules set forth in one of the international nomenclatural codes. The vast scale of taxonomy 
leads to inevitable errors that may be perpetuated. In the case of taxonomic and nomenclatural errors 
concerning taxa for which there are few experts/researchers, such errors may go unnoticed for long periods 
of time and become impediments to establishing accurate taxonomy. This hinders the collective effort to 
document and understand the biodiversity of Earth. An example involving an observation of Synchytrium 
(Chytridiomycota) parasitizing Cryptantha 1s discussed. 

On March 4, 2019, Marion Anthonisen posted an observation of an individual of Cryptantha 
infected with an unknown fungus to iNaturalist.org (https://www.inaturalist.org/observations/2 1021907). 
iNaturalist.org is a joint initiative by the California Academy of Sciences and the National Geographic 
Society that is open to anyone and serves as a platform for identifying and documenting the biodiversity of 
Earth. The observation was initially submitted as a possible Pucciniales species but was later corrected to 
the genus Synchytrium by Christian Schwarz (username leptonia), a regional mycologist. Schwartz 
suggested it was Synchytrium eremocaryae based on the host plant Cryptantha (= Eremocarya) citing 
collections from Griffith Park, Los Angeles, California. James Bailey (username silversea_starsong) 
proposed Synchytrium myosotidis as the correct taxon name, citing that S. myosotidis at the time was the 
only species formally described as occurring on Boraginaceae. The dataset on iNaturalist at time of writing 
includes observations of Synchytrium myosotidis on Pectocarya, Cryptantha, and Plagiobothrys. The 
potential of a second entity affecting Californian Boraginaceae prompted further research into S. 
eremocaryae by James Bailey and William Davis (username davisw}j), but literature soon revealed loose 
ends in the taxonomy and biology of said species. Synchytrium eremocaryae, eremocarpae, and eremocarpi 
were all species names that various sources attributed to the same taxonomic entity. The roots of the epithets 
eremocaryae and eremocarpae refer to the host plants Eremocarya (syn. Cryptantha) and Eremocarpus 
(syn. Croton), two plant species from the unrelated families Boraginaceae and Euphorbiaceae, respectively. 
Many species of Synchytrium are assumed to be host specific, though there are some species with wide host 
ranges (Karling 1964). Therefore, it is unlikely for one species to occur on hosts from two unrelated plant 
families. In this instance, the resolution of whether only one or two species of Synchytrium occurred on 
Eremocarya was crucial for settling on a correct identification. 

Synchytrium eremocaryae 1s a nomen nudum (Art. 38.1—2, Ex. 1, Shenzen Code, Turland et al. 
2018) as it appears only on the specimen label of UC 266329  (https://mycoportal.org/ 
uc/mycology/UC266/UC266329.JPG) and on a list of types located at the University of California at 
Berkeley herbarium (UC; Tavares et al. 1997; https://ucjeps.berkeley.edu/fungal_types.html). This name, 
lacking a formal description, is not listed as an accepted name in Index Fungorum, MycoBank, or the U. S. 
National Fungus Collections Database (https://nt.ars-grin.gov/fungaldatabases/). The label of UC 266329 
is annotated with “consider this an inadvertent spelling error’ and “Spelling errors in publication: S. 
eremocarpae on Eremocarpus.” These notes suggest that S. eremocaryae 1s the correct name for the species 
and that S. eremocarpae is an orthographical variant that mistakenly appeared in the original species 
description. 

However, the specific epithet eremocarpae and the host Eremocarpus are what appear in the 
original Latin description (Karling 1956) and a later monograph (Karling 1964). Thus, it is the label and 
the subsequent list of types that are in error. In other words, Synchytrium eremocarpae was validly and 
effectively published (Art. 38.1, 39.1, 40.1, Shenzhen Code) and therefore has priority (Art. 11.4, Shenzhen 
Code). Karling (1956) described Synchytrium eremocarpae using a specimen collected on Eremocarpus 
sp. March 4, 1922 from Griffiths Park, Los Angeles, California, USA by M. S. Clemens that was deposited 
in UC. In his monograph, Karling (1964) notes the specimen as “Clemens, no. 10800, in UC”, and the 
university would later relabel 1t as UC 266329. On the label of UC 266329 is the annotation “Synchytrium 
eremocarpae Det. J. Karling 9-27-55”. Therefore, from at least 1955 to 1964, Karling considered the 
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specific epithet to be eremocarpae; otherwise, he would have corrected it to eremocaryae in his 1964 
monograph. In the vicinity of Karling’s 1955 annotation it is written “eremocaryae on Eremocarya(?)”’, but 
this annotation is in a different handwriting and does not include a name or a date. The annotation differs 
visually from Karling’s handwriting and likely was added after Karling’s 1964 monograph. One 
explanation is that Karling’s “p” in ereomocarpae 1s not very legible and could easily be mistaken for a 
“y”. In addition, Eremocarya (= Cryptantha) was another plant genus at the time, and since no genus 


oo, 99 


appears on the label and the “p” looks like a “y”, it would be easy to assume Eremocarya was the host. 
Therefore, we think what happened is that someone misread the “p” for a “y” while trying to transcribe 
Karling’s annotation; they then added the “on Eremocarya (?)”. The ambiguous annotation “consider this 
an inadvertent spelling error” was added as a third annotation, again with no name or date. This was likely 
interpreted by later transcribers to mean the specific epithet eremocarpae was a mistaken orthographical 
variant. Regardless, the descriptions of Karling (1956) and Karling (1964) are clear that the correct specific 
epithet is eremocarpae and the host is Eremocarpus (Euphorbiaceae); thus, the later adjustment to 
eremocaryae and Eremocarya was incorrect. 

The presence of an isotype in the U. S. National Fungus Collections Herbarium (BPI) provides 
additional evidence that the epithet Karling meant was ereomocarpae. Specimen BPI 793212 was originally 
labelled as Synchytrium sp. on Eremocarpus sp. from Griffiths Park, Los Angeles, California by Clemens 
no. 10800. That means the host is indeed Eremocarpus and not Eremocarya, and the appropriate epithet is 
eremocarpae and not eremocaryae. However, under the rules of nomenclature, since the specific epithet is 
a masculine noun being used in the genitive case, the correct spelling 1s eremocarpi (Art. 23.5, 32.2 
Shenzhen Code; pers. comm. P. Kirk & S. Pennycook), which is the name listed in Index Fungorum and 
MycoBank. Under the rules of nomenclature, eremocarpae is considered an orthographical error that can 
be corrected by later authors (Art. 60.1) without changing the date of valid publication (Art. 33.2). 
Therefore, the correct name for the species described using specimen UC 266329 is Synchytrium 
eremocarpi Karling 1956, and the specimen label and list of types in UC should be corrected accordingly. 


TAXONOMY 
Synchytrium eremocarpi Karling [as ‘“eremocarpae’ |, Sydowia 10(1-6): 20 1957 [1956]. 


HOLOTYPE: United States of America: California, Los Angeles, Griffiths Park, on Croton sp. 
(=Eremocarpus sp.), 04 March 1922, M. S. Clemens no. 10800, UC 266329. 


ISOTYPE: United States of America: California, Los Angeles, Griffiths Park, on Croton sp. 
(=Eremocarpus sp.), 04 March 1922, M. S. Clemens no. 10800, BPI 793212. 
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ABSTRACT 


Megachytrium 1s affirmed to be a monotypic genus (MV. westonii Sparrow, the only known species), 
distinct from other genera of Chytridiomycota. Megachytrium has a robust, “undulant,’ polycentric thallus 
with intermittent swellings that can develop into either sporangia (which may possess short, operculate 
discharge-tubes) or resting spores which function as prosporangia (giving rise to external sporangia). The 
posteriorly uniflagellate zoospores possess a distinct, central globule, and are clearly chytridiaceous in 
character. Relationships for Megachytrium have been suggested with several chytrid orders; among these, 
and based on where putatively related genera have been placed, the Cladochytriales seem the best 
suggestion for systematic placement—an ‘assignment,’ though, not yet confirmed by molecular-sequence 
or ultrastructural study. The only known host for Megachytrium for many years was water-weed, Elodea 
canadensis. ‘Alternative’ generic names for Elodea (e.g., Anacharis) have caused confusion; eventually, 
though, E/odea became confirmed as the correct name. In relatively recent times, Megachytrium was also 
found on decaying material of Myriophyllum verticillatum. Further collection and study of Megachytrium— 
1.e., developmental, ultrastructural and molecular investigations—should provide useful additions to 
knowledge of Chytridiomycetes. Published online www.phytologia.org Phytologia 103(1): 5-9 (March 22, 
2021). ISSN 030319430. 


KEY WORDS: chytrid, Nowakowskiella, operculum, resting spores, sporangia, zoospores. 


Megachytrium 1s a rarely found, chytridiaceous parasite of Elodea canadensis (water-weed). 
Unresolved questions remain concerning the systematic position of Megachytrium among 
Chytridiomycota, 1.e., the order/family in which it should be placed. There has seemingly been no molecular 
(or ultrastructural) study by which to substantiate one suggested systematic placement versus another. There 
are long-standing questions concerning the correct generic name of its host; formal names other than Elodea 
have often appeared in the literature; it has also been uncertain whether Elodea is the only host, and the 
extent to which Megachytrium is primarily parasitic as opposed to being weakly parasitic or saprotrophic 
on senescent leaves. To date, there is only one known species of Megachytrium, M. westonii Sparrow. 
Concerning authentication of name Megachytrium (and tts single species), two references (Sparrow; 1931, 
1933) are sometimes given (e.g., Karling, 1977); 1t was necessary to determine which of these was, 
nomenclaturally, the validating publication. Sparrow’s (1943, 1960) later accounts of Megachytrium are 
extensive summaries of previous knowledge, some additional discussion being provided. It 1s surprising 
that Megachytrium has received little taxonomic attention and is relatively poorly known (doubtless related 
to limited collecting), since most putative relatives have received molecular, and other recent, study; it is 
further surprising because Megachytrium develops an extensive thallus-complex, overwhelming 
(potentially covering, pervading) the host-substrate with this (extra- then intra-matrical) thallus; its presence 
should be perceivable. 


Money (2014) lamented that many organisms discussed in Sparrow’s (1960) ‘phycomycete’ 
compendium (still of enormous value to ‘chytridologists’) have been ‘lost’ to science—t.e., not found in 
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recent decades, or even since initial description. Megachytrium was selected by Money as an example of 
such a ‘lost’ taxon. Here, we seek to bring [attention to] Megachytrium ‘back to life.’ The purposes of our 
paper are: to review and update the taxonomic history of Megachytrium; to ascertain if taxa additional to 
M. westonii exist; to confirm the correct generic name of its host (‘E/odea’); to determine 1f other hosts (or 
substrates, if 1t is saprotrophic) have been found; and to assess systematic relationships, in the absence of 
molecular and ultrastructural data. Collection of this interesting genus should be encouraged; it may not be 
as rare as thought, and we discuss an additional report of its occurrence. To avoid name confusion, genus 
Megachytrium (here considered) should not be mistaken for Macrochytrium (cf. Blackwell and Powell, 
2020), a different chytrid with a somewhat similar name. 


TAXONOMIC HISTORY OF MEGACHYTRIUM 


There 1s apparent inconsistency 1n the literature on the date of validation of the name Megachytrium 
(cf. Hawksworth et al., 1983; Czeczuga et al., 2005). This genus name and the species name M. westonii 
first appeared in the literature in Sparrow (1931), in what was intended by Sparrow as a preliminary note; 
Sparrow nonetheless provided (a purpose of his published note) a formal diagnostic description of the genus 
and also a diagnosis of the species. Although Sparrow did not include a Latin diagnosis for either 
(descriptions published only in English), these names stand as valid, since the rule requiring a Latin 
diagnosis did not become a requirement until January 1, 1935 (cf. ICNAFP). Sparrow (1933), in expanded 
discussion of Megachytrium, repeated (for convenience) the diagnoses for the genus and species—handy, 
but nomenclaturally irrelevant—the official date of original publication standing as 1931. Sparrow (1943) 
provided a full morphological account (to the extent of what was known) of Megachytriyum in his first 
addition of Aquatic Phycomycetes; a similar account (minor adjustments in discussion) was given in his 
revised edition of this work (1960); in both, the figures illustrated are from his 1933 paper—showing the 
stout, branched, polycentric thallus, with (presumably operculate) sporangia, variable in shape. Sparrow’s 
(1933) figures are apparently the only illustrations of /. westonii drawn from nature. Megachytrium seems 
to have been known (at least through this time period) just from its original collecting site: “Fall Creek, 
Forest Home, Ithaca, New York’ (Sparrow 1931, 1933)—merely, more generally, listed later (Sparrow, 
1943, 1960) as from the ‘United States.’ Sparrow (1933) briefly considered a congeneric relationship 
between Protomyces radicicolus Zopf—a root-rot parasite of ‘Stiftia’ (= Stifftia, Asteraceae)—and 
Megachytrium westonii, but dismissed this idea after further examination of morphological/host evidence; 
Protomyces was eventually determined to be quite unrelated (not a chytrid, in fact). Sparrow, rightly, 
concluded that Megachytrium is monotypic (as he continued to do, 1943, 1960 and 1973); no additional 
taxa were noted by Longcore (1996), and we have found none published since that point. 


MORPHOLOGY, LIFE CYCLE (descriptive information on genus and its one species combined) 


Megachytrium has a coarse (‘mycelial’), polycentric, eucarpic thallus which was observed to be 
epibiotic on, and subsequently endobiotic in, its host (Elodea, ‘water-weed’)—of which it can be 
substantially destructive (causing discoloration and deterioration). The ‘hyphae’ of Megachytrium are 
tubular (contents finely granular, often refractive), occasionally septate (cross-walls thin), branched, 
sometimes somewhat ‘wavy’ in outline, and can be relatively broad (sizes, though, usually ranging from 3- 
7 um in diameter). The thallus, often vacuolate, may become profuse; anastomosis between branches can 
occur, resulting in broader, ‘fused,’ hyphal areas and an ‘interlocking’ appearance; there is, however, no 
evidence of attenuation of hyphae into rhizoids. Subsphaeroidal or pyriform, swollen areas along the hyphae 
can develop into either sporangia or resting spores. The usually intercalary sporangia (sometimes ‘terminal’ 
on short, lateral branches) are spherical to ovate/ellipsoid or pyriform or clavate, often somewhat irregular, 
15-50 um long, 10-30 um in diameter, potentially sub-apophysate, and a given sporangium can develop a 
short, variable discharge tube (sometimes merely papilla-like) which will typically form a small (3-5 um), 
convex ‘operculum’ apically; the sporangial wall is thin, colorless and smooth; sporangial proliferation may 
occasionally occur. Zoospores are completely formed within the sporangium, and are chytridiaceous in 
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their features; they are spherical and approximately 5 um in diameter; they develop a rather long, posterior, 
whiplash flagellum and typically exhibit a centrally placed, hyaline but refractive [lipid] globule; they are 
variable in number, and escape following dehiscence of the operculum; the zoospore germ-tube 1s branched, 
tips blunt and slightly swollen. Resting spores are usually intercalary, broadly ovoid, have a somewhat 
thickened wall, and are 20 by 15 um; resting spores exhibit truncated ends (flattened connections to other 
cells or other portions of the hypha) and usually possess globular contents; they were observed to function 
(without requiring a dormant period) as ‘prosporangia’—a resting spore germinates to produce an external 
sporangium, which tends to be smallish but usually possesses an operculum—the resting-spore wall is 
partially assimilated during sporangial production (post-germination resting spores are hyaline in 
appearance). Thallus development has not been extensively studied, remaining incompletely known (stages 
are difficult to observe within opaque host-tissue such as Elodea); such studies, though, can be useful to 
biological and systematic understanding of chytrids (Blackwell et al., 2006). It is not known, for example, 
precisely how the initially extramatrically-growing Megachytrium thallus gains entrance into its host when 
becoming intramatrical. It is known, though, that early growth within the host often follows a path 
corresponding to junctures of cell-walls [apparently through the middle lamella]; this suggested to Sparrow 
(1960) some sort of “pectin relationship’ [pectinase activity by Megachytrium?|. Note on illustrations: We 
here provide no illustration of Megachytrium, since this would involve merely copying drawings from other 
sources. For reference, see illustrations of Megachytrium in either Sparrow (1943; Fig. 25, A and B) or 
Sparrow (1960; Fig. 37, A and B). A useful, interpretive drawing of life-cycle features of Megachytrium is 
in Karling (1977; Plate 113, Figs. 1-6). 


POSSIBLE SYSTEMATIC RELATIONSHIPS OF MEGACHYTRIUM 


Sparrow (1931) suggested a _ possible systematic connection of Megachytrium to 
Hyphochytriomycetes (Hyphochytriales) such as Hyphochytrium infestans—based on general similarity of 
the polycentric thallus. Sparrow (1943) postulated Megachytrium might be an ‘operculate counterpart’ to 
[the inoperculate] Hyphochytrium; Sparrow (1960) recast this statement, 1.e., that Megachytrium might be 
a ‘chytridiaceous counterpart of the anteriorly flagellate Hyphochytrium.’ His latter assessment presaged 
understanding that Hyphochytriomycetes—with an anterior, ‘tinsel-type’ of flagellum—were distinct from 
Chytridiomycetes, these possessing a posterior, ‘whiplash’ flagellum; see historical discussion (Blackwell 
and Powell, 2020) noting closer relationship of Hyphochytrids with ‘Pseudofungi’ (e.g., Oomycetes) than 
with true Chytridiomycetes. Sparrow (1943, 1960) placed Megachytrium in family Megachytriaceae (order 
Chytridiales) along with genera Nowakowskiella and Septochytrium—a grouping of chytridiaceous forms 
with polycentric thalli and allegedly operculate sporangia, occurring saprotrophically on ‘vegetable’ 
[cellulosic] debris (or possibly initially parasitically, e.g., Megachytrium). Megachytrium was distinguished 
in this group by thallus-branches which do not taper distally to the extent of forming rhizoids (see also 
Sparrow, 1973, p 103). 


Karling (1977) did not believe that separation of polycentric genera with operculate sporangia from 
those with inoperculate sporangia was justified, and considered family Cladochytriaceae to include: 
Cladochytrium, Physocladia, Nowakowskiella, Amoebochytrium, Polychytrium, Septochytrium, 
Megachytrium and Coenomyces. The Cladochytriaceae were eventually recognized as an order, 
Cladochytriales (Mozley-Standridge et al., 2009); unfortunately, Megachytrium could not be found for 
study in that investigation; also, one or more genera of Cladochytriales were moved elsewhere, e.g. 
Polychytrium, to the Polychytriales (Longcore and Simmons, 2012); while other genera, e.g. Endochytrium 
(not included by Karling, 1977, in Cladochytriaceae), are now placed in the Cladochytriales (cf. Mozley- 
Standridge et al., 2009; Powell and Letcher, 2014)—a grouping presently including polycentric and 
monocentric members. Megachytrium does not belong in the Polychytriales (a chitinophilic assemblage); 
it is likely to belong to the Cladochytriales—a generally saprobic group, inhabiting decaying plant and algal 
(cellulosic) substrates—but this has not been substantiated by molecular or ultrastructural studies. Certain 
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other cellulose-inhabiting genera have been determined to belong to the Cladochytriales, e.g. 
Cylindrochytridium (Steiger et al., 2011), and eventual placement of Megachytrium in Cladochytriales 
would not be surprising. Another order of Chytridiomycetes, the Rhizophlyctidales (cf. Letcher et al, 2008; 
Powell and Letcher, 2014), cannot however yet be ruled out. Various members of Rhizophlyctidales are 
capable of growing on diverse substrates (including cellulosic ones). Sporangial discharge-papillae of 
Rhizophlyctis rosea (the correct name, vs. Karlinga rosea; see Blackwell and Powell, 1999) are said to 
often be ‘endo-operculate;’ these bear some resemblance to the ‘operculate,’ short discharged-tubes of 
Megachytrium (occurring on fundamentally intercalary sporangia). The terminal sporangia of Rhizophlyctis 
rosea can come to ‘appear’ intercalary due to emergence of [enlarging] ‘rhizoidal thalli’ at several points 
on the sporangium—this ‘morphology,’ though, represents only a superficial similarity to Megachytrium. 
It is probable that Megachytrium will be confirmed (by molecular analysis) as a member of the 
Cladochytriales. 


THE HOSTS OF MEGACHYTRIUM 


Questions have surrounded the generic name of water-weed, *“E/odea’ canadensis, host-plant of 
Megachytrium. Names other than Elodea have been used. Sparrow (1943) noted this host as Anacharis 
canadensis, but in 1960 referred to it as Elodea canadensis—thus utilizing different generic names for the 
same host. Fassett (1940) employed the name Anacharis—tiisting, though, an alternative name, Philotria. 
Small (1933) favored the name Philotria. Still other generic names have been used, e.g., Udora and 
Apalanthe. Adding to uncertainty is that E/odea is confusable with ‘look-alike’ genera (e.g., Egeria and 
Hydrilla). Geographically, ‘Elodea’ is an ‘American’ plant, with a number of species. However, none of 
the historical revisions or monographs (New World) completely resolved the correct generic name. Over 
time, Elodea became adventive (among other places) in the British Isles; Simpson (1984) there took up the 
question of which species were present—three were found in Britain; two of these occurred in Ireland as 
well. Simpson (1986) also sought out the proper generic name. One problem leading to name-proliferation 
was that flowers of Elodea could be bisexual or unisexual—plants could have perfect flowers or could be 
dioecious or polygamodioecious (see also Fernald, 1950). Certain extra names arose from not realizing that 
Elodea, in fact, encompassed this variation. Simpson (1986) also determined that Elodea was not an 
illegitimate name (earlier homonyms not being validly published) and that Michaux (1803, Flora Boreali- 
Americana) 1s author of the now-accepted name, Elodea (the earliest legitimate name for ‘water-weeds’). 
Fernald (1950) indicated that the name E/odea was proposed for conservation, but we find no evidence this 
name was conserved. 


For 75 years (1931-2005) it was assumed that Elodea canadensis (by whatever name) was the only 
host for Megachytrium. The only certainly known location for Megachytrium during this time frame may 
have been where Sparrow (1931) initially found this chytrid—Fall Creek, Ithaca, New York—.e., the ‘type 
locality;’ it was surely unrecorded outside the United States. However, in a broad study, Czeczuga et al. 
(2005) reported Megachytrium westonii from ‘Jaroszowka Spring,’ Poland, on fragments of Elodea 
canadensis (doubtless adventive) and Myriophyllum verticillatum (water milfoil); since they gave no 
indication that their find of Megachytrium might represent a new species (no descriptive 
information/illustrations provided), there are no grounds to suggest otherwise. In any case, the find by 
Czeczuga et al. denoted a second occurrence of Megachytrium and a second host (Myriophyllum)— 
indicative that Megachytrium 1s not as host-specific as perhaps thought. The title of their paper (“Aquatic 
fungi growing on dead fragments of submerged plants’) suggests Megachytrium can be saprotrophic (as 
well as parasitic). The find by Czeczuga et al. (2005), though apparently only the second formally- 
documented occurrence of Megachytrium, nonetheless offers encouragement to any wishing to collect 
additional specimens of this genus. It also underscores the importance of traditional, broad-based surveys 
of the fungal flora—from a variety of aquatic habitats. The distribution of Megachytrium, if not abundant, 
now appears at least potentially broad. 
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ABSTRACT 


Volatile oils produced through steam distillation of Juniperus scopulorum were examined to 
establish essential oil yields and aromatic profiles from each portion of the tree, namely the trunk, limb, 
and leaf. The resulting essential oils were examined by GC-FID and GC-MS. Each plant portion exhibited 
a distinct aromatic profile. Trunk essential oil was prominent in cis-thujopsene, a-pinene, cedrol, allo- 
aromadendrene epoxide, (E)-caryophyllene, and widdrol, which averaged over all samples were 34.2%, 
20.5%, 18.9%, 4.3%, 2.4%, and 2.4%, respectively. Limb essential oil was primarily a-pinene (average 
82.4%) and leaf essential oil was primarily sabinene (average 66.9%). Complete profiles and yields are 
reported. Published online www.phytologia.org Phytologia 103(1): 10-17 (March 22, 2021). ISSN 
030319430. 


KEY WORDS: Juniperus scopulorum, Cupressaceae, aromatic profile, essential oil, trunk, limb, leaf, 
yield. 


The genus Juniperus consists of nearly 75 species (Adams and Schwarzbach 2013). Juniperus 
scopulorum Sarg., commonly called Rocky Mountain juniper, is generally a montane species that has a 
wide distribution throughout many states in the intermountain region of the United States (Cronquist et al. 
1972) and can be found in every county in the state of Utah (Welsh 1993). J. scopulorum is a dioecious 
species, though little variation in the essential oil profile of male and female trees has been observed (Adams 
and Powell 1976). Adams (2015) found that allopathic hybridization can occur between J. scopulorum and 
J. maritima in certain regions. However, Adams’ genetic study did not show this hybridization in Utah 
populations of J. scopulorum analyzed. 


The heartwood of /. scopulorum 1s red to purple in color and highly aromatic (Cronquist et al. 1972; 
Welsh 1993). The essential oil profile for J. scopulorum heartwood has previously been established as being 
prominent in cis-thujopsene (Adams 1987). Leaf oil is prominent in sabinene (Adams and Hagerman 1976, 
1977; Adams 2009; Zheljazkov et al. 2013, 2017) and exhibits a significant degree of variation in its 
aromatic profile. These differences are associated with various factors including diurnal variation (Adams 
and Hagerman 1977), seasonal variation (Powell and Adams 1973; Adams 1979), maturity and age of the 
leaf material (Adams and Hagerman 1976), and distillation time (Zheljazkov et al. 2013). 


J. scopulorum was a valuable medicinal plant among the Native Americans. The Blackfeet used an 
herbal tea made from the berries to deter vomiting, and the Cheyenne made an herbal tea from its leaves to 
treat both cough symptoms and as a sedative for hyperactive persons (Kindscher 1992). 


To the authors’ knowledge, the present study on J. scopulorum from Utah is the first to establish 
the complete aromatic profile for trunk and limb essential oils, and it confirms previously established 
aromatic profiles for leaf essential oils. Essential oil yields for each portion of the tree are also examined. 
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MATERIALS AND METHODS 


Juniperus scopulorum plant material was collected from privately owned land in Duchesne County, 
Utah. Trees (n=3) were cut approximately 20 cm above ground and each tree was meticulously divided into 
three sections, namely the trunk, limbs, and leaf, to determine weight, yield, and aromatic profile of each 
portion of the tree. The trunk 1s defined as limb/leafless sections including heartwood, sapwood, cambium, 
and bark. The limb is defined as leafless, 1-5 cm diameter sections nearest the trunk. The leaf is defined as 
green foliage with minimal woody material, often including small berries. Collection details are recorded 
in Table 1. Voucher samples which were used for identification are held in the Utah Valley University 
Herbarium (UVSC): J. scopulorum Sarg., Wilson 2020-01, -02, -03 (UVSC). 


Table 1. Collection details for each individual tree. 


le Juniperus scopulorum #1 Juniperus scopulorum #2 Juniperus scopulorum #3 


date 19 May 2020 15 June 2020 21 July 2020 


40°20°43”N 110°45°13”W | 40°20°44”N 110°45°0”W | 40°20°44”N 110°45’18”°W 
elevation (m) 2371 2365 2370 


Portions of each tree were processed as follows for laboratory scale distillation: each mentioned 
portion of the tree was cut, chipped, bagged and stored at -20 + 2 °C until it was steam distilled. Steam 
distillation was performed in triplicate, resulting in 9 distillations per tree and 27 distillations over the course 
of this project. 


Laboratory scale distillation was as follows: 3 L of water added to the bottom of a 12 L distillation 
chamber (Albrigi Luigi S.R.L., Italy), plant material accurately weighed and added to the distillation 
chamber, distillation for 2 hours from pass-over by direct steam, essential oil separated by a cooled 
condenser and Florentine flask. Essential oil samples were filtered and stored in a sealed amber glass bottle 
until analysis. 


Essential oils were analyzed, and volatile compounds identified by GC-MS using an Agilent 7890B 
GC/5977B MSD and J&W DB-S, 0.25 mm x 60 m, 0.25 pm film thickness, fused silica capillary column. 
Operating conditions: 0.1 wL of neat sample, 150:1 split ratio, initial oven temperature of 40 °C with an 
initial hold time of 5 minutes, oven ramp rate of 4.5 °C per minute to 310 °C with a hold time of 5 minutes. 
The electron ionization energy was 70 eV, scan range 35—650 amu, scan rate 2.4 scans per second, source 
temperature 230 °C, and quadrupole temperature 150 °C. Volatile compounds were identified using the 
Adams volatile oil library (Adams 2007, pdf at www.juniperus.org) using Chemstation library search in 
conjunction with retention indices. Note that in all samples limonene/B-phellandrene and in some samples 
widdrol/cedrol elute as single peaks, but their amounts are determined by the ratio of masses 68 and 79 
(limonene), 77 and 93 (B-phellandrene), 151 (widdrol), and 150 (cedrol). Volatile compounds were 
quantified and are reported as a relative area percent by GC-FID using an Agilent 7890B and J& W DB-S, 
0.25 mm x 60 m, 0.25 um film thickness, fused silica capillary column. Operating conditions: 0.1 uL of 
sample (20% soln. for essential oils, 1% for reference compounds), 25:1 split ratio, initial oven temperature 
at 40 °C with an initial hold time of 2 minutes, oven ramp rate of 3.0 °C per minute to 250 °C with a hold 
time of 3 minutes. For quantification, compounds were identified using retention indices coupled with 
retention time data of reference compounds. 
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The percent yield was calculated as the ratio of mass of processed plant material immediately before 
distillation to the mass of essential oil produced, multiplied by 100. 


RESULTS AND DISCUSSION 


The aromatic profiles of the trunk, limbs, and leaf from three J. scopulorum trees are detailed in 
Table 2. Each reported value is an average from three samples distilled from that portion of the plant. 


Table 2. Aromatic profile of J. scopulorum trunk, limbs, and leaf essential oil of three trees. Each 
reported value below represents the average of three essential oil samples distilled from each portion (trunk, 
limbs, leaves) of the same tree. Compounds detected in one but not all samples are denoted as not detected 
(nd). Values less than 0.1% are denoted as traces (t). Unidentified compounds less than 1.0% are not 
included. KI is the Kovat’s Index using a linear calculation on DB-5 column (Adams 2007). Relative area 
percent is determined by GC-FID. Essential oil samples were analyzed in triplicate to ensure reproducibility 
(SD<1). 
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Essential oil samples were analyzed in triplicate to ensure reproducibility (standard deviation (SD) 
<1 for all compounds). The different portions contain distinct essential oil profiles. Yields are detailed in 
Table 3. 
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Table 3. Distribution of mass and essential oil (EO) yield averaged from samples from three J/. 
scopulorum trees. Each tree was cut 20 cm above ground; all measurements and calculations are reflective 
of above ground portions. 


a [a ae cS [EDS TOT, 


30.05 


15285 1921.38 0.11 


i 


Prominent compounds detected in the trunk essential oil of three J. scopulorum trees included cis- 
thujopsene (41.0%, 34.1%, 27.4%), a-pinene (25.2%, 23.4%, 13.0%), cedrol (7.5%, 16.5%, 32.8%), allo- 
aromadendrene epoxide (3.2%, 5.3%, 4.5%), (E)-caryophyllene (2.0%, 2.1%, 3.2%), and widdrol (3.1%, 
2.1%, 2.1%). Cis-thujopsene was almost exclusively contained in the trunk essential oil, with a small 
percentage found in the branches, and only trace amounts detected in the leaf. Widdrol and cedrol are also 
prominent in the trunk essential oil compared to branch and leaf oil. Interestingly, the replicate samples of 
tree two showed considerable variation in a-pinene and cedrol. While the average value of a-pinene in the 
three trunk samples from tree two was similar to averages from trees one and three, a-pinene in the 
individual samples from tree two ranged from 8.6% to 46.9%. Variation of a-pinene in replicates from trees 
one and three, while pronounced, were much smaller with ranges of 14.8% to 31.5% and 7.3% to 21.7%, 
respectively. A similar result was found among the tree two replicates for both cis-thujopsene, which ranged 
from 24.5% to 40.3%, and cedrol, which ranged from 8.1% to 21.8%. These results are reported in Table 
4. This variability within the same tree is difficult to explain since sampling and extraction were identical. 
Perhaps future research could consider whether samples were taken nearer the branches or the roots, rather 
than as an indiscriminate whole. Another possibility to examine is whether the percentage of the unique 
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purple-red heartwood, compared to the amount of sapwood, cambium, or bark, in the distillation affects the 
essential oil composition. While all trunk samples contained some heartwood, it 1s possible the percentages 
in each were inconsistent, as the percentage of heartwood, sapwood, cambium, and bark was not 
distinguished in the sampling (Figure 1). 


Table 4. Variability of a-pinene, cis-thujopsene, and cedrol in all replicate distillations of J/. 
scopulorum trunk essential oil. 


Trunk Essential Oil 


Tenens [ais [ma | oa [asa] wo [eo [wr [me] a [wolf a7 | m0 


Interestingly, cis-thujopsene and cedrol were also found to be prominent aromatic compounds in 
the trunk essential oil of Juniperus osteosperma, a species habiting similar regions in Utah as J. scopulorum, 
albeit generally at different elevations (Adams 1987; Cronquist et al. 1972; Wilson et al. 2019). Further, a- 
pinene was found to be prominent in both the trunk and limb essential oils of J. osteosperma (Wilson et al. 
2019). 


Figure 1. Photo of J. scopulorum heartwood. All three trees contained purple-red heartwood. 
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Prominent compounds from J. scopulorum limb essential oil included a-pinene (82.0%, 85.1%, 
80.1%), 6-3-carene (4.7%, 2.6%, 6.8%), and cis-thujopsene (2.1%, 1.7%, 1.2%). Of all three plant portions, 
a-pinene was by far detected in the highest concentration in the limb essential oil. 


Prominent compounds from J. scopulorum leaf essential oil included sabinene (67.6%, 67.5%, 
65.6%), a-pinene (5.2%, 4.0%, 3.6%), terpinene-4-ol (3.5%, 3.1%, 4.9%), pregeijerene B (2.5%, 3.9%, 
1.9%), and y-terpinene (2.0%, 1.8%, 2.9%). Sabinene is the predominant compound measured in the leaf 
oil and was detected in much lower amounts in trunk and limb oil. Pregeijerene B was unique to the leaf 
oil, as only trace amounts were identified in limb oil, and pregeijerene B was not detected in the trunk oil. 
Not surprisingly, the leaf oil was composed primarily of monoterpenes. However, two unique terpenoids, 
an oxygenated sesquiterpene and an oxygenated diterpene, were found in the leaf oil at greater than 1%, 
which were only measured in trace amounts in the trunk and limb oil: 8-a-acetoxyelemol and 3-a-acetoxy 
manool. This finding supports previous work examining the presence of pregeijerene B and 8-a- 
acetoxyelemol in the leaf essential oil of multiple Juniperus species (Adams 2004). 


CONCLUSIONS 


This study establishes both the aromatic profile of J. scopulorum limb essential oil as well as the 
complete profile of the trunk essential oil, not just the heartwood alone. The results of this study also 
confirm previous studies showing that cis-thujopsene is a primary constituent of J. scopulorum trunk 
essential oil (Adams, 1987) and that sabinene is prominent in the leaf essential oil (Adams and Hagerman 
1976; Adams and Hagerman, 1977; Adams, 2009; Zheljazkov, et al. 2013; Zheljazkov, et al. 2017). 
However, our cis-thujopsene results are 20-30% lower than originally reported, likely because our sample 
was the entire trunk, not only heartwood (Adams, 1987). Our leaf oil also showed less variation than 
previously reported, likely due to our samples being harvested in the same season, same location, of similar 
maturity, and similar time of day. Our percent sabinene corresponded with the previously reported data 
about distillation time (Zheljazkov et al. 2013). The trunk and limb essential oils of J. scopulorum also 
contain similar profiles to those of J. osteosperma, while the leaf essential oils of both trees differ greatly 
from each other (Wilson et al. 2019). 


Each plant portion of J. scopulorum has a distinct essential oil profile. Trunk essential oil is high 
in cis-thujopsene (34.2%), a-pinene (20.5%), and cedrol (18.9%). Limb essential oil contained on average 
82.4% a-pinene. Leaf essential oil contained on average 66.9% sabinene. Yield was highest in the trunk 
essential oil, then leaf, then limbs, at 0.24%, 0.16%, and 0.11% respectively. 


Future research will focus on determining the cause of the variability in the trunk essential oil 
within a single tree. Plans include sectioning the trunk into heartwood, sapwood, and bark for distillation 
and comparison, as well as comparing homogenized samples of the whole trunk to trunk samples taken 
near both branches and roots of the tree. 
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ABSTRACT 


Measurements of photosynthetic rates were made on leaves of understory but mature Ptelea 
trifoliata L., hop tree or wafer ash plants (Rutaceae, Rue family). Plants were in Juniperus ashei/Quercus 
fusiformis (Ashe juniper/Live oak) woodlands in central Texas (98.6808W-29.6977N). Density and basal 
areas were low for P. trifoliata in the woodlands where found. External light level (PFD, photosynthetic- 
flux density) at midday in the open, above the canopy, was 1897 + 21 umol/m?/s. Below the canopy, light 
level was 203 + 28 pmol/m7/s (mean + one se). Light response curves were generated using photosynthetic 
rates measured for leaflets on mature plants below the canopy at light levels from one to 2000 umol/m’/s. 
The maximum photosynthetic rate (Amax) Was 12.72 + 0.51 umol CO2/m’/s for leaflets. Dark respiration 
was 0.38 + 0.29 nmol CO2/m’/s. Light saturation was 334 + 16 umol/m’/s or 18 % of the midday light level. 
The light compensation point was 10 + 1 umol/m’/s or 0.5 % of the midday high light level. Light levels 
below the canopy were 39 % below the light saturation point of P. trifoliata, which means the plants were 
fixing carbon at less than their Amax. However, for part of the day, when plants are in light gaps, gas exchange 
rates would be near the maximum rates measured. Based on photosynthetic rates, Ptelea trifoliata appears 
to be a potential canopy species but is more frequently in edge communities or below a woodland canopy. 
Published online www.phytologia.org Phytologia 103(2): 18-28 (June 21, 2021). ISSN 030319430. 


KEY WORDS: CO> uptake, edge plants, light compensation, light levels, light saturation, photosynthetic 
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Below the canopy of some Juniperus ashei/Quercus fusiformis (Ashe juniper/Live oak) woodlands 
in central Texas are various shrubs, understory species, including low densities of Ptelea trifoliata L. (hop 
tree or wafer ash, Rutaceae - Rue family; Correll and Johnston 1979; Enquist 1987; Gehlbach 1988; USDA 
NRCS 2020). This species is one of many woody plants that have encroached into the present day woodland 
in this area. In central Texas and farther west this species is usually a shrub with low density but in eastern 
North America density can be higher and it may be a small tree (USDA NRCS 2020). Reasons for the low 
density and small size of these plants in the central Texas Edwards Plateau is undetermined but may be due 
to low or intermittent rainfall, low light below the canopy or poor competitive ability (Tilman 1985; Van 
Auken and McKinley 2008; Van Auken and Bush 2013; Van Auken and Smeins 2008; Van Auken 2018). 


Parts of the Ptelea trifoliata plant have been used by Native Americans for a number of purposes 
(Weber and Seaman 1985). Plant leaves contain a toxin which has a strong aroma. Leaves were usually 
mixed with jimson weed, scorpions and other items to form a paste which was used as a poison on arrow 
tips for hunting large game and in warfare. Reports suggest that a slight scratch from an arrow tip so treated 
would insure death. Inhibitory studies and medicinal uses of various parts of this plant have also been 
reported (Garestier and Rideau 1972; Weber and Seaman 1985; Takaku and Setzer 2007). However, no 
reports of herbivory, lack of herbivory or photosynthetic rates were found. 
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On the eastern and southern shores of Lake Michigan there are sand dunes extending inland from 
the lakeshore to the mesic forests (McLeod and Murphy 1983). Populations of P. trifoliata have been 
reported from fore- and mid-sand dunes in this area. Some communities were 0.3 Ha and almost completely 
P. trifoliata. In other parts of North America and Canada this species is usually reported from the shores of 
lakes, streams or rivers and the understory of various forests or woodlands (USDA NCRS 2020). 


Ecological conditions including photosynthetic characteristics of this species have largely been 
ignored; however, experimental growth was examined in sand dunes along the eastern shore of Lake 
Michigan (McLeod and Murphy 1983). Seed germination required cold stratification (McLeod and Murphy 
1977b). There was little growth unless complete fertilizer was added to the sandy soil of the study site 
(McLeod and Murphy 1983). In addition, there was low transplant seedling survival (McLeod and Murphy 
1977a). They serendipitously reported higher survival in shaded areas but did not pursue the importance of 
light levels for seedling growth. Water requirements were examined and compared with a series of western 
species in California (Peterson and Graves 2013). Ptelea trifoliata was more recently reported in Polish 
forests as a non-native species, but only along road cuts or forest edges with no information about light 
requirements (Ciosek et al. 2015). 


Ptelea trifoliata is a low density and low basal area woody perennial reported from the woodland 
phase of some central Texas savannas (Correll and Johnston 1979; Enquist 1987; Gehlbach 1988; Leonard 
and Van Auken 2019; USDA NCRS 2020) and riparian forest communities (Van Auken and Ford 2017). 
It seems to be an understory species below the canopy in some of these communities but not in the canopy. 
However, reasons for its existence below the canopy are unsettled. Physiological differences among native 
plants in full-sun habitats compared to those found in shady, understory communities are fairly well known 
(Begon et al. 2006; Valladares and Niinemets 2008; Smith and Smith 2012; Keddy 2017; Poorter et al. 
2019). Nevertheless, there was nothing found in the literature for P. trifoliata growth in sun or shade. In 
addition, ecological differences for growth of sun and shade plants are not always clear. 


Shade species usually have low maximum photosynthetic rates (Amax), low light saturation, light 
compensation, dark respiration rates, conductance, and transpiration compared to sun adapted species 
(Begon et al. 2006; Valladares and Niinemets 2008; Smith and Smith 2012; Poorter et al. 2019). Most shade 
species are C3 plants, characterized by a layer of horizontal leaves, and large leaf surface area, but thinner 
leaf blades, with more chlorophyll per mass but less per unit area than C4 species (Begon et al. 2006; 
Valladares and Niinemets 2008; Smith and Smith 2012). Some species found in the understory do well in 
light gaps (Pearcy 1988; Hull 2002). Ptelea trifoliata seems to be an understory plant, but the reason it does 
well in the understory is not clear. 

PURPOSES 


The present study examined the light response of leaflets of Pte/ea trifoliata in the understory of a 
Juniperus ashei/Quercus fusiformis (Ashe juniper/live oak) canopy. Gas exchange rates were measured to 
determine if P. trifoliata was a canopy or sub canopy species and to decide if its understory presence is 
related to its gas exchange or photosynthetic properties. 


MATERIALS AND METHODS 


STUDY AREA - Plants were below a Juniperus ashei/Quercus fusiformis canopy, on private property, near 
Boerne, Texas (98.6808W-29.6977N). The field site was approximately 48 km (30 miles) north of San 
Antonio, Texas near the southern edge of the Edwards Plateau just north of the Balcones Escarpment. Soils 
were Crawford Series, stony clay and shallow over hard limestone with a zero to three percent slope (USDA 
NRCS Accessed 2020). Surface was non-calcareous clay about 20-22 cm thick with limestone below 
(Mollisol over limestone bedrock, USGS NRCS 2020). 
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Mean annual temperature was 20°C with monthly means from 9.6°C in January to 29.4°C in July 
(NOAA 2018). Precipitation was 78.7 cm/yr, bimodal, with peaks in May and September (10.7 cm and 8.7 
cm, respectively), with little summer rain, high evaporation, and high variability. 


Vegetation in the area consisted of Juniperus-Quercus savanna or woodland, representative of 
savanna and woodlands found throughout this region, but higher in woody plant density than communities 
farther to the west (Van Auken et al. 1979; Van Auken et al. 1980; Smeins and Merrill 1988). Major woody 
species were Juniperus ashei (Ashe juniper) and Quercus fusiformis (plateau live oak). Other species 
included Diospyros texana (Texas persimmon) and Sophora secundiflora (mountain laurel). Ptelea 
trifoliata was present but at low density and basal area (Correll and Johnston 1979; Enquist 1987; Gehlbach 
1988; Van Auken 1988; Leonard and Van Auken 2019; USDA NCRS 2020). 


Interspersed in the woodlands were sparsely vegetated inter-canopy patches or gaps (Van Auken 
2000). Herbaceous vegetation below the canopy was mostly Carex planostachys (cedar sedge, Wayne and 
Van Auken 2008). The gap species included Aristida longiseta (red threeawn), Bouteloua curtipendula 
(side-oats grama), Bothriochloa laguroides ssp. torreyana (silver bluestem), B. ischaemum var. songarica 
(King Ranch bluestem), various other C4 grasses, and a variety of herbaceous annuals (Correll and Johnston 
1979; Enquist 1987). Light levels and soil temperatures were higher in the gaps than the associated 
woodland (Wayne and Van Auken 2004; Boeck and Van Auken 2017). 


GAS EXCHANGE - Gas exchange and light levels were measured with a Li-Cor 6400 portable 
photosynthetic meter. Photosynthetic-flux density (PFD) was the fixed variable. Plants were fully leafed 
out in April 2020 when leaflets were measured, within + three hours of solar noon. Gas flow rate was 400 
umol/s and CO>2 concentration was 400 umol/mol with PFDs as follows: 1, 5, 10, 25, 50, 75, 100, 200, 400, 
600, 800, 1000, 1200, 1600, 1800 and 2000 umol/m?/s. The leaflets measured covered the entire chamber 
surface (Van Auken et al. 2020). 


Plants growing below a Juniperus ashei/Quercus fusiformis canopy were selected and five fully 
expanded leaflets were measured. Plants in the shaded understory were at light levels of 203 + 28 umol/m7/s 
(mean + se) with a range from 29 to 335 pmol/m7/s. Canopy leaves were at 1897 + 21 umol/m’/s. 


Replicate gas exchange values for each parameter were measured and then means were determined. 
Calculated values were for the following parameters: maximum photosynthetic rate (A max = umol CO/m’/s), 
photosynthetic-flux density PFD at Amax (umol/m7/s), transpiration (umol H2O/m7/s), conductance (mmol 
H2O/m’/s), light saturation point (umol/m7/s), dark respiration (umol CO2/m/?/s), light compensation point 
(umol/m7/s), and the quantum yield efficiency (mol CO2/ umol quanta). Data for each replicate leaflet was 
fit to the model of Prioul and Chartier (Prioul and Chartier 1977) using the PC software package Photosyn 
Assistant (Dundee Scientific, Dundee, Scotland). 


The Amax was the highest net photosynthetic rate. Light saturating photosynthesis depicted the PFD 
when the slope of the initial rate line reached the Amax. Dark respiration was the gas exchange rate at a PFD 
of 0 pmol/m7/s (y-intercept of the line for the initial rate). The light compensation point was calculated as 
the PFD when the photosynthetic rate was 0 umol CO2/m’/s (x-intercept of the line for the initial rate). The 
quantum yield efficiency was calculated using the dark value and increasing PFDs until the regression 
coefficient of the slope decreased. 


Light response curves were generated for each leaflet. Assumptions for parametric statistics were 
met (Shapiro Wilk test for normal distribution and O’Biren .5 test for equal variance [Sall et al. 2017] 
variance was high but not significantly different). A one-way ANOVA was completed for several variables 
followed by the Tukey Kramer HSD to determine if differences occurred at various PDF levels (Sall et al. 
2017). An alpha value of 0.05 was used throughout. 
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RESULTS 


A mean photosynthetic light response curve was created for leaflets of Ptelea trifoliata (Figure 1). 
Plants were found in the understory of a Juniperus ashei/Quercus fusiformis canopy at a light level of 203 
+28 pmol/m?/s. The curve produced is a 2™ order positive polynomial that reached a steady state at higher 
light levels. The mean photosynthetic rate for the leaflets of P. trifoliata was 5.43 umol CO2/m’/s ranging 
from -1.012 at the lowest light level measured (dark respiration) to 10.72 umol CO2/m’/s at the highest light 
level with 16 light levels measured. There were significant differences in photosynthetic rates between 
several of the light levels (one-way ANOVA p = < 0.0001, followed by the Tukey Kramer HSD multiple 


range test p = <0.05, Figure 1, Table 1). 
Figure 1. Mean photosynthetic rates for Prelea 
trifoliata measured at light levels from 1 
umol/m?/s to 2000 umol/m?/s. Each black dot is 
a replicate at a given light level. A diamond 
includes the sample mean (middle horizontal 
bar and each apex is + | confidence interval). 
The Range of photosynthetic rates was from - 
1.012 to 10.72 molCO, m?/s (the lowest 
measurements were negative or dark respiration 
rates). Standard error at 2000 umol/m?/s was 
2.01umol CO,/m?/s. Plot is best represented by 
a 2™4 order polynomial function (y = -2E-07x? 
+0.001x+0.64) with a high R? value (0.97). Note 
plot is not linear with lower values emphasized. 
The p value for the one-way ANOVA was 
<0.0001. Plants were in the understory of a 
LIGHT LEVEL Juniperus ashei/Quercus fusiformis canopy at a 
light level of 203 + 28 umol/m?/s (mean + se). 
Measurements were made on April 16, 2020. 


15 


10 


POTOSYNTHETIC RATE 


Because of high Valens (Figure 1), it IS Table 1. Connecting letters table for each mean photosynthetic rate 
difficult to see significant differences in _ jn figurelat each measured light level from 1 pmol/m?/s to 2000 
photosynthetic rates at different light levels. pmol/m?/s (left column). Range of photosynthetic rates for Ptelea 
Consequently, table 1 must be used (connecting trifoliata was from -1.012 to 10.72 molCO2 m/?/s (negative 


. measurements were dark respiration rates). The p value for the one- 
letters table). Light levels are on the left and way ANOVA was <0.0001. Light levels followed by the same letter 


mean photosynthetic rates are on the right. If the are not significantly different (p < 0.05 Tukey Kramer HSD). Levels 
letters in a row are the same, there is no not connected by same letter are significantly different. 


significant difference between the photosynthetic Connecting Letters Report 
rates between the light levels. For example, Light Mean 
letters in the table (second row from the left) Level 


show that there were no significant differences in ; me - tes 
photosynthetic rates between light levels of 600 1600 A 10.27 
and 2000 umol/m7/s (all “A’s). In addition, there 1200 A B 9.86 
were no significant differences in carbon uptake pit ie ; C ae 
rates between light levels of zero and 75 600 ABC 7.51 
umol/m7/s (only “F’s). Nevertheless, these low 400 BCD 5.72 
light levels were significantly different from the a . 2 . F ne 
photosynthetic rates measured between 600 and 75 D E F 2.63 
2000 pmol/m7/s. Photosynthetic rates between 50 DE F 1.95 
light levels of 75 and 600 wmol/m’/s were 7 i : wittn 
intermediate but for the most part not 5 F -0.66 


significantly different from the high or low 1 SFC “OC 


ath 


photosynthetic rates (note the “B” and “C’s” as 
well as the “D” and “E’s”. 
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Transpiration changed as a function of light level being highest on the upper part of the light 
response curve (Figure 2). Mean stomatal conductance and transpiration followed a similar trend with high 
values at high light levels, decreasing as light levels decrease (stomatal conductance not shown). 


TRANSPIRATION RATES 


LIGHT LEVEL 


There were significant differences in 
transpiration rates between several of the light 
levels (one-way ANOVA p = < (0.0001, 
followed by the Tukey Kramer HSD multiple 
range test p = <0.05, Figure 2). The highest 
mean transpiration measured was 2.274 uw mol 
H2O/m?/s at a PDF of 2000 umol/m?/s with a 
mean overall value of 1.308 + 0.226 umol 
H2O/m?/s (Table 2). Measured transpiration 
rates (Elear) vs. light levels were between 
approximately 10 and 20 times higher than 
stomatal conductance. Again, because of high 
variance (Figure 2) it is difficult to see 
significant differences in transpiration rates at 
different light levels. Consequently, table 2 
must be used (connecting letters table). 
Transpiration rates between light levels of 
1600 and 2000 wmol/m’/s_ were not 
significantly different but were significantly 
different than values between 25 and 200 
umol/m?/s (Table 2). Values between 400 and 
1200 mol/m?/s were not significantly 
different from each other or the higher values. 


Figure 2. Mean transpiration rates for Ptelea 
trifoliata measured at light levels from 1 
umol/m?/s to 2000 wumol/m?/s. A diamond 
includes the sample mean (middle horizontal bar 
and each apex is + 1 confidence interval). Each 
black dot is a replicate at a given light level. 
Range was from 0.651 to 2.274 molH2O m/’/s. 
Standard error at 2000 umol/m?/s was 0.145 mol 
H,0/m?/s. Plot is best represented by a 2™ order 
polynomial function (y = -2E-07x? +0.001x+0.64) 
with a high R? value (0.97). Note plot is not linear 
with lower values emphasized. The p value for the 
one-way ANOVA was <0.0001. Plants were in 
the understory of a Juniperus ashei/Quercus 
fusiformis canopy at a light level of 203 + 28 
umol/m7/s (mean + se). Measurements were made 
on April 16, 2020. 


Table 2. Connecting letters table for each mean transpiration rate in 
figure 2 at each measured light levels from 1 ymol/m?/s to 2000 
umol/m?/s. Range was from 0.651 to 2.274 mol H2O m?/s Standard 
error at 2000 umol/m?/s was 0.145 mol H20/m?/s. The p value for 
the one-way ANOVA was <0.0001. Light levels followed by the 
same letter are not significantly different (p < 0.05 Tukey Kramer 
HSD). Levels not connected by same letter are significantly 
different. 


Connecting Letters Report 


Light 
Level 
2000 
1800 
1600 
1200 
1000 
800 


rrr Prrrrr py 
DWDWOWDWnnwnwwy 
QO.0.09°0 04.0 A-0-4 4:-4-4 


DVT CCC 0CCcceco 


Mean 


2.274 
2.169 
2.061 
1.899 
1.745 
1.528 
1.472 
1.316 
1.166 
0.907 
0.880 
0.762 
0.740 
0.695 
0.668 
0.651 


Phytologia (June 21, 2021) 103(2) 23 


Amax (Mean maximum estimated photosynthetic rate) for leaflets of P. trifoliata was 12.72 + 0.51 
umol CO2/m?/s (Table 3, calculated from Prioul and Chartier 1977). Quantum yield efficiency (6) or initial 
slope (IS) for leaflets of P. trifoliata was 0.039 + 0.006 uwmol COr/umol quanta (Table 3). Light 
compensation (L.p) was 10 + 1 umol/m?/s, light saturation (Lsar) was 334 + 42 umol /m’/s and dark 
respiration (Ra) was 0.38 + 0.29 umol CO2/m?’/s (Table 3). The highest conductance (giear) measured was 
0.218 mol H2O/m7/s at a PDF of 2000 pmol/m’/s with a mean overall value of 0.083 + 0.014 umol 
H2O/m?/s (Table 3). 


Table 3. Comparison of mean + one se for the maximum net photosynthetic rates (Amax), light level (PFD) 
at the A,,,x, and other photosynthetic parameters for Ptelea trifoliata, and Phaseolus texensis (a shade plant) 
and two known sun plants (one herbaceous and one woody) from central Texas are presented. Leaflets were 
growing on P. trifoliata plants found in the understory of a Juniperus ashei/Quercus fusiformis canopy at a 
light level of 203 + 111 wmol/m7?/s. 


Ptelea Phaseolus Heliotropium Juniperus 
Parameter trifoliata * texensis ** tenellium™*™* ashei**** 
Amax-max. photo. rate 12.72+0.51 5.99 + 0.17 34.96 + 4.43 9.42 + 0.85 
Light Level at Amax 2000 1000 2000 2000 
Lyar - Light saturation 334 + 42 155+19 591 +122 353 + 38 
L., - Light comp. point 10+1 0.10 + 0.00 38 +3 23 + 20 
R, - Dark respiration 0.38 + 0.29 0.24 + 0.14 2.63 + 0.38 1.8+40.2 
IS - Initial slope 0.039+ 0.006 0.038+0.007 0.07+0.01 0.046 + 0.026 
Lieas - Stomatal cond. 0.083+0.014 0.068+0.080 0.444 0.08 0.095 + 0.014 
Eveae-Transpiration 1.308+0.226 0.705+0.950 


*This study **Van Auken et al. (2020) ***Boeck and Van Auken (2017) ****Grunstra (2008) 
DISCUSSION 


Many characteristics of plants are determined by light levels present where a plant is growing 
(Boardman 1977; Holt 1995; Keddy 2017; Poorter et al. 2019). Wavelength, intensity, and duration are 
potentially important light characteristics that may determine leaf characteristics (Holt 1995; Poorter et al. 
2019). In the present study, sub canopy leaves of Ptelea trifoliata were examined to survey photosynthetic 
variables from mature plants found in shade below a Juniperus ashei canopy. No canopy P. trifoliata plants 
were found in these central Texas woodlands. Exposing sub canopy leaves to high light levels increased 
carbon uptake values to levels equivalent to associated trees in this area (/. ashei, Table 3). This was 
consistent with observations that P. trifoliata is a mid to late successional woodland or forest species and 
is similar to what has been shown for some other species (Bazzaz and Carlson 1982; Hull 2002; Grunstra 
2011; Van Auken and Bush 2013). 


Gas exchange rates of a number of species of trees, shrubs and herbaceous C3 and C4 species from 
central Texas glades, woodlands, and forests have been examined (Table 3; Van Auken and Bush 2013, 
2015; Van Auken 2018; Van Auken et al. 2020). Ptelea trifoliata Ama rates were higher than Juniperus 
ashei Amax rates which is currently the major canopy species in this area (Table 3; Grunstra 2011). This 
suggests that P. trifoliata could be a canopy species in these woodland communities in the future. Three 
herbaceous species had higher Ama, rates than P. trifoliata (Van Auken and Bush 2011; Boeck and Van 
Auken 2017) as did five C4 grasses measured in full sun (Wayne and Van Auken 2008, 2011) while three 
herbaceous C3 shade adapted species had lower Amax rates (Van Auken 2018). The sun species could 
overgrow P. trifoliata juveniles in full sun and the other woody plants would probably overgrow P. 
trifoliata juveniles in shade because of higher light compensation points (Table 1, Van Auken and Taylor 
2020). 
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It seems that P. trifoliata juveniles growing in shade have low photosynthetic rates when growing 
in shade equivalent to most sub canopy species, but in light gaps rates would increase to rates equivalent to 
the canopy leaves in full sun. This would be higher than most understory or sub-canopy plants allowing 
them to exceed growth of their neighbors (Hull 2002; Sefcik et al. 2006; Kim et al. 2015). However, this 
does not seem to happen. In eastern North American forests, P. trifoliata is a small, understory tree that 
does not seem to reach the canopy (USDA NCRS 2020). No information on the photosynthetic rates and 
other physiological leaf parameters of P. trifoliata were identified in the literature. I assume P. trifoliata is 
at least moderately shade tolerant, because of reports of its distribution in woodlands and forests 
communities (USDA NCRS 2020) and results reported here. Reasons for its ability to persist in these 
communities have not been explained, but potential slow growth of P. trifoliata suggests shade tolerance, 
as photosynthetic parameters are tied to growth rates (Coley et al. 1985; Larcher 2003; Sefcik 2006; Keddy 
2017; Van Auken et al. 2017; Poorter et al. 2019). 


Factors known to drive succession are temporal differences in resource availability especially soil 
resources and light levels (Tilman 1985; Van Auken and Bush 2013). Early successional species are shade 
intolerant requiring high light levels and low levels of soil nitrogen with late successional species being the 
reverse (Boardman 1977; Tilman 1985; Valladares and Niinements 2008; Van Auken and Bush 2013). As 
increasing canopy shade decreases available light at the surface, shade tolerant and higher soil nitrogen 
requiring species become more common (Tilman 1985; Bush and Van Auken 1986; Van Auken and Bush 
2013). Ptelea trifoliata juveniles may be able to increase their photosynthetic rates to take advantage of 
sunflecks and variable levels of soil nitrogen, but no data were found to demonstrate this (Pearcy 1988; 
Hull 2002; Kim et al. 2015) and no papers were found concerning their competitive abilities in sun or shade. 


Early successional species exhibit higher rates of photosynthesis, transpiration, and conductance 
than late successional species while late successional or climax community species are more likely to be 
shade tolerant and reach their light saturation points at much lower light levels (Horn 1975; Wayne and 
Van Auken 2008; Van Auken and Bush 2011, 2015; Nelson Dickerson and Van Auken 2017). In the current 
study, sub canopy leaves had low gas exchange rates when measured at low light levels, but when light 
levels were increased, gas exchange rates increased until they approach the Ama, of the overstory leaves. 
Early succession sites also have greater variability in abiotic conditions, and early successional plants 
frequently have greater plasticity in their adaptive responses than late successional species (Horn 1975; 
Hull 2002; Van Auken and Bush 2011, 2015). 


Transpiration rates (£) and stomatal conductance (g;) rates for P. trifoliata were light dependent 
with higher rates at higher levels of light. Dry surface soils suggesting low soil water levels did not seem 
to be a problem as indicated for other species, but this was not tested (Boardman 1977; Bsoul et al. 2007). 
Transpiration and stomatal conductance rates seemed to be consistent with values for shade tolerant species 
(Horn 1975; Boardman 1977; Bazzaz and Carlson 1982; Tilman 1985; Hull 2002; Valladares and 
Niinements 2008; Van Auken and Bush 2013). 


Plants with low photosynthetic rates may experience lower growth potential below the canopy and 
have difficulty getting through the canopy without a disturbance or mortality of canopy plants that could 
create a light gap or patch (McKinley and Van Auken 2005; Kain et al. 2011.).When this lowered growth 
potential is combined with possible browsing pressure on the target species, in this case P. trifoliata, the 
effect of light level can be stronger (Van Auken and Bush 2009; Leonard and Van Auken 2013). 


Community composition in central Texas woodlands seems affected by complex interaction of 
photosynthetic capacities and other factors including competition and preferential feeding of large 
herbivores. Many species in these central Texas communities that grow in high light cannot grow in deep 
shade below a closed canopy and the reverse seems to be true as well (McKinley and Van Auken 2005; 
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Wayne and Van Auken 2008; Furuya and Van Auken 2010; Grunstra 2011; Grunstra and Van Auken 
2015). 

Ptelea trifoliata plants in central Texas are relatively rare and appear to be outliers (Gehlbach 
1988; Leonard and Van Auken 2019; USDA NCRS 2020). Understanding that they are understory, sub 
canopy species or shade tolerant species was unknown until the present study. Management of these 
populations in the past has mostly been haphazard at best and dependent on the whims of owners of 
properties where this species occurs (Carpenter and Brandimarte 2014). Sensitivity to herbivory for many 
species in this area 1s not well demonstrated (Leonard and Van Auken 2013, 2019; Van Auken and Taylor 
2020) nor is competitive ability. What will happen to these species and populations in the future is uncertain 
and difficult to predict. With disruption of reproduction by herbivory, habitat loss or other factors, many 
species in central Texas will probably become extinct. What is the timeline of the potential expatriation of 
these isolated native species? This 1s uncertain at this time. It 1s hard to say because many individuals of 
these woody species can live for hundreds of years. In addition, death rates of adults are unknown and the 
rate of recruitment of juveniles into these populations is unknown. 
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ABSTRACT 


The varied habitats of South Florida (e.g. pine rocklands, prairies, coastal strands, and hammocks) 
harbor some exceptional biodiversity, including many endemics. Some plant taxa in South Florida can be 
difficult to distinguish from relatives, resulting in varying taxonomic opinions among authors with 
important conservation implications. Taxonomic concepts were revisited in five genera among three 
families: Asteraceae (Baccharis and Melanthera), Rubiaceae (Borreria and Chiococca), and Verbenaceae 
(Lantana). Based on field work and herbarium studies, Borreria terminalis, C. parvifolia, C. pinetorum, M. 
angustifolia, and M. parviflora are here recognized as species distinct from their more widespread relatives 
B. verticillata, C. alba, and M. nivea, contrasting with other treatments that have only recognized one 
species in each genus among these names. Lantana depressa 1s here restricted to the pine rockland species 
endemic to Miami-Dade County. The other native taxa previously considered varieties of L. depressa are 
segregated as a separate species with two varieties. Baccharis dioica is confirmed to be extirpated in the 
wild from Florida (and the USA) despite its occasional misapplication to plants in Florida and elsewhere. 
Lectotypes are designated for several names, especially in Chiococca. Published online 
www.phytologia.org Phytologia 103(2): 29-68 (June 21, 2021). ISSN 030319430. 


KEY WORDS: botany, Caribbean, coastal, herbarium, pine rocklands, prairies, typification 


The vascular plant species richness of South Florida (Charlotte, Glades, Martin cos. and south to 
the Florida Keys in Monroe Co.; Gann et al. 2020) is represented by about 1500 native species, of which 
approximately 270 species are not known elsewhere in the state. About half of Florida's endemic plants, 
about half of Florida's state endangered and threatened plants, and about one-third of Florida's federally 
listed plant species have been documented in South Florida (Gann et al. 2020; Wunderlin et al. 2020). The 
conservation status of the entire native flora has been assessed by The Institute for Regional Conservation 
(IRC) using Heritage/NatureServe criteria (Gann et al. 2002, 2020). 


The biota of extreme southern Florida (ca. south of 26.25°N; Bolter 2014: Fig. 1.3) 1s probably 
relatively young since this region may have been completely submerged ca. 120 Ka ago when the sea level 
was about 6 m higher than current levels. About 80 Ka ago sea levels were similar to present-day levels. 
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Freshwater terrestrial habitats have then probably been in fairly continuous existence in some form only for 
the past 80-100 Ka in extreme southern Florida (Dillon 1956; Petuch 1987; Gleason & Stone 1994; Emslie 
1998; Morgan 2002), while some local habitats may only be a few to several thousand years old (Willard 
et al. 2006; Willard & Bernhardt 2011). Consistent with this timeline, a clade of southern Florida haplotypes 
of the marsh rabbit Sy/vilagus palustris was estimated to have diversified in the last 19-104 Ka (node 4 in 
Tursi et al. 2012). Probably, the taxa endemic to extreme southern Florida (Appendix 1) speciated sometime 
in the last 100 Ka. About 2% of the vascular plant taxa of extreme southern Florida are locally endemic, a 
proportion similar to the single island/island group endemism rate of the Bahamas Archipelago (Freid et al. 
2014) and El Hierro of the Canary Islands (Steinbauer et al. 2012). 


During the last glacial maximum ca. 14 Ka ago, sea levels were ca. 120 m lower, expanding the 
terrestrial area of South Florida. Since 14 Ka ago, sea levels have been rising, decreasing the terrestrial area 
(Emslie 1998: 95; Knorr 2006; Zong 2015). As far back as 10 Ka ago, the presence of humans and the 
extinction of several mammal species appear to coincide in South Florida (Morgan 2002: 22), possibly 
causing extinction and extirpation of other taxa. In the past 100 years, anthropogenic activity has caused 
five vascular plant taxa endemic to South Florida to presumably become extinct (Gann et al. 2002, 2020; 
Knapp et al. 2020; NatureServe 2020; Appendix 2), and an additional 34 taxa not found elsewhere in Florida 
to be presumably recently extirpated from South Florida (Gann et al. 2020; Appendix 3). 


South Florida represents about 22.5% of the state’s total land area (excluding perennial open water) 
but contains about 36% of the resident human population (U.S. Census Bureau 1994, 2010, 2020) and a 
significant amount of agriculture (USDA 2019). Drastic landscape-level changes in the past 100—150 years 
have destroyed more than 80% of the pine rocklands of Miami-Dade County (Shaw 1975; URS Corporation 
Southern 2007), a globally imperiled ecosystem dependent on fire (FNAI 2010; WWE 2020). While fires 
may have historically occurred about every 2—15 years in pine rockland and other pyrogenic communities 
(Taylor 1981; Lockwood et al. 2003; Huffman 2006; Harley et al. 2012), since about the 1950s, fire 
frequency has significantly decreased in South Florida (Albritton 2009; Kocis 2012), causing further 
degradation of the pine rockland ecosystem. Both fire regime disruption and major changes to the local 
hydrology affect marl prairies (Willard & Holmes 1997; Willard et al. 2006; Hanan et al. 2010; Richards 
& Olivas 2020), which often border pine rocklands and share many of the same taxa (Olmsted et al. 1983). 
Coastal uplands have been dramatically transformed by anthropogenic development and sea level rise (Saha 
et al. 2011). Ecotones between these ecosystems and hammocks are also important habitat for many South 
Florida plants. 


To conserve and restore South Florida’s flora, an accurate understanding of its biodiversity 1s 
necessary, requiring a wealth of taxonomic effort and field work (Gann et al. 2002). In particular, we 
address the taxonomy among select species of five plant genera in three families in South Florida: 
Asteraceae (Baccharis L. and Melanthera Rohr), Rubiaceae (Borreria G.Mey and Chiococca P.Browne), 
and Verbenaceae (Lantana L.). We recognize the species Borreria terminalis (a Florida endemic), C. 
parvifolia, C. pinetorum, M. angustifolia, and M. parvifolia (a Florida endemic). Some prior treatments 
have considered these five species synonyms of the more widespread species B. verticillata, C. alba, and 
M. nivea in their respective genera. Species rank is proposed for the pine rockland endemic L. depressa, 
while together L. depressa var. floridana and L. depressa var. sanibelensis are segregated as a new species 
(L. sandersii) separate from L. depressa. Comments are provided concerning the genus Baccharis L., 
particularly B. dioica which is extirpated from Florida (and the USA) and commonly confused with B. 
halimifolia. Several lectotypes are designated. 


MATERIALS & METHODS 


Herbarium specimens were studied in person (FNPS, FTG, USF) or through digital resources (A, 
ARCH, BM, C, CONN, DUKE, DWC, F, FLAS, FSU, G, GA, GH, HAL, L, LY, M, MA, NCU, NY, P, 
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PH, US, VT, WVA). Herbarium acronyms follow Thiers (2020). Many specimens were consulted through 
the Southeast Regional Network of Expertise and Collections (sernecportal.org). Plants of some taxa were 
cultivated at the greenhouse of the Department of Biological Sciences, Florida International University or 
outdoors in Goulds, both in Miami-Dade Co., Florida. In addition to herbarium specimens and field 
observations, observations on iNaturalist.org were studied. 


TAXONOMIC TREATMENTS 
BACCHARIS (ASTERACEAE) 


Baccharis consists of about 400 species, predominantly of the neotropics. The genus is 
characterized by the usually dioecious plants, often gland-dotted leaves, discoid inflorescence heads, and 
pappus bristles often exserted beyond the phyllaries in fruit (Sundberg & Bogler 2006). 


Species can be somewhat challenging to identify in Florida, due to the heterogeneity of leaf blade 
shape, size, and margins. Within the continental USA, Baccharis dioica was known only from the Miami 
area in Florida, but that native population is clearly extirpated from both Florida and the continental USA. 
Despite this, the name B. dioica continues to be misapplied to plants of B. halimifolia. Part of the confusion 
could be due to morphological variation within B. halimifolia or alleged hybrids and admixtures of B. 
angustifolia and B. halimifolia (Sundberg & Bogler 2006). 


Key to Baccharis in Florida 


1. Leaf blades mostly linear and mostly entire, rarely narrowly elliptic or toothed, 1—-7(—11) mm wide... . 
ag Magee ae ita ae ah Ratreg ulbes Pk Py st eas Aa She Ges AIR fa et Gl Metred ds dk 2 Rata sot Ba Age Slee cel Cn mc B. angustifolia 


1. Leaf blades obovate, rhombic, to elliptic, entire to toothed, (7—)10—80 mm wide (some blades smaller, 
especially distal ones or on immature plants)... 0.0. eens 2 


2. Leaf blade entire or with sharply acute teeth, glands small and inconspicuous under magnification; 
synflorescence of sessile clusters subtended by normal-sized to slightly reduced leaves................ 
of ise teh aA diet blog Bon mins, ORT ho IG eo Bel oe Mee oe dy Se ee Mi mural Bac B. glomeruliflora 


2. Leaf blade entire or with bluntly acute to obtuse teeth, sometimes somewhat lobate, glands large and 
usually conspicuous under magnification (less so in older specimens); synflorescence in paniculiform or 
umbelliform arrays, the arrays pedunculate and not appearing sessile, the individual heads sometimes 
sessile along the leafless or bracteate central rachis of the paniculiform or umbelliform array.......... 3 


3. All leaf blades entire (marginal teeth extremely rare), the apex broadly subtruncate to subacute or 
mucronulate, fairly uniform in size and shape, typically only a few markedly reduced immediately below 
the inflorescence; synflorescence umbelliform; involucre obconic; phyllaries often with a light midvein that 
bisects the base of the darker medial band; pappus 3-6 mm long in fruit..................... B. dioica 


3. Usually at least some leaf blades toothed or lobed, rarely all entire, sometimes the distal ones especially 
entire, the apex narrowly acute to rounded, size and shape typically not uniform, the leaves typically 
gradually reduced in size towards the inflorescence; synflorescence paniculiform; involucre campanulate; 
phyllaries without a light midvein or rarely present at the base of the darker medial band; pappus (6.5—)7— 
12 ATM LOS iil Uta, ee $e We eh eee Wie wattle ete, Uc. ec 5 ee Mien er Ake cal. a B. halimifolia 
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Figure 1. Baccharis. A. Lectotype of Baccharis dioica (Reproduced with permission of the Natural History Museum 
of Denmark). B. B. halimifolia (Lakela 30376, Collier Co., USF), originally misidentified as B. dioica. C—D. Plant of 
B. angustifolia at Matheson Hammock, Miami-Dade Co. with some toothed, wide leaves on a sterile shoot (photos by 
A.R. Franck). 
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Baccharis angustifolia Michx., F|. Bor.-Amer. 2: 125. 1803. Lectotype (designated here): USA, Carolina 
to Florida, Michaux s.n. (lectotype, P00755433; isolectotype, PO0755434). 


Native to the southeastern USA and the Bahamas, this species is primarily found in coastal habitats. 
Its leaves are usually linear and entire with few to no glands, but infrequently they are toothed or densely 
glandular (e.g. Martin Co., Popenoe 1580, FTG). Its inflorescence head (with ca. 15—20 flowers) tends to 
be smaller than the other species in Florida. It probably hybridizes with B. halimifolia (Sundberg & Bogler 
2006), and a few specimens have been identified as such hybrids (Miami-Dade Co., Correll & Correll 
40247, FTG; Miami-Dade Co., Franck 5048, FTG; and Levy Co., Judd et al. 8374, FLAS). 


Below are cited several specimens with one or more toothed leaves (Fig. 1C—D), which all appear 
to be identifiable as B. angustifolia. The presence of toothed and sometimes narrowly elliptic leaves in B. 
angustifolia seems to approach B. halimifolia (Fig. 1). It is unclear what extent of hybridization or 
introgression may be occurring between B. angustifolia and B. halimifolia. 


Specimens of B. angustifolia with one or more toothed leaves. BAHAMAS. New Providence, Fort 
Montagne, 23 Aug 1904, Britton & Brace 172 (NY); New Providence, Lake Cunningham, 30 Apr 1941, 
Peggs s.n. (FLAS). USA. Florida. Citrus Co.: W of Ozello, 18 Mar 1990, Hansen et al. 6890 (USF). Lee 
Co.: last rest stop on I-75, 18 Oct 1986, Southerland s.n. (USF); Lower Captiva Island, 30 Jan 1969, 
Brumbach 6604 (FTG). Levy Co.: Cedar Key Airport, 1 Mar 1994, Loconte & Walker 892 (FTG). Miami- 
Dade Co.: Elliott Key, 24 Jul 1959, Ward & Ward 1596 (FLAS). Monroe Co.: Cudjoe Key, 20 Oct 1985, 
Hansen et al. 10648 (USF); North Key Largo, 3 Jun 1981, Zerba s.n. (FLAS); Key Largo, 12 Jan 1941, 
Woodbury s.n. (FTG). Volusia Co.: Tomoka State Park, 22 Oct 2005, Kunzer 1170 (FTG, USF). 


Baccharis dioica Vahl, Symb. Bot. 3: 98. 1794. Lectotype (designated here): Montserrat, Rohr s.n. 
(lectotype, C1006974 [pistillate]; isolectotypes, C1006973 [staminate], GHO00003896, L0065805, 
PH00042343). 


Baccharis dioica (Fig. 1A) 1s native to the West Indies, Mexico, and Florida (Sundberg & Bogler 
2006). It is extirpated in the wild in Florida (Gann et al. 2002, 2020), but it can be found in cultivation in 
Florida, presumably sourced from populations in the Caribbean islands. It was previously only known from 
the Brickell Hammock area near present-day downtown Miami, where it may have been somewhat common 
given that 24 herbarium sheets exist from six separate collections, first collected in Mar 1904 (Small 1905) 
and the last in 1915. 


In 1895, Miami’s population was around 200-300. In 1896, John Sewell was quoted as saying “I 
found Miami all woods” and shortly thereafter the Ist train arrived in Miami (Carson 1956). In 1900, the 
population was around 1,500, by 1910 it was about 5,000, and in 1920 it nearly reached 30,000 (Tweed 
1995). By 1931-1932, the Brickell Hammock was already noted as a “relict”, most of it “cleared or fenced 
in by big estates” (Young 1968; see also Small 1918 and Broun 1936). It is likely then that B. dioica had 
been extirpated from Florida by the 1930s, nearly coinciding with the sympatric extinction of Tephrosia 
angustissima Shuttlew. ex Chapm. var. angustissima (Robinson 1899; Gann et al. 2002). The Brickell 
Hammock area also supports the only known extant Florida locations for Licaria triandra (Sw.)Kosterm. 
and Tropidia polystachya (Sw.)Ames (Hammer 1997; Gann et al. 2002). 


The name Baccharis dioica has continuously been misapplied to specimens of B. halimifolia (Fig. 
1B; Lance 2004), or possibly hybrids of B. angustifolia and B. halimifolia. The leaf blades of B. dioica are 
often rather uniform in shape, obovate-spatulate with a subtruncate to broadly rounded apex. The leaf blades 
are also nearly uniform in size on a plant, often with only a few reduced in size below the inflorescence. 
The involucre is obconic and the pappi of the cypselae are 3-6 mm long. These characters help to 
distinguish B. dioica from the other species. 
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In the protologue, Vahl cited specimens of Julius Philipp Benjamin von Rohr and John Ryan. Two 
specimens attributed to Rohr reside at the C herbarium. One is a pistillate plant and the other is a staminate 
plant. They can be considered part of one gathering (Deng 2016; Art. 8.2). They are here lectotypified. 
These specimens have precedence over the protologue’s cited illustration (Art. 9.12) which was taken by 
Howard (1989) to be the type. 


Representative specimens examined. BAHAMAS. Abaco, 21 Dec 2005, Freid 05-030 (FTG); Andros, 
Mangrove Cay, 8 May 1973, Popenoe 203 (FTG); Cat Island, Dumphries, 20 Oct 1999, Richey 99-963 
(FTG); Cat Island, north of Stevenson, 21 Nov 1975, Correll 46152 (FTG); Eleuthera, The Current, 21 Dec 
1969, Lewis 7421 (FTG). CAYMAN ISLANDS. Little Cayman, 30 Aug 2003, Strittmatter & Mulligan 
115 (FTG). JAMAICA. St. Ann Parish, 1.5 mi. W of Runaway Bay, 1 Aug 1976, Proctor 36366 (FTG). 
USA. Florida. Miami-Dade Co.: rocks, shore of bay, south of Miami, 19 Mar 1904, Britton 72 (F, NY); 
hammocks, Miami, 5—21 May 1904, Small & Wilson 1651 (NY); Brickell Hammock, near Miami, 24 Oct- 
26 Nov 1906, Small & Carter 2751 (CONN, NY); ibid., Feb 1911, Small et al. 3286 (FTG, GH, NY, TENN, 
US); ibid., 26 Nov—20 Dec 1913, Small & Small 4838 (DUKE, FTG, FLAS, GH [2 sheets], S, U, US [2 
sheets], WVA [2 sheets]); ibid., 19 Feb—22 Mar 1915, Small 5449 (FTG, NY, S). 


Baccharis halimifolia L., Sp. Pl. 2: 860. 1753. Lectotype (designated by Reveal 1993): Virginia, LINN 
992.4 (lectotype, LINN). 


Baccharis halimifolia is native to the southeastern and eastern USA, West Indies, and Mexico 
(Sundberg & Bogler 2006). It is a rather common shrub in Florida. Plants usually have relatively larger leaf 
blades with coarse teeth, being sometimes somewhat lobate. The leaf blades leading to the inflorescence 
are reduced in size and can often be entire and narrowly elliptic-obovate. The involucre is campanulate and 
pappus bristles of mature fruits are 8—12 mm long. 


It is not uncommon for herbarium specimens to exhibit mostly or only entire leaf blades, but it is 
often unclear if toothed leaves might have been present on more basal portions of these plants. Several of 
these specimens have been misidentified as B. dioica (Fig. 1B). Most of these misidentified specimens are 
from coastal habitats along the gulf coast of Florida, and some are of a short stature (ca. 1 m or less tall). 
Perhaps, these specimens have a history of hybridization with B. angustifolia, a species generally restricted 
to coastal habitats. 


Below are cited several specimens of B. halimifolia that were misidentified as B. dioica. Further 
research would be useful to reveal if these fit within the variation of B. halimifolia, bear some taxonomic 
consideration, and if these are evidence of hybridization occurring with B. angustifolia. 


Specimens of B. halimifolia misidentified as B. dioica. USA. Florida. Collier Co.: Marco Island, 14 Mar 
1964, Brass 33188 (ARCH); ibid., 23 Oct 1964, Lakela & Brass 27755 (FLAS, NY, USF); ibid., colonies 
less than | m high, 23 Oct 1964, Brass 33368 (ARCH); ibid., 22 Nov 1966, Lakela 30369 (USF); ibid., 22 
Nov 1966, Lakela 30376 (FLAS, FTG, NY, USF). Hillsborough Co.: Double Branch River, E side of 
bridge, FL 580, 24 Dec 1962, Lakela 25609 (USF); ibid., 1 Mar 1964, Lakela 26865 (GH). Lee Co.: near 
NW end of Sanibel Island, 29 Dec 1953, Thorne 13846 (NCSC); Sanibel Island, 21 Feb 1954, Cooley 2513 
(USF); western Sanibel Island, 23 Dec 1969, Brumbach 7020 (FTG). Okaloosa Co.: Fort Walton Beach, 
11 Aug 1954, Ford 4037 (FLAS); near Wynnhaven Beach, 25 Oct 1964, Burch 471] (FLAS, USF). Pinellas 
Co.: Boca Ciega Bay, 29 Dec 1939, shrub 3 ft. high, Uhler s.n. (NCSC); New Port Richey, 3 Jan 1970, 
Genelle & Fleming s.n. (USF); ibid., 1 Feb 1970, Genelle & Fleming 50 (USF). 


Phytologia (June 21, 2021) 103(2) 35 


MELANTHERA (ASTERACEAE) 


Melanthera Rohr consists of herbs to subshrubs with opposite leaves, lacking ray florets, with white 
disc corollas, and 4-angled obpyramidal cypselae (Parks 2006). Plants of Melanthera can be an important 
source of nectar for insects in Florida, such as the federally endangered Cyclargus thomasi bethunbakeri 
(Cannon et al. 2010). In South Florida, Small (1913: 1251, 1372, 1933: 1419) recognized five species (Mz. 
angustifolia, M. deltoidea Small, M. ligulata Small, M. parvifolia, and M. radiata Small), while his M. 
hastata DC. occurred north of South Florida. Parks (1973) recognized M. angustifolia, M. aspera 
(Jacq.)Steud. ex Small (2 varieties), M. ligulata, and M. parvifolia for South Florida. Parks (2006) later 
revised this into three species for South Florida (MZ angustifolia, M. nivea, and M. parvifolia), while 
Wunderlin (1998) recognized only one widely delimited species, M. nivea. 


Parks (1973) indicated that “vigorous F1 offspring were recovered from all interspecific crosses 
and many of these were grown to flower. As the potential for interbreeding exists among all species, 
ecological differences appear to be most important in maintaining the identity of Melanthera taxa in 
nature.” Parks (1973) also discussed cases of intergradation between taxa in situ and annotated some 
herbarium specimens with similar such judgements. Nonetheless, we concur with the species concepts of 
Parks (2006) and find it important to recognize three species in South Florida, given the ecological and 
morphological differences (Figs. 2—5). Plants of M. nivea with provenance from Orange Co. and a plant of 
M. parvifolia from Miami-Dade Co. were both cultivated in Goulds, Miami-Dade Co. and maintained their 
stark differences. From our field observations, we generally find the species distinguishable, but it is unclear 
how often or to what extent the three taxa might intergrade, given the observations by Parks (1973). 
Fragmentary specimens consisting of only the upper portion of the plants can be more difficult to identify. 


Key to Melanthera in Florida 


1. Fertile plants 0.5—2.2 m tall; main stems (2—)4—15 mm wide at the base of the plant; petiole (2—)5—40 
mm long; larger leaf blades (2.5—)4—12 cm wide; inflorescence head 0.8-3.2 cm wide with 30—100 florets; 
larger phyllaries (2.5—)3—4 mm wide; corollas 7-9 mm long.............0.0.0 0000 cee M. nivea 


1. Fertile plants 0.2—1 m tall; main stems 2—5(—7) mm wide at the base of plant; petiole 0-5 mm long; larger 
leaf blades 0.54 cm wide; inflorescence head 0.6—1.8 cm wide with 18—75 florets; larger phyllaries 1.5—3 
mm wide; corollas 4.5—6.5 mm long... 2.0... ee eee een 2 


2. Leaf blades linear to elliptic (lower ones sometimes broadly elliptic or rarely all short and broadly 
elliptic), unlobed or scarcely lobed, usually 5—13 times long as wide; peduncles (2—)5—20 cm long; 
phyllaries 4—5.5 mm long; paleae 4-5 mm long..............0. 00.0000 eee M. angustifolia 


2. Leaf blades ovate to 3-lobed, rarely elliptic, 1—4 times long as wide; peduncles 2.5—10 cm long; phyllaries 
45—/ mm long: paleae 5.5—7 mm long... 0... ee ao a a ee ee a M. parvifolia 


Melanthera angustifolia A. Rich. in Sagra, Hist. Fis. Cuba, Bot. 11: 54. 1850. Lectotype (designated by 
Parks 1973): Cuba, Isla de Pinos, de la Sagra s.n. (lectotype, P02140219). 


This species is found in Florida, Cuba, Hispaniola, Mexico, and Central America. In Florida, it is 
typically found in pyrogenic, seasonally flooded prairies and occasionally in wetter pine rocklands (Fig. 2C 
and Fig. 3). North of Collier and Broward counties, // angustifolia is found in a variety of prairie and 
pineland habitats. It is ranked as rare in South Florida by IRC (Gann et al. 2020). The species is 
characterized by its linear to elliptic leaf blades and sparse growth habit. In the Everglades region, it may 
intergrade with M. parvifolia according to Parks (1973; e.g. Lakela 27442). Two rather odd plants with 
short, somewhat broadly elliptic leaf blades are tentatively placed here, but perhaps they are hybrids with 
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M. nivea (1.e. Bridges et al. 24196 and Campbell & Dickman 973). Many of the specimens under the name 
M. ligulata (Parks 1973) seem best placed with M. angustifolia. 


Representative specimens examined. USA. Florida. Broward Co.: Hillsboro Pineland, 17 Mar 1998, Gann 
et al. 55 (FTG); Crescent Trail Natural Area, 2 Apr 2019, Lange & Angelo 111 (USF); Ft. Lauderdale, 29 
Mar 1897, Curtiss 5846 (FLAS). Charlotte Co.: Peace River Preserve, 2 Oct 2011, Franck 2860 (USF). 
Collier Co.: along Tamiami Trail W of Oasis gas station, 30 May 1977, Correll et al. 48644 (FTG); E of 
Monroe Station, 4 Mar 1967, Lakela 30656 (USF); Big Cypress, 23 Aug 2012, Strong 4128 (USF); W of 
Immokalee, 25 Sep 1964, Lakela 27442 (USF). Hernando Co.: Chinsegut Hill, 3 Sep 1959, Ray Jr. 9384 
(USF). Hillsborough Co.: Cypress Creek Preserve, 10 Oct 2016, Campbell 437 (USF); Double Branch Bay 
Preserve, 2 Nov 2017, Campbell & Dickman 973 (USF). Lee Co.: ca. 9 air mi. NE of Bonita Springs, 28 
Nov 1995, Bridges et al. 24196 (FTG); Caloosahatchee Creeks Preserve, 3 Aug 2006, Woodmansee & 
Green 1909 (FTG). Miami-Dade Co.: 8 mi. WSW of Homestead General Airport, 1 Feb 1975, Correll et 
al. 44251 (FTG); Everglades National Park, near fire tower SW of road to Anhinga Trail, 29 Dec 1973, 
Correll & Long 40969 (FTG). Monroe Co.: Big Cypress National Preserve, 15 Feb 1978, Avery et al. 1820 
(FTG); 10 mi. SSW of Monroe Station, 13 Mar 1992, Reveal et al. 7240 (USF). Okeechobee Co.: ca. 11.8 
air mi. W of Fort Drum, 21 Oct 1994, Orzell & Bridges 23365 (FTG, USF). Palm Beach Co.: NW of 
Loxahatchee on route 98, 26 Aug 1966, Parks 90 (FTG); NW of Loxahatchee, 3 Sep 1957, Kral 5642 
(FSU). Pasco Co.: 0.3 mi. W of Zephyrhills, 14 Oct 1979, Sauleda 3082 (USF). Polk Co.: 4.5 mi. E of 
Haines City, 1 Nov 1963, Conard s.n. (GA). Sarasota Co.: Churchill Ranch, 23 Aug 2007, Franck 329 
(USF). 


Melanthera nivea (L.)Small, Fl. S.E. U.S. 1251, 1340. 1903. Bidens laevis L., Sp. Pl. 2: 833. 1753. 
Lectotype (designated by Parks 1973): Dillenius, Hort. Eltham. tab. 47, fig. 55, Bidens scabra flore 
niveo, folio trilobato. 1732. 


Melanthera nivea is primarily found throughout Caribbean Basin, but it also ranges as far north as 
Illinois and Kentucky in the USA (Parks 1973, 2006) and as far south as Brazil (GBIF 2020b). In South 
Florida, it is most commonly found in coastal thickets and open areas, including disturbed sites. Compared 
to the other two species in Florida, MM. nivea is typically a taller, erect plant with larger leaves, larger 
inflorescence heads, and larger corollas (Figs. 2A—B and 4). 


This concept of M. nivea follows Parks (2006), which includes in synonymy two species previously 
recognized by Parks (1973), M. aspera and M. ligulata. Parks (1973) restricted M. nivea. s.str. to central 
Florida and northward, excluding it from South Florida. Melanthera aspera was applied to plants mainly 
of coastal habitats, while M. ligulata was used for plants in interior habits of South Florida by Parks (1973). 
Parks (2006) concluded that these entities were better treated as one species given field observations of 
intermediate plants and crossing experiments. Many of the specimens of M. ligulata (Parks 1973) appear 
identifiable as M. angustifolia, though Parks (2006) listed M. ligulata as a synonym of M. nivea. The type 
of M. ligulata (Small & Wilson 1775, NY) 1s rather robust like M nivea but has mostly linear blades like 
M. angustifolia. 


Representative specimens examined. BAHAMAS. Eleuthera, 14 May 1975, Correll & Hill 45064 (FTG); 
Long Island, 26 Apr 1975, Correll 44868 (FTG); San Salvador Island, 2 Jan 1970, Gillis 8826 (FTG). USA. 
Florida. Collier Co.: Marco Island, 14 Mar 1964, Brass 33196 (USF). Lee Co.: Sanibel Island, 17 Feb 
1967, Cooley 11842 (USF). Miami-Dade Co.: Key Biscayne, 15 Mar 1969, Gillis 7674 (FTG). Monroe 
Co.: Bush Key, 17 Jan 1991, Imhof 12 (USF). Putnam Co.: Deep Creek, 7 Nov 1990, Orzell & Bridges 
15720 (FTG). Sarasota Co.: Longboat Key, 29 Aug 1966, Parks 125 (FTG). Volusia Co.: Tomoka State 
Park, 22 Oct 2005, Kunzer 1164 (FTG). Wakulla Co.: W side of Newport, 30 Aug 1966, Parks 135 (FTG); 
ca. 3 mi. S of Sopchoppy, 5 Jul 1979, Hansen & Richardson 5829 (USF). 
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Figure 2. Habit of three species of Melanthera. A. M. nivea, Orange Co. B. M. nivea, Russell Key (ca. 7 km WSW of 
Everglades City), Collier Co. (photo by J. Sadle). C. M angustifolia, Long Pine Key, Miami-Dade Co. D. M. 
parvifolia, cultivated (with meter stick), with the main stems mostly spreading-ascending but being propped up by the 
edges of the container, provenance from Goulds, Miami-Dade Co. A, C, and D photos by A.R. Franck. 
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Melanthera parvifolia Small, F1. S.E. U.S. 1251, 1340. 1903. Type. USA, Florida. Monroe Co., Pine Key, 
Blodgett s.n. (holotype, NY00215046; isotype, GHO0010087). 


This Florida endemic is characterized by its short stature and relatively small, ovate leaf blades 
(Figs. 1D and 5). Plants are often sprawling with ascending to procumbent stems. The species generally 
prefers drier habitats than M. angustifolia. Melanthera parvifolia is mostly restricted to pine rocklands of 
Collier, Miami-Dade, and Monroe Cos., although a Broward County specimen (Small & Small 4441) 
presumably outside of pine rockland habitat was identified as this species. According to Parks (1973), it 
may intergrade with M. angustifolia in parts of the Everglades (e.g. Long 1731). Melanthera parvifolia 1s 
ranked as rare in South Florida by IRC (Gann et al. 2020). 


Representative specimens examined. USA. Florida. Broward Co.: near the South New River Canal, 11-25 
Nov 1913, Small & Small 4441 (NY). Collier Co.: Big Cypress National Preserve, Platt Island, 23 Jun 2004, 
Woodmansee & Sadle 1489 (FNPS). Miami-Dade Co.: corner of SW 57th Court and SW 116th St., 20 Oct 
1967, Barrick 49 (FTG); W of Old Cutler Road just S of Cutler Hammock, 15 Sep 1973, Correll & Correll 
40044 (FTG); back of Fairchild Gardens Research Center, 18 Sep 1970s, Brackman 13 (FTG); Long Pine 
Key, 11 Oct 1962, Cooley et al. 9189 (USF). Monroe Co.: near Miles City, 21-24 Oct 1965, Long 1731 
(USF); Big Pine Key, 27 Sep 1999, Koptur et al. 882 (FTG); Big Pine Key, 10 Nov 1999, Koptur et al. 881 
(FTG); Big Pine Key, Aug 1999, Liu 403 (FTG). 
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Figure 3. Melanthera angustifolia, with right side of ruler metric with the finer increments being 0.5 mm (photos by 
A. Farid). A—C. Inflorescence and flowers of Jennings & Jennings s.n (Dec 1929), Miami-Dade Co. D. Cypselae of 
Cooley et al. 9171, Monroe Co. 
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Figure 4. Melanthera nivea, Orange Co., with 
ruler in mm increments (photos by A.R. Franck). 
A. View of the outer phyllaries. B. Longitudinal 
section of the inflorescence. C, E. Cypselae. D. 
Individual flowers. 


GETS 
. ; 
Wun 
‘ge r vl 
’ : | 
‘ ‘ ) 


f hd I IT } ; 4 il Figure 5. Melanthera parvifolia, Goulds, Miami- 
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= Dade Co., with ruler in mm increments (photos by 
A.R. Franck). A. Longitudinal section of the 
inflorescence. B, D. View of the outer phyllaries. 


E. Individual flowers. C, F. Cypselae. 
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BORRERIA (RUBIACEAE) 


Borreria s.str. is composed of herbs characterized by exserted stamens and styles, fruits with both 
mericarps dehiscent, and smooth, foveolate, or fissured seeds with a ventral longitudinal groove (Rogers 
2005; Miguel & Cabral 2013; Wiersema et al. 2017). A DNA phylogeny based on ITS and ETS supports 
the recognition of Borreria as a genus distinct from the Spermacoce latifolia Aubl. clade and the clade of 
Spermacoce L. s.str. (Florentin et al. 2017). In Spermacoce s.str. the stamens and styles are included, the 
fruits indehiscent or dehiscent in only one mericarp, and the seeds ventrally flat (Miguel & Cabral 2013). 
The S. latifolia clade is similar to Borreria s.str., except that in the S. /atifolia clade the seeds are densely 
papillose (Sobrado & Cabral 2015; Wiersema et al. 2017). 


Borreria terminalis has been considered an endemic species restricted to South Florida (Herndon 
1987; Kartesz & Gandhi 1992; Wunderlin et al. 2018) or synonymized with B. verticillata (Wunderlin 
1979). Borreria terminalis is undoubtedly a species distinct from B. verticillata. We present a revised key 
with additional morphological characters to separate B. terminalis from B. verticillata (Fig. 6). Erroneously 
placing the southern Florida endemic taxon B. terminalis into synonymy under the introduced B. verticillata 
and viewing the combined entity as nonnative is particularly troublesome as it could lead to land managers 
unwittingly exterminating the endemic B. terminalis, further confounding conservation efforts. 


Key to Borreria terminalis and B. verticillata 


1. Stems and branches many from the base of the plant; deltoid prickles (0.1—0.5 mm long) along leaf blade 
midvein usually absent or 1—2 at the blade base; terminal inflorescence typically with 15—30 flowers; base 
of calyx ca. 1 mm wide; corolla tube 1.25—2.5 mm long; corolla limb (2.2—)2.5-4.5 mm wide; corolla lobe 
ca. 1.5 mm wide at base, ca. 2 mm long; stamen exserted to 1.5—2 mm beyond tube apex (base of lobe); 
anthers 0.5—1 mm long; ovary (1.4)2—3.5 mm long, 1.0 mm wide; fruit (including persistent calyx lobe) 
LOS TTI OMG ier she sash ra Meer Reg, Paces secs, Me Sag E's ARE eR cee EE Ng AO cat B. terminalis 


1. Stems single or many (especially when mowed) from the base of the plant, typically few to unbranched 
in the basal 2 of the plant; deltoid prickles (0.1—0.5 mm long) along leaf blade midvein present throughout 
the blade; terminal inflorescence typically with 30—115 flowers; base of calyx ca. 0.5 mm wide; corolla 
tube 0.6—1.0 mm long; corolla limb 1.3—2.2 mm wide; corolla lobe ca. 1 mm wide at base, < 1.5 mm long; 
stamens exserted to 1.5 mm beyond tube apex (base of lobe); anthers <0.6 mm long; ovary 1—2 mm long, 
0.7 mm wide; fruit (including persistent calyx lobe) 2—2.5 mm long....................... B. verticillata 


Borreria terminalis Small, Bull. Torrey Bot. Club 51: 387. 1924. Spermacoce terminalis (Small) Kartesz 
& Gandhi, Brittonia 44: 370. 1992, nom. illeg. (non S. terminalis Vell. 1829). Spermacoce 
neoterminalis Govaerts, World Checkl. Seed PI. 2: 18. 1996. Lectotype (designated by Kartesz & 
Gandhi 1992): USA, Florida, Miami-Dade Co., pinelands about Ross Hammock, 23 Jun 1915, 
Small et al. 6502 (NY00130910). 


=Borreria podocephala DC. var. pumila Chapm., Fl. South. U.S. 175. 1860. Lectotype (designated here): 
USA, Florida, Monroe Co., woods, Pine Key, Blodgett s.n. (NY03492751). 


Borreria terminalis 1s endemic to South Florida and restricted to pyrogenic habitats, primarily pine 
rocklands and marl prairie. It is ranked as imperiled in South Florida by IRC (Gann et al. 2020). Its flowers 
are a source of nectar for insects, including the federally endangered Strymon acis bartrami (Salvato & 
Salvato 2008). 


The earliest collection of B. terminalis in Florida may be that of Blodgett, who resided in Key West 
from 1838—1853 (Wunderlin et al. 2000). From this Blodgett specimen, Chapman was perhaps the first to 
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recognize this endemic taxon under the name B. podocephala var. pumila, which only has priority at the 
varietal rank and is blocked at the species rank by B. pumila DC.; consequently, Small’s name B. terminalis 
is adopted at the species rank. Steyermark (1972) considered B. podocephala DC. a synonym of B. 
verticillata, but did not include B. terminalis nor B. podocephala var. pumila in synonymy. 


The flowers and fruits of B. terminalis are consistently larger than those of B. verticillata (Fig. 6). 
There are typically several somewhat lax stems and branches arising at the base of plants of B. terminalis, 
even in cultivation. Borreria terminalis is restricted to relatively undegraded pinelands and prairies, while 
B. verticillata is found primarily in degraded habitats. These features are reliable for identifying B. 
terminalis in South Florida. The leaf blades of B. verticillata are variable and sometimes linear like the 
blades of B. terminalis. 
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Figure 6. Side-by-side comparison of Borreria terminalis and B. verticillata, provenance both from Goulds, Miami- 
Dade Co., with meter stick in mm increments (photos by A.R. Franck). A. Inflorescence. B. Section of inflorescence. 
C. Dehisced fruits. D—F. Individual flowers. G. Leaves and stem. H. Habit, both rooted in the same pot. 


Some preliminary microscopic examinations suggest other potentially reliable differences. In a 
cross-section of fresh leaf material from the Everglades, the blades of B. terminalis were rather succulent, 
about two times thicker than those of B. verticillata. Abundant raphides were present in B. terminalis but 
unapparent in B. verticillata. The epidermal cells of the blade surfaces of B. terminalis were relatively large 
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and created a smooth to coarsely sinuous margin while those in B. verticillata were smaller and created a 
finely crenate to smooth margin (Fig. 7). 


Figure 7. Transverse 
section of leaf blades of 
Borreria from Long Pine 
Key, Everglades National 
Park, Miami-Dade Co., 
collected on the same day. 
A. Borreria terminalis 
from a wet pine rockland, 
Long Pine Key, the black 
arrow indicating a clump 
of raphides. B. Borreria 
verticillata from a parking 
lot, ca. 3 km WSW of the 
B. terminalis collection. 


A. B 


There 1s no evidence that B. terminalis is interfertile with B. verticillata. As far as is known, their 
ploidy levels differ (Herndon 1987). Borreria terminalis is a hexaploid (2n=84) based on a Collier Co. 
specimen, Godfrey & Reinert 61001 (Lewis 1962). We have observed numerous areas where the two 
species are sympatric, with B. verticillata being present because of significant substrate disturbance. Never 
is there the appearance of plants intermediate between the two, as specimens and plants always fit clearly 
into one of the species. 


Representative specimens examined. USA. Florida. Collier Co.: 6 m1. W of Miles City, 14 Jan 1946, Brass 
15879 (ARCH, US); Alligator Alley, 30 May 1979, Black & Black 384 (FTG); Big Cypress National 
Preserve, 10 Feb 1999, McCartney Jr. 60 (FTG); along Route 839, E of Jerome, 12 May 1981, Correll et 
al. 51768 (FTG); Miles City Prairie, 9 May 1990, Orzell & Bridges 13426 (FTG); South Fla 846, E of 
Cocohatchee River, 29 Jul 1967, Lakela 30906 (FTG); 10 m1. N of Jerome, 10 Jun 1961, Godfrey & Reinert 
61001 (FLAS, US); Big Cypress, 30 May 2016, Burch 2940 (USF). Hendry Co.: Indian Reservation, 15 
Jan 1942, Davis s.n. (FLAS). Miami-Dade Co.: Miami, Jun-Jul 1877, Garber s.n. (FLAS, US); Long Pine 
Key, 6 Nov 1983, Herndon 964 (FTG); road leading to Long Pine Key Camp, 23 Mar 1985, Seavey & 
Seavey 54 (FTG); entrance to Everglades National Park along US 27, 23 Oct 1983, Herndon 949; Coral 
Gables, 3 May 1935, Buswell s.n. (FTG); Costello [Castellow] Hammock, 28 Feb 1920, Young 245 (US); 
Miami, 9 May 1904, Tracy 9248a (US); Miami, Jun-Jul 1877, Garber s.n. (US); between Everglades and 
Biscayne Bay, Jun 1880, Curtiss 1114 (US); W of Coconut Grove, 15 May 1918, Small 8798 (NY); Hole- 
in-the-Doughnut, 14 Mar 1974, Willson s.n. (USF); Hole-in-the-Doughnut, 29 Dec 1973, Long & 
Wunderlin 4095 (USF). Monroe Co.: Big Pine Key, 8 Feb 1977, Correll & Popenoe 48080 (FTG); Big Pine 
Key, 21 Feb 1936, Killip 31544 (US); Big Pine Key, 18 May 1963, Gilbert s.n. (USF); Big Pine Key, 3 Oct 
1962, Craighead s.n. (USF). 


Borreria verticillata (L.) G. Mey, Prim. Fl. Esseq. 83. 1818. Spermacoce verticillata L., Sp. Pl. 1: 102. 
1753. Lectotype (designated by Rendle J. Bot. 72 1934: 331): "Spermacoce verticillis globosis" in 
Dillenius, Hort. Eltham., 2: 369, t. 277, f. 358, 1732. 
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Borreria verticillata is a weedy and sometimes invasive species (FLEPPC 2019) found throughout 
the Neotropics and western Africa, and apparently is further spreading into the Paleotropics (GBIF 2020a). 
It is not native to Florida. The earliest introduction in Florida appears to be centered around Martin Co. in 
1950 (e.g. Brass 21156), and it has since spread as a weed nearly throughout peninsular Florida and in parts 
of the panhandle. The species is diploid, 2n=28 (Lewis et al. 1967; Borgen 1980; Corréa & Forni-Martins 
2004). Since B. verticillata 1s clearly non-native, diploid, and morphologically distinct from B. terminalis 
in Florida, it is illogical to consider it synonymous with B. terminalis. 


Representative specimens examined. USA. Florida. Highlands Co.: Archbold Biological Station, 25 May 
1965, Herndon 1216 (FTG). Lee Co.: Six Mile Cypress Preserve, 15 Aug 1997, Bradley & Woodmansee 
52] (FTG). Martin Co.: Hobe Sound, 23 Dec 1950, Brass 21156A (ARCH); N of Port Salerno, 4 May 1962, 
Lakela 25033 (FTG, USF); Jupiter Island [possibly in Martin or Palm Beach Co.], 28 Jul 1956, Cooley et 
al. 4912 (USF); S of Salerno, 21 Apr 1962, Lakela 24977 (USF). Miami-Dade Co.: Florida International 
University, Tamiami Campus, 21 Feb 1983, Herndon 681 (FTG); SW 160 St., 108 Ave, 2 Mar 1980, 
Herndon 327 (FTG); SW 120th Ave. and SW 232nd Street, 1 Jan 2015, Franck & Alexander 3689 (USF). 
Monroe Co.: Big Pine Key, 8 Sep 1981, Brumbach 9730 (USF). Osceola Co.: Cyrils Drive, 19 Mar 2015, 
Longbottom & Williams 22206 (USF). Palm Beach Co.: 28 Jul 1984, Herndon 1091 (FTG). 


CHIOCOCCA (RUBIACEAE) 


The genus Chiococca consists of shrubs, subshrubs, or vines with valvate corolla lobes, stamens 
inserted near the base of the corolla tube, a 2—3-locular ovary with one pendulous and apically attached 
ovule per locule, and white drupes (Moore & Rendle 1936; Rogers 2005). Birds are probably important 
consumers of the fruits and dispersers of the seeds (Carlo & Morales 2016). The taxonomic diversity of 
Chiococca can be difficult to assess due to the paucity of discrete characters to separate taxa (Standley 
1934; Lorence 2012). 


In Florida, there are three species of Chiococca (Figs. 8—10). The growth form, plant size, color of 
the bark, and the size of the larger leaves are reliable characters for identification. The most common species 
is C. alba, which develops relatively thick, rigid trunks with light gray bark and larger leaves and 
inflorescences. The other two species, C. parvifolia and C. pinetorum generally lack trunk-like stems, and 
have smaller leaves and inflorescences relative to C. alba. In pine rocklands occurs C. pinetorum, having 
the smallest leaves and smallest overall plant size, and in various habitats occurs C. parvifolia with purplish 
gray bark and its leaves intermediate in size among the prior two species. 


It may be surprising to think that three species of Chiococca occur in Florida, since previous works 
have recognized two species (Small 1933; Long & Lakela 1971; Rogers 2005) or only C. alba (Wunderlin 
1998; Taylor et al. 2004; Acevedo-Rodriguez & Strong 2012). We must emphasize that we feel very 
confident that there are indeed three species in Florida and that presently we have not found any evidence 
that these three species hybridize. Herbarium specimens often poorly represent the differences among the 
three species, especially specimens consisting of only young stems and young leaves or specimens that lack 
description of the whole plants. 


Chiococca alba is frequently sympatric with the other two other species (C. parvifolia and C. 
pinetorum), and yet the taxa do not intergrade. If these all represented one species and were interfertile, 
these morphologically divergent forms would doubtfully be maintained in sympatric conditions, especially 
for plants that are quick to flower with short generation times. In cultivation in a common garden (Goulds, 
Miami-Dade Co.), the three remain distinctive. As the taxa can be sympatric, and herbarium labels do not 
make note of this, it is possible that label descriptions could be describing one taxon and collecting a 
different one. While we have studied numerous herbarium specimens outside of Florida to characterize the 
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species concepts employed here, additional work is surely needed to better understand Chiococca outside 
of Florida. 


Figure 8. Habit of Chiococca (photos by A.R. Franck). A. C. alba with a dense high-climbing habit, Goulds, Miami- 
Dade Co. B. Basal part of plant of C. alba, Crandon Park, Miami-Dade Co. C. Basal part of plant of C. parvifolia, 
North Key Largo, Monroe Co. D. Sprawling plant of C. parvifolia, North Key Largo, Monroe Co. E. Much larger and 
taller mature C. a/ba next to procumbent, mature plant of C. pinetorum at Tropical Research & Education Center, 
Homestead, Miami-Dade Co. 


Key to Chiococca in Florida 


1. Mature plant 1-4 m tall, compact or scandent shrubs to high-climbing vines, rarely rooting where stems 
touch the ground; the central stem 1.2—5.4 cm wide at the plant base, trunk-like and becoming much wider 
than distal stems, strongly rigid; bark of older stems becoming light gray below newer green (rarely 
purplish) growth; leaves to 10 cm long and 4 cm wide, the petiole usually distinct and to 15 mm long, the 
secondary veins 3-6 on each side of the midrib, the secondary veins often relatively conspicuous on the 
upper surface and discolorous (whitish to yellow-green) from the green blade surface, reticulate veins 
sometimes apparent, the upper blade surface lustrous; peduncle, rachis, pedicel, and ovary green; peduncle 
7-25 mm long, the peduncle+rachis 2—9 cm long; calyx and corolla (4)5-merous; corolla yellow to whitish 
Ce ee, Eee eee ee eee, eee eee eee eee ee eee eee a ee ne ee ee C. alba 


1. Mature plant 0.1—3.5 m tall, sprawling, procumbent, to scandent subshrubs to vines, commonly rooting 
where stems touch the ground; the central stem 0.1—1(—2) cm wide at the plant base, not much wider than 
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distal portions of the stems, weakly stiffened; bark of older stems becoming dark purplish gray to gray- 
black below newer green to purplish growth or if gray then the mature plant <1 m tall; leaves to 6 cm long 
and 1.8 cm wide, the petiole often indistinct or to 4 mm long, the secondary veins unapparent or 1-3 on 
each side of the midrib and sometimes concolorous with the blade surface, reticulate veins usually 
unapparent, the upper blade surface dull; peduncle, rachis, pedicel, and ovary green to purplish; peduncle 
2-10 mm long, the peduncle+rachis 0.5—4 cm long; calyx and corolla 4—5-merous; corolla yellow to 
PRUE TS Ia Ea he Oe eke Mit tga A Duc seven Mgt 5 tepth Pekgd ight cpt MoU yu dao Ath Gras SR Seale diol dus Woe sedi Spates asa Balke Syn oh 2 


2. Plant 0.1—3.5 m tall; longer stems usually >1.5 m long; larger leaves >3 cm long, >13 mm wide, mostly 
2.5—5 cm long; inflorescence peduncletrachis 0.5-4 cm long; of hammocks, swamps, pinelands, and 
PPAITES ig! gn Gl hairy, Ac dle ah on nek Ales, ous tela ee ccrl Go a ON Ca kt neni RMD cca RE hrey Rustin C. parvifolia 


2. Plant 0.1—0.5(—1) m tall; longer stems <1(1.5) m long; larger leaves <3.1(3.8) cm long, <13 mm wide, 
mostly 1—3 cm long; inflorescence peduncletrachis 0.5—2 cm long; of pine rocklands........ C. pinetorum 


Chiococca alba (L.) Hitche., Rep. (Annual) Missouri Bot. Gard.) 4: 94. 1893. Lonicera alba L., Sp. Pl. 1: 
175. 1753. Lectotype (designated here): Jamaica, St. Catherine Parish, savanna, towards Two-Mile- 
Wood, “Jasminum forte’, Sloane, Voy. Jamaica 2: tab. 188, fig. 3. 1725. Epitype (designated here): 
Jamaica, Sloane s.n. (epitype, BM000594058). 


=Chiococca brachiata Ruiz & Pav., Fl. Peruv. 2: 67. 1799. Lectotype (designated here): Peru, “in 
nemoribus Chinchao Quebrada ad Macora praedium [from the protologue]” (lectotype, 
MA815658; isolectotype, MA815659). 


=Chiococca racemosa L. var. scandens Persoon, Syn. Pl. 1: 209. 1805. Syntypes: Jamaica, Barbados. 


=Chiococca parviflora Humb. & Bonpl. ex Roem. & Schult., Syst. Veg., 5: 202. 1819. Lectotype 
(designated here): Venezuela, Cumana, Humboldt & Bonpland s.n. (lectotype, B-W04140-010; 
probable isolectotypes, B-W04140-020, HAL0113824). 


=Chiococca densifolia Mart. var. cubensis DC., Prodr. 4: 482. 1830. Lectotype (designated here): Cuba, 
Havana, de la Sagra s.n. (lectotype, G00389833). 


=Chiococca racemosa L. var. floridana DC., Prodr. 4: 482. 1830. Lectotype (designated here): “Chiococca 
Ici se termine les Plantes des climats froids et des climats chauds des Amériques 5-1” [Here is the 
end of the plants from the cold climates and from the warm climates of the Americas]. “arbriss. 
rampant f. oppos., fruits blancs en grappes, comprimé inférierus, cal. a5 divis., cal 5-fid., stam 5, 
fructus inferus” [creeping shrub opposite leaves, white fruits in bunches, basally compressed, calyx 
5-parted, stamens 5, fruit inferior], Chiococca racemosa, Michaux s.n. (lectotype, P00320364; 
probable isolectotype, P03920880). 


=Chiococca racemosa L. var. laxiflora DC., Prodr. 4: 482. 1830. Lectotype (designated here): “v.s. cult. in 
hort. Calc.” [from protologue], 1819, Wallich s.n. (lectotype, G00666534). 


=Chiococca racemosa L. var. longifolia DC., Prodr. 4: 482. 1830. Lectotype (designated here): 
Guadeloupe, Badier 127 (lectotype, G00666535; isolectotype, P00308513). 


=Chiococca floridana Raf., Alsogr. Amer. 75. 1838. Lectotype (designated here): USA, Florida, Ware s.n. 
(lectotype, PH0O0025417). 
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=Chiococca latifolia Rat., Alsogr. Amer. 75. 1838. Lectotype (designated here, or perhaps holotype): Cuba, 
ex Durand, “468”, “Chiococca racemosa’, “latif Raf Cuba” [in Rafinesque’s handwriting], 
Jalambic s.n. [according to the protologue] (lectotype, DWC). 


=Chiococca trisperma Hook. f., Trans. Linn. Soc. London 20: 219. 1847. Lectotype (designated by Porter 
1980): Ecuador, Galapagos, Chatham Island, Darwin 109 (lectotype, CGE; isolectotype, 
K000432644). 


=Chiococca micrantha J.R. Johnst., Proc. Amer. Acad. Arts 40: 696. 1905. Chiococca alba (L.) Hitchce. 
var. micrantha (J.R. Johnst.) Steyerm., Acta Bot. Venez. 6: 139. Lectotype (designated by Howard 
1989): Venezuela, Margarita Island, 27 Jul 1903, Johnston 115 (lectotype, GH00057576; 
isolectotype, NY00099439). 


=Chiococca bermudiana S. Br., Proc. Acad. Nat. Sci. Philadelphia 61: 493. 1910. Type: Bermuda, North 
Shore, 31 Aug-20 Sep 1905, Brown & Britton 181 (holotype, PHO0005273; isotypes, A00057578, 
F203773, GH00057577, PHO0005272). 


Chiococca alba is here applied to robust plants with thick trunk-like bases, light gray bark, 
relatively long leaves and long inflorescences, usually 5-merous flowers, and generally lacking purplish 
coloration on the stems and inflorescences (Figs. 8-10). Plants can be compact shrubs to high-climbing 
scandent vines. Trunks of old plants can become quite large and the older stems can be rather tough and 
woody. Many authors have characterized C. alba as having inflorescences longer than or as long as the 
leaves, but this is not reliable for identification. Relative to the other species, C. alba tends to have longer 
inflorescences, but it is not uncommon for plants of C. alba that exhibit all the typical characters emphasized 
here to have an inflorescence clearly shorter than the subtending leaf. 


The name C. alba is widely applied to plants of southern Texas and Florida southward to Brazil. In 
Florida, it ranges from Monroe County north to Hendry and Polk counties in the interior, and Duval and 
Dixie counties along the coast. The species generally occurs in edges, thickets, hammocks, forest ecotones, 
and fire-suppressed areas in Florida. 


Chiococca alba is based on a plant from Jamaica, as here lectotypified and epitypified (Fig. 11A). 
The lectotype illustration of C. alba is supported by a mirror-image typotype specimen, here designated the 
epitype, that allows for more detailed morphological scrutiny. Numerous synonyms were investigated here, 
the types of which all fall within the C. alba concept. As defined here, C. alba remains a morphologically 
variable, wide-ranging species and other taxa worthy of recognition could be obscured in the species 
concept employed here. The list of synonyms here should only be considered provisional. 


Without species names, Browne (1756) described the “very common” Chiococca of Jamaica as 
becoming as large as “from four to seven or eight feet, sometimes more”. He described the root as “bitter 
acrid” and that it was frequently used to ease “very stubborn complaints” (similarly for Barbados, the roots 
were said to be used as a purgative or abortifacient; Gooding et al. 1965). Browne listed a second Chiococca 
in Jamaica, calling it the “climbing Snow-berry” and stating “I have seen one plant of this kind in the woods 
between St. Thomas’s and Mangeneel; it grew to a considerable height among the trees, and threw down 
some of its slender twigs again to the ground: I am apt to think it a different species, tho’ the leaves are very 
like those of the former plant.” There is a Browne specimen (233.1) of Chiococca at LINN. Persoon’s 
description of C. racemosa var. scandens repeated the Latin description of Browne’s second Chiococca. 
All of the above apply to C. alba. 


Though C. brachiata 1s tentatively placed under C. alba here, Williams & Cheesman (1928) stated 
that the “Peruvian C. brachiata is distinct” without further explanation. A drawing of C. brachiata was 
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made by José Brunete (MA-AJB04-D-0441), who died 14 May 1787 (Dahlgren 1940: 218). The lectotype 
of C. brachiata has a label annotated in the handwriting of José Pavon as “Chiococca brachiata Sp. Pl. FI. 
Per.” and the isolectotype bears a similar label. Ruiz mentioned the description for the name “Chiococca 
ovata” from Peru had burned in the fire at Macora (Dahlgren 1940: 203-204), and probably any specimens 
associated with this name were lost at sea near the coast of Portugal (Dahlgren 1940: 166, 198, 215, 219). 
It is impossible to know the true identity of “Chiococca ovata’. 


parvifolia . pinetorum 


Figure 9. Leaves, stems, and flowers of Chiococca (photos by A.R. Franck). A. Four-lobed corollas of C. pinetorum, 
Camp Owaissa Bauer, Miami-Dade Co. B. Five-lobed corollas of C. alba, Chekika, Everglades National Park, Miami- 
Dade Co. C. Side-by-side of C. alba (left - young stem green maturing to light gray) alongside C. parvifolia (right - 
young stem green maturing purplish dark gray), North Key Largo, Monroe Co. D. Four- or five-lobed corollas of C. 
parvifolia North Key Largo, Monroe Co. E. Three largest leaves of mature plants of each species all grown at first 
author’s property in Goulds, Miami-Dade Co with a metric ruler along the bottom with mm increments; left - C. alba 
provenance from Goulds, middle - C. parvifolia provenance from North Key Largo, and right - C. pinetorum 
provenance from Goulds. 


For the possible type specimens of the name C. parviflora, Humboldt appears to have written the 
label notes “1232 Pent lia Cumana” while Schlechtendal wrote “(Humboldt)”. Willdenow wrote 
“Pentandria Monogynia[,| Chiococca parviflora|,| foliis subrotundo-ovatis acuminatis, racemis paniculata 
axillaribus[,] Habitat in Cumana” which is nearly verbatim of the protologue. Possibly Bonpland wrote 
“Chiococca?” The note “Maragnon” (Peru?) and the flower description are in a hand unknown to us. With 
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“Cumana’” written by both Humboldt and Willdenow, it is likely this is original material and 1s appropriate 
for a lectotype. All types at B and HAL appear to be from the same collection, having a similar morphology 
and development. Chiococca parviflora (=C. alba) should not be confused with C. parvifolia, a different 
species. 


For the name C. racemosa var. floridana, Candolle gave the distribution as maritime Florida and 
Mexico, with the annotation “v.s.”, implying that specimens from both Florida and Mexico were seen. Only 
Michaux was further cited by Candolle, and in agreement with the varietal epithet, his Florida specimen is 
designated the lectotype (Fig. 11C). This Michaux lectotype was probably collected in 1788 from northeast 
Florida from Brevard County northward, since Michaux never went further south than this (Taylor & 
Norman 2004). Perhaps this Chiococca specimen was among the tropical plants mentioned by Michaux 
around 27 Mar 1788 from Mount Tucker (Sargent 1889). The lectotype of C. floridana was probably 
collected by Ware in the same general area, somewhere along coastal east-central/north-central Florida in 
Oct-Nov of 1821 (Nuttall 1822). 


Chiococca trisperma Hook. f. was described from the Galapagos and distinguished by its trilobed 
stigma and 3-seeded fruits. The name was considered a synonym of C. alba by Porter (1980), tentatively 
followed here. Whether plants with 3-seeded fruits are distinct from those with 2-seeded fruits deserves 
further scrutiny. In Florida, plants of Chiococca only appear to be 2-seeded. 


Chiococca micrantha was considered a variety of C. parvifolia by Steyermark (1971) and a 
synonym of C. parvifolia by Howard (1989). It was described as a shrub with 3 m long, decumbent stems, 
ca. 3-flowered inflorescence, 4—5-merous flowers, and a puberulent calyx. The profusely branched 
specimens with somewhat distinct petioles, acute leaf blade tips, and long peduncles are much more like C. 
alba rather than C. parvifolia, and as such it is placed here with C. alba. 


Representative specimens examined. ANTIGUA. 4-16 Feb 1913, Rose et al. 343] (US). 
BAHAMAS. Abaco: Wood Cay Settlement, 5 Aug 1979, Sauleda et al. 2858 (FTG). Acklin’s Island: 21 
Dec 1905-6 Jan 1906, Brace 4327 (US). Eleuthera: 21 Dec 1969, Lewis 7408 (FTG). Great Abaco: 4 Jul 
1974, Correll & Popenoe 42540 (FTG). New Providence Island: 27 Jun 1979, Correll & Popenoe 50775 
(FTG); 2 Nov 1973, Correll & Popenoe 40376 (FTG). BERMUDA. Jan 1881, Farlow s.n. (USF). 
COLOMBIA. Cospi, Llanos s.n. (FTG). CUBA. Oriente, Caletones Road, Gibara, 28 Dec 1954, Diaz- 
Piferrer s.n. (FTG); Las Villas, Abneus, 21 May 1895, Combs 57 (US); district of Cienfuegos, 21 May 
1895, Taylor 213 (US). DOMINICA. Grande Savane, 13 Aug 1964, Wilbur et al. 8346 (US). 
DOMINICAN REPUBLIC. Peravia Province, Arroyo de Parra, 6 Sep 1980, Mejia & Zanoni 8098 (FTG). 
HAITI. Massif de la Hotte, 21 Jul 1927, Ekman H-8645 (US). JAMAICA. Potsdam, 9 Sep 1907, Britton 
1269 (US); Peckham Woodland, 23 May 1912, Harris 11083 (US). St. Elizabeth Parish, Lititz, Jan 1847, 
Wolle s.n. (USF); St. Andrew Parish, 2 mi. NE of Kingston, 15 Jun 1963, Crosby et al. 157 (USF). 
PUERTO RICO. near Bayamon, 18 Jul 1901, Underwood & Griggs 907 (US); Cayey, 20 Sep 1885, 
Sintenis 2483 (G). ST. THOMAS. 1877, Eggers 2] (FTG). TURKS & CAICOS. Parrot Cay, 22 Oct 1990, 
Neis s.n. (FTG). USA. Florida. Collier Co.: Chokoloskee Bay, Ten Thousand Islands, 15 Aug 1967, Lakela 
& Barilotti 30999 (USF). Indian River Co.: 6 mi. S of Vero Beach County Park, 22 Jun 1972, Long et al. 
3619 (USF); ibid., Long et al. 3578 (USF). Lee Co.: Lower Captiva Island, 5 Jan 1977, Brumbach 9145 
(USF); North Captiva Island, 28 Feb 1991, Johnson 8828 (FSU); Sanibel Island, 23 Jan 1967, Cooley 11905 
(USF). Martin Co.: South County Park, 27 Jul 1998, Bradley & Woodmansee 1155 (FTG). Miami-Dade 
Co.: Deering Estate, 26 Aug 1978, Correll & Popenoe 50091 (FTG). Monroe Co.: North Key Largo, 18 
Jan 1969, Long et al. 2808 (USF); No Name Key, 16 Sep 1979, Hansen & Hansen 6350 (FTG); South Key 
Largo, 4 Aug 1979, Krauss & McMahon 637 (FTG); Lignum Vitae Key, Jul 1974, Schmitt 3 (FTG); Key 
Largo, 8 Jul 1968, Gillis 6830 (FTG). St. Lucie Co.: Jack Island, 15 Feb 1969, McCart 10561 (FTG). 
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Chiococca parvifolia Wullschl. ex Griseb., Fl. Brit. W.I. 337. 1861. Chiococca alba (L.) Hitche. var. 
parvifolia (Wullschl. ex Griseb.) Urb., Symb. Antill. 8: 675. 1921. Chiococca alba (L.) Hitche. 
subsp. parvifolia (Wullschl. ex Griseb.) Steyerm., Acta Bot. Venez. 6: 138. 1971. Lectotype 
(designated here): Jamaica, Manchester Parish, Fairfield, Bliht gelb [flowers yellow], Strauch 3 
FuB hoch [shrub 3 feet tall], 1849, Wullschlaegel 856 (lectotype, M0187133). 


Chiococca parvifolia is characterized by its purplish gray bark, long stems that scarcely become 
thicker towards the base, and leaves intermediate in size between the other two species (Figs. 8-10). In 
open spaces, plants often form dense, sprawling colonies, the stems rooting along the ground and flowering 
near the ground, while in the same population plants will climb to 3.5 m high if adjacent to other species of 
shrubs or trees. Many authors have distinguished C. parvifolia by an inflorescence subequal to or shorter 
than the subtending leaf, but this is not reliable as C. alba can also exhibit this feature. Reliance on the 
relationship between the inflorescence size relative to the leaves likely caused authors to misapply C. 
parvifolia to specimens of C. alba (e.g. Steyermark 1971). 


Based on the specimens studied here, C. parvifolia is found in Florida and the Caribbean Islands. 
We have not investigated its possible occurrence elsewhere in the Neotropics. In Florida, C. parvifolia 1s 
found on limestone keys, sandy barrier islands, and in inland areas (including inundated swamps) that 
generally lack fire, but occasionally it is found in thickets and edges along fire-prone areas. The type of C. 
parvifolia is from Jamaica, where natural wildfires were not a common disturbance (Robbins et al. 2008). 
Careful field work is needed to fully characterize C. parvifolia in Florida and the Caribbean, especially 
since C. alba can co-occur with it. 


Chiococca parvifolia was credited to Wullschlaegel, who worked in Antigua and Jamaica. 
Grisebach also cited specimens collected by March on Jamaica and Crueger on Trinidad, and he also 
parenthetically included specimens from Martinique, Panama, Puerto Rico, Venezuela without mentioning 
the collectors. Steyermark (1971: 138) indicated the type was from Jamaica and collected by Wullschlaegel, 
but did not indicate a specimen nor a herbarium. With the name credited to Wullschlaegel, it 1s appropriate 
to first consider his specimens for lectotypification. Those that may have been at B or DR were probably 
destroyed during World War II. A specimen at BR 1s too ambiguous, having two different labels for what 
appears to be only one collection, the two stem fragments with nearly the exact same phenology and overall 
condition. A specimen at M collected by Wullschlaegel from Jamaica matches the description of C. 
parvifolia and concurs with cited collections in Urban (1898); it is here lectotypified (Fig. 11B). The sheet 
of March at NY (00099444) may be a mixed collection, with the fragment on the left having wide leaves 
with distinct petioles like C. alba while the fragment on the right with only a few leaves appears to be C. 
parvifolia. 


For Florida, some prior treatments recognized a wider species concept of C. pinetorum that at least 
partly encompassed C. parvifolia, and never mentioned the name C. parvifolia (Small 1933; Long & Lakela 
1971; Rogers 2005). Both the names C. alba (e.g. Lakela 27085, 27515) and C. pinetorum (e.g. Lakela 
27891, 29036) were partly misapplied to plants of C. parvifolia by Lakela, while Small misapplied C. 
pinetorum (e.g. Small & Small 4999, 5069) to plants of C. parvifolia (although the name is penciled in and 
appended with a question mark). Under C. pinetorum, Small wrote “On the Lower Keys a form grows in 
the hammocks which is more robust than the typical form” [of C. pinetorum] and that “Marked forms occur 
in the hammocks of the lower eastern coast, in the Big Cypress Swamp, and on the Florida Keys”, which 
pertain to C. parvifolia. 


Several Caribbean floras have recognized C. parvifolia. For the Lesser Antilles, Howard (1989: 
398) wrote “field observations suggest two distinctive populations, with C. alba more vigorous and a higher 
climbing vine than the lower sprawling or weakly climbing C. parvifolia.” For Trinidad and Tobago, C. 
parvifolia (mistakenly as “C. parviflora Wullsch.”) was described as a “Shrub, branches slender” which 
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contrasts with their description of C. a/ba as a “climbing shrub” (Williams & Cheesman 1928). For the 
Bahamas, the description of C. parvifolia by Correll & Correll (1982) was nearly verbatim of the protologue 
of C. pinetorum, which was included in synonymy. 


In the protologue of C. parvifolia, the habit was described as a “high climber” and attributed to 
Browne, but Browne’s description probably applied only to C. alba. The specimen Barcelona et al. 1137 
from J amaica is very consistent with the type of C. parvifolia and was described as 0.5 m tall. For Jamaica, 
Adams (1972) described C. parvifolia as a rather 
common climbing shrub to 3 m or more high with 
leaves 1—3.5 cm long. Elsewhere, other authors 
gave the following descriptions for C. parvifolia: 
“Arbusto trepador” (Liogier 1962), “a climbing 
shrub like [C. alba]” (Proctor 1984, 2012), “shrub, 
sometimes climbing” (Liogier 1985), and 
‘“Trepadora lefiosa de hasta 3 m, las ramas cortas” 
(Liogier 1995). 


Steyermark (1971) wrote that many 
specimens “are transitional between” C. alba and 
C. parvifolia, basing this on inflorescence and leaf 
size, and cited 18 such specimens from the Greater 
Antilles, Antigua, and Margarita Island. Of his 
cited specimens that we could locate, they all 
seemed to fit C. alba, having relatively large leaves 
with distinct petioles and venation. Urban (1921) 
treated C. parvifolia as a variety of C. alba, but 
gave no further discussion. Evidence that C. alba 
and C. parvifolia intergrade is lacking. 


The similar specific epithets of Chiococca 
parvifolia and C. parviflora are sometimes 
confused (e.g. Williams & Cheesman 1928; 
Paudyal et al. 2018). The type of C. parviflora is 
from Venezuela, here considered a synonym of C. 
alba. 


The type of C. stricta Correll (Correll 
46265, A, FTG29947, NY) is similar to C. 
parvifolia, with rather short leaves with obscure 
venation, their close relationship also being 
mentioned by Correll in the protologue. Chiococca 
stricta 1s distinguished by being a strictly erect 
shrub to 2 m with puberulent pedicels (Correll & 
Correll 1982). 


Figure 10. Habit of mature plants of Chiococca with the same 50 cm ruler in photos A, B, and C (photos by A.R. 
Franck). A. Distal portion of an ascending-arching shrub of C. alba ca. 2 m tall, from a hammock edge, North Key 
Largo, Monroe Co., sympatric with C. parvifolia. B. Distal portion of a vining plant of C. parvifolia ca. 2 m tall, from 
a hammock edge, North Key Largo, Monroe Co., sympatric with C. alba. C. Whole plant of C. pinetorum, Goulds, 
Miami-Dade Co., from a fire-suppressed pine rockland. 
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Figure 11. Type specimens of Chiococca. A. Epitype of C. alba (BM; copyright holder The Trustees of the Natural 
History Museum, London). B. Lectotype of C. parvifolia (M; copyright holder Botanische Staatssammlung Munchen). 
C. Lectotype of C. racemosa var. floridana (P; courtesy of Muséum National d'Histoire Naturelle). D. Lectotype of 
C. pinetorum (NY; Image courtesy of the C. V. Starr Virtual Herbarium of the New York Botanical Garden, 
http://sweetgum.nybg.org/science/vh/). 
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Representative specimens examined. ANTIGUA. Wallings, 23 Sep 1937, Box 1098 (US). BAHAMAS. 
Andros: 2 mi. E of San Andros, 10 Jul 1975, Hill 3346 (FTG, VT). Cat Island: between Dolphin Head and 
Old Bight, 19 Nov 1975, Correll 46114 (FTG); New Bight Airport, 15 Dec 1979, Wunderlin et al. 8398 
(USF); 2 mi. E of McQueens, 15 Jul 1968, Byrne 524 (FTG); 7 mi. S of Fresh Creek, 15 Oct 1976, Sauleda 
1243 (USF). Crooked Island: Sandrail Point, 9-23 Jan 1906, Brace 4676 (US). Grand Bahama: detour N to 
Queens Hwy, 19 Mar 1971, Austin & Conroy 4631 (FTG). Great Abaco: 10 Jul 1952, Roberston Jr. 352 
(FTG); 2.9 mi. S of Wilson City road, 16 Dec 1979, Wunderlin et al. 8559 (USF). Long Island: 28 Nov 
1998, Richey & Freid 98-265 (FTG). New Providence: along Village Road, 2 Nov 1973, Correll & Popenoe 
40377 (FTG). San Salvador Island: 24 Nov 1975, Breitbarth et al. 4 (FTG); 29 Nov 1977, Smith 4717 
(FTG); 1 Jan 1970, Gillis 8767 (FTG); 19 Nov 1974, Correll 43765 (FTG); 3 Jan 1970, Gillis 8851A (FTG). 
South Bimini Island: 12 Jul 1964, Stimson 710 (FTG, USF). CAYMAN ISLANDS. Grand Cayman, 15 
Dec 1971, Chevalier 395 (USF). CUBA. Camaguey, Cayo Sabinal, Ganado, 17-18 Mar 1909, Shafer 857 
(US). DOMINICA. Bluffs leading down to L’Anse Noir, 16 Jul 1964, Wilbur et al. 7516 (US); NE of Pont 
Casse, 29 Sep 1971, Long & Norstog 3370 (USF); S side of Cochrane Road, 3 Aug 1992, Hill & Wagenseil 
24108 (USF). GUADELOUPE. St. Rose, Stehle 5938 (US). HAITIL. Port de Paix, 22 Jan 1929, Leonard 
& Leonard 12243 (US); Massif de la Selle, 17 Jul 1983, Zanoni 26307 (FTG). JAMAICA. March s.n. 
(NY 00099444, right-hand specimen); Trelawny Parish, near Barbecue Bottom, 14 Aug 1963, Crosby & 
Anderson 1197 (US, USF); Wait-a-bit and Albertown, 20 Jul 1997, Barcelona et al. 1173 (US); Clarendon 
Parish, E of Reckford, 8 Oct 1976, Proctor 36409 (FTG). PUERTO RICO: San Juan Municip., Montes 
de San Patricio, 16 Nov 1981, Hansen et al. 9013 (FTG, USF); Maricao Municip., along highway 120, 30 
Nov 1981, Hansen et al. 9481 (USF); Bosque Insular de Maricao, 10 Jul 1959, Webster et al. 8869 (US). 
TRINIDAD & TOBAGO. Tobago, near Easterfield, 17 Mar 1910, Broadway 3524 (US). TURKS & 
CAICOS. North Caicos, 30 Mar 2006, Hamilton et al. MH510 (FTG); Parrot Cay, 11 Oct 1990, Neis s.n. 
(FTG). USA. Florida. Edge of Big Cypress Swamp (provenance), Edison Garden, Fort Myers, Oct 1929, 
Buswell s.n. (NY). Broward Co.: along Holmberg Road, 1.8 mi. W of US 441, 2 Jul 1981, Hansen et al. 
$392 (USF); along Hillsboro Canal, just S of Palm Beach Co. border, May 1981, Bennett s.n. (FTG). 
Charlotte Co.: Port Charlotte Beach State Recreation Area, 5 Mar 1991, Erickson PCO026 (USF); Don 
Pedro Island State Recreation Area, 16 Sep 1998, Braem DP0023 (USF); Little Gasparilla Island, 21 Feb 
1980, Fehling 67 (USF). Collier Co.: Percy Brown Ranch, 26 Jul 1978, Popenoe 1316 (FTG); 1.5 mi. S of 
Monroe Station, 2 May 1958, Cooley et al. 6183 (USF); vicinity of Fort Myers, 21 Feb 1916, Standley 
12592 (US); Golden Gate Estates, 8 Aug 1967, Lakela 30969 (USF); N of Golden Gate subdivision, 20 Jul 
1965, Lakela 29036 (USF); below Bonita Springs, Apr 1927, Buswell s.n. (FTG); ibid., 2 Jul 1930, Buswell 
s.n. (FTG); Marco Island, 27 Sep 1964, Lakela 27515 (USF); ca. 5 mi. E of Naples, 10 Oct 1962, Cooley 
et al. 9118 (USF); ca. 12.5 air mi. E of Naples, 16 Jun 1992, Orzell & Bridges 19654 (FLAS, USF); 
Krehling Tract, Tabb s.n. (FTG); Marco Island, 31 Jul 1976, Linker s.n. (FTG); Willoughby Acres, 1 Feb 
1987, Burch 141 (USF). Hendry Co.: Green Glades West, 29 Jan 2021, Franck et al. 5126 (USF). Lee Co.: 
Caloosahatchee Creeks Preserve, 19 Oct 2006, Woodmansee & Hodges 1974 (FTG); western Sanibel 
Island, 24 Oct 1968, Brumbach 6480 (FTG). ca. 1.6 mi. W of US 41 and 0.5 mi. E of Estero Bay, ca. 4.5 
mi. N of Bonita Springs, 12 Sep 1990, Orzell & Bridges 15184 (FTG, USF); Sanibel Island, 28 Oct 1978, 
Wunderlin et al. 6136 (USF); Sanibel Island, 15 Feb 1954, Cooley 2636 (USF); ibid., 2 Jan 2021, Franck 
5067 (FTG); Bonita Springs, 21 Apr 1964, Lakela 27085 (USF); Middle Captiva, 10 Oct 1977, Brumbach 
9288 (USF). Miami-Dade Co.: Key Biscayne, 25 May 1971, Gillis 10876 (FTG); Biscayne National Park, 
Meigs Key, 9 Nov 2001, Bradley et al. 1520 (FNPS). Monroe Co.: Pinecrest Road, 1 Mar 1952, Cooley 
1118 (USF); N end of Big Pine Key, 13 Nov 1964, Lakela 27891 (USF); Cape Sable Road, 3 Nov 1934, 
Buswell s.n. (FTG); Road to Cape Sable, 22 Feb 1941, Buswell s.n. (FTG); Big Pine Key, 17 Dec 1913, 
Small & Small 5069 (NY); Big Pine Key, 17 Jul 1971, Sreemadhavan 5108 (USF); vicinity of Pinecrest, 
11 Oct 1962, Cooley et al. 9159 (NY, USF); Big Pine Key, 21 May 1976, Poppleton 806 (USF); Sugarloaf 
Key, 11 Feb 1967, Long et al. 2499 (USF); Big Pine Key, 11-20 Apr 1963, Stern 3031] (USF); Big Pine 
Key, intersection of US | and FL 940, 6 Aug 1966, Long et al. 2075 (USF); No Name Key, 16 Sep 1979, 
Hansen & Hansen 6350 (USF); Little Torch Key, 4 Mar 2012, Stalter s.n. (USF); Key Largo, 19 Jul 1971, 
Sreemadhavan 5125 (USF); Big Torch Key, 28 Mar-3 Apr 3 1970, Stern et al. 2877 (FTG); Key Largo, 23 
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Aug 2012, Strong 4127 (FTG, USF); Big Pine Key, 11 Oct 1999, Koptur et al. 1122 (FTG); Key Largo, 
NE of Surprise Lake, 8 Jul 1968, Gillis 6830 (FTG); 2 mi. W of Pinecrest, S of Loop Road, 15 Nov 1968, 
Garbarini 48 (FTG); Middle Torch Key, 31 Dec 1972, Fanning KF 256 (FTG); Big Pine Key, 14 Dec 1951, 
Dickson s.n. (FTG); No Name Key, 28 Mar-3 Apr 1970, Stern et al. 2843 (FTG); Sugarloaf Key, 15 Sep 
1979, Hansen & Hansen 6324 (USF); Big Coppitt Key, 11 Nov 1985, Southerland s.n. (USF); W end of 
Ramrod Key, 20 Oct 1982, Hansen et al. 10698 (USF); N end of Big Torch Key, 20 Oct 1985, Hansen et 
al. 10715 (USF); Bahia Honda Key, 11 Dec 1980, Brumbach 9645 (USF); S of Card Sound Road, 25 Nov 
1967, Hetzell 36 (USF). Palm Beach Co.: Route 441, between road and West Palm Beach Canal, 26 Dec 
1972, Meagher MM692 (FTG, USF); NW corner of intersection of Southern Boulevard and US 441, West 
Palm Beach, 8 Mar 1995, Austin s.n. (FTG). VIRGIN GORDA. 5 Dec 2002, Pollard et al. 1165 (FTG). 


Chiococca pinetorum Britton ex Millsp., Publ. Field Columb. Mus., Bot. Ser. 2: 171. 1906. Lectotype 
(designated here): Bahamas, New Providence, Harold Road, pinelands, corolla white, veined with 
purple, 1904, Britton & Brace 430 (lectotype, NY00099443; isolectotypes, F 171854, K000432652, 
US00138520). 


Chiococca pinetorum 1s a low-growing plant endemic to the pine rocklands of South Florida and 
the northwestern Bahamas (Figs. 8-10). Based on the revised taxonomy adopted here, it 1s ranked as 
imperiled in South Florida by IRC (Gann et al. 2020). Its leaves are typically 3 cm long or less and its stems 
are 4 mm wide or less at the base of the plant. Plants of C. pinetorum are smaller than C. alba or C. 
parvifolia, and these two latter species do not have the consistently small leaves throughout, as does C. 
pinetorum. The branches of C. pinetorum can arch and clamber over underlying vegetation, but rarely does 
C. pinetorum ever reach | m high. 


Chiococca pinetorum and C. alba can grow sympatrically but they are clearly distinguishable. The 
two species were found immediately adjacent to each other in fire-suppressed pine rocklands invaded with 
hammock taxa (Fig. 8). They were also found next to each other in pine rockland-hammock ecotones (e.g. 
Long Pine Key in Everglades National Park, Camp Owaissa Bauer, and Fuchs Hammock). Near the town 
of Goulds, C. pinetorum was found in the midst of a frequently burned, open-canopied pine rockland, ca. 
100 m from a typical plant of C. alba in a weedy thicket. When grown from seed in identical conditions, 
the two species retained their differences. There is absolutely no evidence of intergradation in the field. The 
previous use of the name C. parvifolia for plants of C. pinetorum (Correll & Correll 1982) is here regarded 
as a misapplication. 


After 1894, Millspaugh’s main herbarium was at F while Britton was based at NY. Millspaugh 
indicated a collection as type for C. pinetorum, but did not specify the herbarium. The specimen at NY is 
here lectotypified (Fig. 11D). 


Representative specimens examined. BAHAMAS. Abaco: N of Marsh Harbour, 22 May 2000, Freid 00- 
158 (FTG). Andros: 4 m. S of south entrance to Autec, 7 Jun 1975, Hill 3175 (FTG, VT). Grand Bahama: 
along Queen’s Highway, 19 Aug 1974, Correll & Kral 43045 (FTG); along Queen’s Highway, 23 May 
1975, Correll & Popenoe 45398 (FTG); 8 Mile Rocks, 5-13 Feb 1905, Britton & Millspaugh 2408 (NY). 
Great Abaco: ca. 1.5 mi. NW of Marsh Harbour, 13 Mar 1975, Correll & Meyer 44624 (FTG); a little N of 
Marsh Harbour Airport, 5 Jul 1974, Correll & Popenoe 42630 (FTG). New Providence: 18 Aug 1948, 
Ledin 310 (FTG); N of entrance to Coral Harbour, 10 Sep 1978, Correll 50210 (FTG, NY, US); S of Nassau 
on East Road, 2 Jan 1969, Gillis 7462 (FTG); near W end of island, 2 Jan 1969, Gillis 7453 (FTG); N side 
of Corry Sound, 18 Jul 1960, Webster et al. 10541 (US); 22 Feb 1888, Eggers 4195 (US); near Nassau, 17 
Apr 1903, Curtiss 159 (LY, US, VT). USA. Florida. Miami-Dade Co.: S of SW 176 St., just S of Cutler 
Hammock and canal off Old Cutler Road, 21 Sep 1973, Correll & Correll 40100 (FTG); Grossman Drive, 
6 km E of Cherika [Chekika] Recreation Area, 27 Mar 1994, Loconte & Walker 1020 (FTG); along SW 
237th Ave, ca. 5 mi. S of Grossman Drive, Orzell & Bridges 18185 (FTG, USF); Everglades National Park, 
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12 Oct 1962, Cooley et al. 9220 (FSU, USF); SW of Sunset Drive, South Miami, 26 Oct 1969, Lakela et 
al. 31932 (USF); Navy Wells Pineland, 12 Aug 1992, Orzell & Bridges 20417 (USF); Everglades National 
Park, 11 Oct 1962, Cooley et al. 9183 (USF); corner of SW 117th Ave and Killian Drive, 17 Jun 1980, 
Sauleda 3603 (USF); E of Homestead General Airport, ca. 0.6 mi. W of C-111 canal, ca. 0.25 mi. N of SW 
269 St., 11 Oct 1997, Bradley 929 (FTG); corner of SW 177 Ave. and 264 St., 12 Oct 1997, Bradley 952 
(FTG); Coral Gables, 23 Jul 1936, Buswell s.n. (FTG); ibid., 25 Jun 1942, Buswell s.n. (FTG); ibid., 25 
Aug 1944, Buswell s.n. (FTG); Miami, 14 Sep 1934, Buswell s.n. (FTG); intersection of SW 67 St. and SW 
75 Ct., 9 Mar 1975, Hill 2548 (FTG, USF); 2 blocks N of Kendel [Kendall] Drive and Dixie Highway, 21 
Nov 1967, Cika 35 (FTG); SW 107 Ct., at approx. 122-124 Streets, 1967, Owens s.n. (FTG); North Kendall 
Drive between US 1 and Palmetto X-way, 2 Feb 1965, Metzger 10 (FTG, USF); Aerojet road off US 1, 
Florida City, 4 Jun 1966, Long 1649 (USF); Coconut Grove, Dec 1925, Small s.n. (USF); Homestead, 13 
Mar 1964, Lakela 26886 (USF); 100 ft. from corner of SW 57 Ct. and Red Road, 18 Jan 1968, Barrick III 
39 (FTG, USF); ibid., Barrick 31 (USF); Everglades National Park, S of pinelands trail, 29 Oct 1967, 
Sullivan 1077 (FTG); SW 178th Terrace off Old Cutler, 9 Feb 1974, Hewes s.n. (FTG); along SW 72 Ave., 
6 Nov 1971, Fanning & Gunzelman 273 (FTG); Luiz Martinez United States Army Reserve Station, 12 
Sep 2006, Wendelberger 509 (FTG); Pine Island, 2 Jul 1971, Skinner s.n. (FTG); Kings Highway, W 
Homestead, 7 Jul 1966, Long 1951 (USF); 3 mi. E of Royal Palm State Park, 14 Dec 1917, Safford & 
Mosier 322 (US); Coconut Grove, Dec 1925, Small s.n. (NY); Costello [Castellow] Hammock, 26 Jun 1966, 
Long et al. 1892 (USF); Telford, 9 Aug 1929, Mulvania s.n. (USF); USDA Subtropical Research Station, 
24 Jul 2002, Kabat & Kabat 1015 (FLAS); Tropical Park, 26 Jul 1990, Tan & Raymond TP53 (FLAS). 
Monroe Co.: Big Pine Key, N end, 12 Dec 1974, Poppleton & Shuey s.n. (USF); Big Pine Key, 8 Feb 1977, 
Correll & Popenoe 48069 (FTG); close to Key Deer Boulevard, 16 Oct 1997, Koptur et al. 1125 (FTG); 
W of Nut Farm, 7 Feb 2000, Koptur et al. 1123 (FTG); S of Dogwood Summer, 27 Sep 1999, Koptur et al. 
1124 (FTG); N spur of west mangrove fire trail, 16 Oct 1997, Koptur et al. 1126 (FTG); Big Pine Key, 12- 
18 Feb 1935, Killip 31368 (US); Big Pine Key, 11 Aug 1992, Orzell & Bridges 20393 (FLAS, USF); Big 
Pine Key, Radford & Leonard 45811 (NCU); Big Pine Key, 6 Nov 1978, Correll & Correll 50351 (FTG); 
Big Pine Key, Mar 1999, Liu 300 (FTG); Big Pine Key, 17 Feb 1991, Orzell & Bridges 15991 (FTG). 


LANTANA (VERBENACEAE) 


Lantana L. comprises aromatic shrubs with capitate inflorescences, five-lobed corollas lacking 
staminodes, and 2-seeded drupes (Sanders 2001; Marx et al. 2010). Three taxa of Lantana sect. Lantana 
are native to peninsular Florida, recently treated as varieties of L. depressa (Sanders 2006, 2012). These 
native taxa are diploids (Sanders 1987) and generally have light green, often involute leaf blades (Fig. 12) 
and relatively uniformly bright yellow-orange corollas, the oldest, outermost corollas of the inflorescence 
sometimes becoming slightly darker or more orange (Fig. 13). These taxa are primarily found in coastal 
habitats along the eastern and western coasts, in interior regions of central and southwest Florida, and in 
the pine rocklands of Miami-Dade Co. Their nectar is a food source for insects (Graenicher 1930) and their 
drupes are consumed by birds (Laessle 1944). 


We propose to treat the native taxa of Lantana sect. Lantana as two species (similar to Small 1933; 
Long 1970), instead of as three varieties of L. depressa (as done by Sanders 2006, 2012). Plants of the pine 
rocklands of Miami-Dade Co. are the most distinct group, and the name Lantana depressa should be 
restricted to these plants with short leaves and a mostly decumbent habit. This more restricted species 
concept of ZL. depressa is consistent with previous authors (Small 1933; Long 1970; Wunderlin & Hansen 
2011). The other two taxa previously classified as varieties of L. depressa are here placed as varieties of a 
new species L. sandersii; these plants are generally erect with larger leaves. The recognition of two species 
(L. depressa and L. sandersii) has the added benefit of providing more conservation attention, as varieties 
often attract less concern in conservation assessments. Previously, these native Lantana taxa were often 
treated as L. ovatifolia (e.g. Small 1933; Long 1970), but Sanders (1987) determined L. ovatifolia 1s 
endemic to the Bahamas. 
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Figure 12. Habit of Lantana. A. Lantana depressa, Camp Owaissa Bauer, Miami-Dade Co. B. L. sandersii, Crandon 
Park, Miami-Dade Co. C. L. strigodepressa, Goulds, Miami-Dade Co. D. L. sanibelensis, Sanibel Island, Lee Co. 
(photo by Karen M. Rogers). A-C. photos by A.R. Franck. 


The non-native cultigen Lantana strigocamara (Fig. 13) readily hybridizes with the Florida native 
taxa (Sanders 2006, 2012), a threat to the persistence of the native taxa (Maschinski et al. 2010). 
Distinguishing the native and introduced taxa from each other is severely compromised by the history of 
hybridization and introgression (Maschinski et al. 2010). Since these hybrids can be rather common, it 1s 
useful to name them (which is done below) so they can be more easily communicated and recognized 
(Weakley et al. 2011: 441). It is notable that type specimens of the three native Lantana taxa lack stem 
prickles, whereas prickles are usually present in L. strigocamara or its hybrids. 


The non-native Lantana strigocamara is tetraploid, the Florida native taxa are diploids, and the 
hybrids between the native and non-native taxa are triploids (Sanders 1987, 2006). Studies of Lantana 
triploids have shown they can produce a significant amount of fertile pollen (Spies & du Plessis 1987; 
Czarnecki II et al. 2014), indicating that triploid hybrids are not sterile and the triploids contribute to further 
admixture, which 1s supported by the commonness of hybrids and introgressant forms (Maschinski et al. 
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2010). Of the various cultivated forms of Lantana in Florida, diploid, triploid, tetraploid, pentaploid, and 
hexaploid plants were found (all as the misapplied L. camara L., Czarnecki I et al. 2014), some of which 
probably pertain to lineages of L. strigocamara. 


Non-native Lantana plants had apparently arrived quite early to Florida, given the observations by 
Bartram in the 1770s in northeastern Florida (Bartram 1792: 101—102). One possible introduction route 
could have been through St. Augustine, the primary Florida settlement of the Spanish from 1565—1763 
(Boniface 1971). Spanish St. Augustine received ballast-laden ships (Keith 2006; Gifford 2008) and 
castaways from the neotropics such as Veracruz, Mexico and Havana, Cuba that carried goods, visitors, 
immigrants, convict laborers, and enslaved laborers (Boniface 1971; Corbett 1974). Lantana camara, L. 
hirusta M. Martens & Galeotti, and L. scabrida Sol. are native to the Veracruz area and L. camara, L. 
scabrida, L. splendens Medik. are native to Cuba, while Z. nivea Vent. is native to Brazil (Sanders 2012). 
These are possible taxa speculated to be involved in the creation of L. strigocamara (Sanders 2006). 


The name L. camara is entrenched in worldwide usage and still widely misapplied to various taxa 
of L. sect. Lantana including L. sandersii and L. strigocamara. The continued misuse of L. camara hampers 
the recognition and conservation of the native diversity of Lantana throughout Florida and the Neotropics. 
Within L. sect. Lantana, Sanders (2012) recognized 20 species with 13 subspecies and five varieties. 


Figure 13. Corollas of Lantana. A. Lantana depressa, Camp Owaissa Bauer, Miami-Dade Co. B. L. sandersii var. 
sandersti, Crandon Park, Miami-Dade Co. C. L. sandersii var. sanibelensis, Sanibel Island, Lee Co. (photo by Karen 
M. Rogers). D. L. sandersii var. cf. sandersii, Green Glades West, Hendry Co. E. L. strigodepressa, Goulds, Miami- 
Dade Co. F-G. L. strigocamara, Celebration, Osceola Co. (both plants in same habitat on same day within 30 m of 
each other). A, B, D-F. photos by A.R. Franck. 
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Key to taxa of Lantana sect. Lantana in Florida 


1. Stems without prickles; leaf blades generally light green, often involute, (1.5—)1.7—2.5(-3) times longer 
than wide, corollas fairly uniformly colored within each inflorescence, yellow to yellow-orange from bud, 
opening, and to the older flowers, occasionally the outermost ring of flowers turning a dark orangeish . . .2 


1. Stems often with prickles, the prickles sometimes weak and sparse, sometimes prickles absent; leaf 
blades generally dark green, mostly plane, 1—1.7(—1.9) times longer than wide; corollas a mixture of 
contrasting colors within each inflorescence, differently colored from bud, opening, and/or to the older 
flowers, rarely the corollas nearly uniform in color, colors of the corolla may include various combinations 
and intergradations of white, yellow, orange, pink, to reddish orange.............. 0.0... 0.000 0000. 4 


2. Stems prostrate to decumbent, 0.1—0.3(—0.6) m tall; leaf blades 1-3(-4.5) cm long, mostly 3—10 teeth per 
Sidezafruit MOStlye3=4 TMM: WAKE evs eek. dk gh ses eh eee Bate eke ann ead ee eens Gabe TL erp dec ab Bee teens L. depressa 


2. Stems mostly erect to ascending, sometimes spreading or partly clambering, 0.5—2(—3) m tall; leaf blades 
3—6.5 cm long, mostly 8—15 teeth per side; fruit mostly 4-5 mm wide......................0.0000. 3 


3. Young stems glabrate, pubescent to moderately antrorsely pilose, the trichomes to 1.0(1.3) mm long... 
ch pectie g Page SED On ee ct tots Bokeh ey, ty Riemer tyecases Arba ai he ete a opts ules Be eal L. sandersii var. sandersii 


3. Young stems densely spreading to antrorsely pilose, the trichomes to 2.0mm long................. 
Led heh te Pe Reel 2 FL ike, open eel Re Lele, apni iNee Rieti PRP! eal: L. sandersii var. sanibelensis 


4. Larger blades usually >4 cm wide, mostly I—1.5 times longer than wide, the base usually cordate, 
truncate, to subacute, usually shortly and narrowly cuneate into the petiole, usually not nigrescent upon 
CIS, A Ree era. pancreas Ua eee ca ptr et Oleic. ye NAR eo ge noes L. strigocamara 


4. Larger blades usually <4 cm wide, mostly 1.4—1.7 times longer than wide, the base acute to subtruncate, 
often gradually tapering from the outer blade base margin to the petiole, younger ones sometimes nigrescent 
LPO GVA Oy Me. cobs ANAS ore tone, aps bee oma hela? pede va ee gs lane tMads ee ab sted orrrak ahha cba Ps Mets r) 


5. Shrubs mostly >60 cm tall; stems ascending to erect; larger leaf blades (often more proximal on the 
stems) usually >2.9 cm long, >1.8 cm wide; peninsular Florida....................0.004. L. xfloridana 


5. Shrubs mostly <1 m tall; stems spreading to ascending; larger leaf blades (often more proximal on the 
stems) mostly <4 cm long, <2.2 cm wide; Miami-Dade County....................... L. xstrigodepressa 


Lantana depressa Small, Bull. New York Bot. Gard. 3: 436. 1905. Lectotype (designated here): Florida, 
Miami-Dade Co., between Cocoanut Grove and Cutler, near the unfinished railroad grade, 31 Oct- 
4 Nov 1903, Small & Carter 747 (lectotype, NY00137591; isolectotype, F172460). 


Lantana depressa is alow-growing shrub with prostrate to decumbent stems and leaf blades usually 
to 3 cm long (Figs. 12A and 13A). Curiously, two mature plants in cultivation in Miami-Dade Co. of 
separate provenance both completely lost their leaves in February 2020 but leafed out in March. It is 
unknown if this is a consistent behavior in this species. Lantana depressa is a fire-adapted species endemic 
to the pine rocklands of Miami-Dade Co., from the Brickell Hammock area to Long Pine Key. The native 
populations are now presumably extirpated from the northeastern part of its range, 1.e., the areas of Brickell 
Hammock, Coconut Grove, and Coral Gables (Gann et al. 2020). Lantana depressa is ranked as critically 
imperiled in South Florida by IRC (Gann et al. 2020). 
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Small only mentioned the “type specimens” were Small & Carter 707 but did not specify a 
herbarium. In accordance with Arts. 7.11 and 9.23, the NY specimen is designated the lectotype. 


Representative specimens examined. USA. Florida. Miami-Dade Co.: Miami, 4 May 1928, Fisher 58 (US); 
south of Miami River, 20 Nov 1912, Small 3845 (NY); Brickell Hammock, 5 Jul 1915, Small & Small 6824 
(NY); Long Pine Key, 21 Jun 1975, Hill & Harvey III 3236 (FTG); Coconut Grove, 1910, Rodham s.n. 
(A); Brickell Hammock, 27 Apr 1920, Rehder 811 (A); vicinity of Miami, 16 Jan 1919, Hunnewell 5858 
(GH); Homestead, 28 Apr 1958, Traverse 646 (GH). 


Lantana sandersii A.R. Franck & Gann, nom. nov. Lantana bahamensis Britton, var. floridana Moldenke, 
Phytologia 31: 373. 1975 (non L. xfloridana Raf. 1832). Lantana depressa Small, var. floridana 
(Moldenke) R. W. Sanders, Syst. Bot. 12: 55. 1987. Type: Florida, Miami-Dade Co., beach 
opposite Miami, Nov 1904, Small 2101 (holotype, NY00137589). 


The new name Lantana sandersii 1s proposed at the species rank for this taxon, honoring Roger W. 
Sanders (1950-2018) who intensively studied the taxa of Lantana sect. Lantana. The epithet floridana is 
already occupied by a different taxon at the species rank, L. xfloridana Raf. 


Lantana sandersii (Figs. 12B and 13B) is known from peninsular Florida to southern South 
Carolina, mainly of coastal habitats but occasionally occurring inland in open, sandy habitats. Lantana 
sandersii 1s ranked as critically imperiled in South Florida by IRC (Gann et al. 2020). Major threats include 
introgression with the non-native L. strigocamara and habitat loss. Another concern is the possibility that 
eradication efforts aimed at L. strigocamara could easily mistakenly target native L. sandersii. 


Lantana sandersii 1s here considered to comprise two varieties, var. sandersii (=L. depressa var. 
floridana) and var. sanibelensis, which are only subtly distinguishable. Populations from the Big Cypress 
region are here tentatively referred to var. sandersii; previously these populations have been called var. 
sanibelensis (Sanders 1987) but their stems are not densely spreading hirsute, rather pubescent to glabrate. 
Historic populations from central Florida are here referred to var. sandersii (Sanders 1987), but one 
specimen from Osceola Co. had hirsute stems more like var. sanibelensis. The variety sandersii was also 
historically known from the southernmost extent of scrub on the east coast (Small 1924: 89) in the Little 
River area of Miami-Dade Co. (Demaree 10191 and Sanders 1656), but very little of this habitat remains. 
This area also supports the southernmost population of the scrub species Sabal etonia Swingle ex Nash 
(Cook s.n., US and Zona 67, FLAS) and had been home to the southernmost and now locally extirpated 
population of Ceratiola ericoides Michx. (Eaton 510, GH and Safford 17, US). 


Lantana sandersii was once considered endemic to Florida (Sanders 2006, 2012) but specimens 
from coastal Georgia and South Carolina appear to be native populations of var. sandersii (cited below). 
Elliott’s (1824) account of L. camara (misapplied) likely refers to L. sandersii, describing the stem as 
lacking prickles, the leaf blades tapering at the base, and the corollas bright yellow or orange. His 
description was based on material collected by Baldwin along the St. Marys River, a portion of which forms 
the border between Georgia and Florida. Some of Baldwin’s other observations clearly pertain to L. 
xfloridana or L. strigocamara (see below under XL. floridana). 


Representative specimens examined of L. sandersii var. sandersii. USA. Florida. Brevard Co.: thicket, 10 
Nov 1902, Fredholm 5574 (GH). Collier Co.: Kissimmee Billy, | Dec 1976, Correll 47737 (NCU); N of 
Copeland, 6 Jul 1990, Judd 5962 (FLAS). Glades Co.: Fort Center, 10 Nov 2012, Franck 3189 (USF [mixed 
collection with L. xfloridana’?|). Hendry Co.: west of Snake Road, 3 Jun 1989, Hendrickson s.n. (FLAS); 
Green Glades West, 29 Jan 2021, Franck 5147 (USF). Highlands Co.: Brighton, 27 Aug 1948, West s.n. 
(PAC [faint stem prickles, introgressed with L. strigocamara?]). Martin Co.: Jupiter Island, 27 Jul 1956, 
Cooley et al. 4836 (GH). Miami-Dade Co.: Miami, Jun 1877, Garber s.n. (GH); Bull Key, opposite Lemon 
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City, 6 Nov 1903, Small & Carter 618 (NY, mixed collection - upper left Z. <floridana and middle and 
right L. sandersii [possibly introgressant with L. xfloridana]); S of NE 10 Ave. and 215 Street, 6 Mar 1984, 
Sanders 1656 (FTG); Little River, 1 Feb 1933, Demaree 10191 (US); Key Biscayne, 2 Dec 1968, Gillis 
7265 (FTG). Osceola Co.: Kissimmee, Idora Park, 14 Apr 1938, Singletary s.n. (DUKE [faint stem prickles, 
introgressed with L. strigocamara?|). Palm Beach Co.: Boca Raton, 5 Oct 1977, Nauman 229 (FTG). Polk 
Co.: 12 Apr 1894, Ohlinger s.n. (GA, VSC). Volusia Co.: New Smyrna Beach, 20 Sep 1982, Sanders 1542 
(FTG). Georgia. Camden Co.: Little Cumberland Island, 18 Oct 1972, Sharpe 11 (GA). South Carolina. 
Beaufort Co.: by US highway 21 in Beaufort, 11 Oct 1956, Bell 5243 (NCU). 


Lantana sandersii var. sanibelensis (R.W. Sanders) A.R. Franck & Gann, comb. nov. Lantana depressa 
Small var. sanibelensis R.W. Sanders, Syst. Bot. 12: 55. 1987. Type: Florida, Lee Co., Sanibel 
Island, [ca. 26.462, -82.155], 11 May 1954, Cooley 2674 (holotype, GH00094772; isotypes, 
USF13791, USF13792). 


Lantana sandersii var. sanibelensis (Figs. 12D and 13C) is endemic to western peninsular Florida, 
on barrier islands from Pinellas Co. south to Lee Co. The moderately to densely hirsute stems with rather 
long trichomes characterize this variety, and according to Sanders (1987), the variety also has slightly 
smaller corollas than L. sandersii var. sandersii, which 1s otherwise very similar. Purely endemic lineages 
of L. sandersii var. sanibelensis are threatened by hybridization and admixture with ZL. strigocamara. 
Lantana sandersii var. sanibelensis 1s ranked as critically imperiled in South Florida by IRC (Gann et al. 
2020). 


Representative specimens examined. USA. Florida. Lee Co.: Wulfert, Sanibel Island, 10 Jan 1970, 
Brumbach 7039 (FTG); ibid., 3 Feb 1969, Brumbach 6609 (FTG); ibid., 24 Mar 1973, Brumbach 8283 
(US); Punta Rossa, Jul-Aug 1900, Hitchcock 268 (GH); North Captiva Island, 7 May 1978, Morrill & 
Harvey 61 (USF); Cayo Costa Island, 8 Apr 1991, Young & Herwitz 534 USF); Mound Key, 10 May 1991, 
Close et al. MK0008 (USF). Pinellas Co.: Hog Island [Caladesi and Honeymoon Islands], 18 Apr 1900, 
Tracy 6773 (GH); Mullet Key, 23 Jun 1976, Thorne 48448 (USF). Sarasota Co.: Long Beach [Longboat 
Key], 19 Sep 1952, Duncan et al. 14093 (GA). 


Lantana strigocamara R.W. Sanders, Sida 22: 392. 2006. Type: Florida, Miami-Dade Co., Montgomery 
Foundation, 23 Sep 1981, Sanders 1450 (holotype, FTG118878). 


The non-native L. strigocamara has been naturalized throughout Florida, primarily in 
anthropogenically disturbed areas, but it is also categorized as an invasive species (FLEPPC 2019) for its 
ability to colonize relatively undisturbed habitats. It 1s thought to be derived from crosses of several taxa, 
probably including some combination of L. nivea, L. scabrida, L. splendens, L. camara, and/or L. hirsuta 
(Sanders 2012). The corollas of L. strigocamara are typically multicolored in each inflorescence (Fig. 13F— 
G). 


Representative specimens examined. USA. Florida. Hillsborough Co.: Tampa Bay, May 1876, Garber s.n. 
(BRU). Lee Co.: Fort Myers, 12 Apr 1930, Moldenke 947 (US). Miami-Dade Co.: Costello [Castellow] 
Hammock, 26 Jun 1966, Long et al. 1883 (USF). Monroe Co.: Stock Island, Key West Botanical Garden, 
dense woods, 28 Aug 1954, Killip 44384 (US); Lostman’s Ranger Station, 27 Feb 1996, Reimus 901 
(FNPS). 


Lantana xfloridana Raf., Atl. J. 148. 1832. Neotype (designated here): Florida, Volusia Co., New Smyrna 
Beach, lax shrub ca. 1 m tall, flowers opening yellow becoming orange then purplish, 2n=33, 20 
Sep 1982, Sanders 1540 (FTG120180). 
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=Lantana bartramii Baldwin ex Darl., Relig. Baldwin 192—193, 247. 1843. Lectotype (designated here): 
“1482 Lantana Hardy native” (lectotype, PH00035034; probable isolectotype, PHO0008820). 


Lantana xfloridana was described by Rafinesque as having corollas “yellow, orange, red, crimson 
or scarlet on [the] same shrub” and that the leaves were “ovate lanceolate”. In the introduction to the article, 
Rafinesque stated “Having seen in gardens and herbals several rare or new sp. of Florida, I will here describe 
some of them.” Sanders (2006) implied L. <floridana was based on a plant from the upper Atlantic coast 
of Florida, though Rafinesque does not give any specific locality information. Sanders (2006) could not 
locate a type specimen, and it sounds as though Rafinesque merely described the taxon based on cultivated 
plants he saw, without a herbarium specimen. Sanders (2006: 392) concluded that L. <floridana is a hybrid 
betwixt L. depressa var. floridana (L. sandersii) and L. strigocamara (Sanders 2012: 438). In order to 
further stabilize nomenclature in the already convoluted taxonomy of Lantana, it is helpful to typify L. 
xfloridana in agreement with the usage given by Sanders (2006, 2012) (although it 1s conceivable 
Rafinesque instead had described a plant of L. strigocamara). No original material is known and here a 
neotype is designated for L. xfloridana from an area where Baldwin had also botanized. For convenience, 
the name Lantana xfloridana 1s here applied to hybrids of L. strigocamara and either variety of L. sandersii. 
Putative hybrids between L. strigocamara and each of the two varieties of L. sandersii seem 
morphologically indistinguishable (although Sanders 1987 purported that the angle between the midrib and 
blade margin was useful). 


It seems plausible that Rafinesque had seen garden material produced from Baldwin’s collections 
of L. bartramii. The name L. bartramii was published posthumously from Baldwin’s letters through 
Darlington (1843). William Baldwin collected in northeastern Florida in 1816-1817, going at least as far 
south as New Smyrna (Darling 1843: 227). In December 1816, he found a Lantana around Lake George 
(Darlington 1843: 186, 195), the same area where Bartram (1792: 101—102) had reported it with “crimson, 
scarlet, orange and golden yellow” corollas in the 1770s. Baldwin further said the plant “abounds along the 
sea coast of Florida” (Darlington 1843: 192, 247), but these observations along the “sea coast” may partly 
pertain to L. sandersii var. sandersii. Baldwin mentioned his intent to send a specimen to Lambert and 
described its corollas as “bright yellow to crimson and purple [...] on the same plant at the same time” 
(Darlington 1843: 191-193). In Aug 1817, Baldwin wrote of his intent to send material to Bartram 
(Darlington 1843: 239) and in Aug 1818 he stated that this Lantana was now in flower at Bartram’s Garden, 
in the care of Robert Carr (Darlington 1843: 277). In 1828, a “Large flowered” plant by the name of 
“Lantana bartramia’” was listed for sale from the Bartram Garden (Carr 1828). 


Two specimens of original material of L. bartramii appear to be extant at PH, one of which was 
from the Lambert herbarium. Both specimens appear to have the same general morphology and 
development, and they are possibly duplicates. Sanders (2006) stated PHO0035034 had “elements of” L. 
sandersii and concluded L. bartramii was synonymous with L. <floridana (Sanders 2012). 


An early specimen of this hybrid group was collected from the western coast in Manatee Co., 
Florida in Jun 1845 (Rugel 129, FLAS, US). It has sparsely prickly stems and leaf blades somewhat more 
broadly ovate than L. sandersii. A collection (VMoldenke 797) from Key West may be this hybrid, which 
alternatively was figured by Sanders (2012) to be a hybrid of L. strigocamara and L. depressa s.str. No taxa 
of Lantana sect. Lantana are known to be native to the Florida Keys, which makes the Key West specimen 
peculiar. Some hybrids were identified in the Cape Sable region of Monroe Co. and in Hillsborough Co., 
yet no “pure” L. sandersii was located or identified in these areas (Sanders 1987). Possibly, admixture has 
completely removed purely endemic lineages in these areas, or maybe they remain undetected, or perhaps 
admixed propagules could be dispersing into these areas. 


An early specimen collected by Simpson in 1891 was stated to be from “Point Losmans” which is 
an area along the north side of Key McLaughlin which now uses the descriptor “Lostman’s”. In earlier 


Phytologia (June 21, 2021) 103(2) 61 


maps up until at least 1911, the area was referred by the term “Lawson” probably referring to the surgeon 
general Thomas Lawson. So, it seems over time, the descriptor Lawson changed to Losman or Lossman 
which then became Lostman. 


Representative specimens examined. USA. Florida. Indian River, 1874, Palmer s.n. (US). Brevard Co.: 
south of Cocoa Beach, 9 Aug 1929, O’Neill s.n. (US). Broward Co.: Dania Beach, 31 Apr 1977, Biernacki 
s.n. (FTG). Citrus Co.: near Hells Gate, mouth of Homosassa River, 3 Jul 1936, Correll 5805 (GH). Collier 
Co.: south port of Naples, 18 Sep 1952, Duncan et al. 14087 (GA); Fakahatchee Strand State Park, 25 Sep 
2000, Owen FS0342 (USF). Duval Co.: vicinity of Jacksonville, 1877, Curtiss s.n. (US). Hardee Co.: 10 
mi. W of Bowling Green, 24 Jul 1977, Kuczynski s.n. (USF). Highlands Co.: Sebring, 20 May 1925, Palmer 
27448 (A). Hillsborough Co.: Long Key, 6 Aug 1894, Lewton s.n. (NY); Tampa, 24 Mar 1923, Churchill 
s.n. (GH). Lake Co.: Eustis, 1-15 Jun 1894, Nash 943 (A, GH, US); E of Eustis, 7 May 1918, Small 8666 
(NY). Lee Co.: Mound Key, Estero Bay, 20 Apr 1964, Lakela et al. 27034 (USF); Mound Key, Estero Bay, 
11 Aug 1973, Todd I] (FLAS, USF); Eastern Sanibel, 5 Oct 1976, Brumbach 9058 (USF). Manatee Co.: 
Jun 1845 Rugel 129 (FLAS, US); Anna Maria Key, 7 Jun 1918, Barrett 5 (US). Martin Co.: Jupiter Island, 
2 Apr 1970, Dunn 16607 (USF). Monroe Co.: Northwest Cape, 6 Sep 1979, Avery & Russell 2146 (FNPS); 
ibid., 16 Apr 1996, Seavey & Seavey 1181]; ibid., 30 Jun 1996, Seavey & Seavey 1163; ibid., Seavey & 
Seavey 1162; Point Losmans [Lostmans] Key, May 1891, Simpson 198 (US); Key West, dry sandy soil, 
shrubs low, spreading, ca. 4 ft. tall, flowers varying from pink to lavender, 19 Mar 1930, Moldenke 797 
(DUKE, NY). Palm Beach Co,: Ocean Drive, N of Juno Beach, 30 Sep 1962, Lakela 25425 (USF). Pasco 
Co.: Anclote Key, 21 May 1918, Howell 940 (US). Sarasota Co.: Keys, Sarasota, 1876, Garber s.n. (US); 
Anna Maria Key, 12 Apr 1917, Cuthbert 1527 (FLAS). St. Johns Co.: Anastasia Island, 21 May 1897, 
Barnhardt 2241 (NY). Volusia Co.: Turtle Mound, ca. 6 mi. SSE of New Smyrna Beach along the coast, 
20 May 1981, Hansen & Robinson 8250 (USF). 


Lantana  strigodepressa A.R. Franck, hybr. nov. Type: Florida, Miami-Dade Co., SW 120th Ave and 
Bailes Road, Goulds, 25.554°, -80.385°, 13 May 2020, Franck & Alexander 4814 (holotype, FTG; 
isotype, USF). 


Description: Shrub, to 1 m tall, stems spreading to ascending. Stem with minute prickles, 
moderately pilose on young parts, hairs to 1 mm long. Leaf blades ovate, scabrous on both surfaces, 1.3— 
1.7 times longer than wide, 1.6—4 cm long, 2.2 cm wide. Corolla limb 5—6 mm wide, the tube 6—8 mm long. 
Fruit 4 mm wide. 


The name L. Xstrigodepressa 1s introduced for hybrids between L. strigocamara and L. depressa s. 
str. (Figs. 12C and 13E). This naming device is similar to the construction of the species epithet 
strigocamara which alluded to elements of the strigose and camara groups of Lantana. 


Representative specimens examined. USA. Florida. Miami-Dade Co.: Old Cutler Road, just N of sunction 
with 173 St., 8 Dec 1981, Sanders & Popenoe 1469 (FTG); SE corner of Krome Ave. and Bauer Dr., 26 
Sep 1995, Bradley 272 (FTG); Tamiami Pineland Preserve, 31 Aug 1995, Bradley 145 (FTG); Red Road 
and SW 114th Terrace, 12 Mar 1964, Weinfeld 35 (USF); Buena Vista, 27 Dec 1929, Moldenke 307a (NY); 
near Snapper Creek Hammock, 19 Jun 1915, Small & Mosier 6367 (NY); SW 67 St. and SW 75 Ct., 9 Mar 
1975, Hill 2537 (FTG). 
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Appendix 1. Endemic taxa of terrestrial extreme southern Florida, south of 26.25° N (undoubtedly this list 
is not exhaustive). 


Birds (Ammodramus maritimus mirabilis); crustacean (Procambarus milleri); insects (Anaea troglodyta 
floridalis, Ataenius superficialis, Belocephalus micanopy, B. sleighti, Cicindelidia floridana, Cyclargus 
thomasi bethunebakeri, Cycloptilum irregularis, Dialictus flaveriae, Gryllus cayensis, Heraclides 
aristodemus ponceanus, Orocharis diplastes, O. tricornis, Strymon acis bartrami),; mammals (Odocoileus 
virginianus clavium, Neotoma floridana_ smallii, Oryzomys argentatus, Peromyscus gossypinus 
allapaticola, Sylvilagus palustris hefneri),; reptiles (Diadophis punctatus acricus, Plestiodon egregius 
egregius, Tantilla oolitica); snails (Cerion incanum, Orthalicus floridensis, O. reses); and plants (Amorpha 
herbacea var. crenulata, Andropogon miamiensis, Argythamnia blodgettii [if distinct from A. 
argothamnoides|, Asplenium xbiscaynianum, Borreria terminalis, Brickellia mosieri, Chamaecrista 
deeringiana [probable endemic, reported elsewhere], Chamaecrista keyensis, Chromolaena frustrata, 
Consolea_ corallicola, Dalea floridana, Didymoglossum punctatum subsp. floridanum, Digitaria 
pauciflora, Euphorbia conferta, Euphorbia deltoidea [4 subsp.|, Euphorbia garberi, Euphorbia pinetorum, 
Euphorbia porteriana, Galactia pinetorum, Galactia smallii, Govenia floridana, Indigofera keyensis [if 
distinct from J. oxycarpa and I. scabra|, Lantana depressa (s. str.), Lechea lakelae, Linum arenicola, Linum 
carteri, Linum smallii, Melanthera parvifolia, Opuntia abjecta, Opuntia ochrocentra, Sabal miamiensis, 
Schizachyrium rhizomatum, S. sericatum [if distinct from S. gracile], Sideroxylon reclinatum subsp. 
austrofloridense, Solidago chrysopsis, Stenaria nigricans var. floridana, Tectaria xamesiana, Tephrosia 
angustissima var. angustissima, Tragia saxicola). 


Appendix 2. Vascular plant taxa endemic to South Florida and presumed extinct (Gann et al. 2002, 2020; 
Knapp et al. 2020). 


Eriochloa michauxii var. simpsonii, Govenia floridana, Lechea lakelae, Tectaria xamesiana, Tephrosia 
angustissima var. angustissima. 


Appendix 3. Native vascular plant taxa probably extirpated in the wild from South Florida and not present 
elsewhere in Florida, but presumed extant outside of Florida (Gann et al. 2020). All taxa below were 
restricted to extreme southern Florida (south of 26.25° N) except two marked with an asterisk (*) were 
found north of 26.25° N. 


Adiantum villosum, Amaranthus crassipes (if native), Amyris balsamifera, Baccharis dioica, Brassia 
caudata, Bulbophyllum pachyrachis, Chloris elata, Cissampelos pareira, Cyperus lentiginosus (if native), 
Didymoglossum_ lineolatum, Epidendrum acunae, Euploca fruticosa, Lepanthopsis melanantha, 
Macradenia lutescens, Maxillaria parviflora, Melochia tomentosa, Peperomia magnoliifolia, Pleopeltis 
marginatum, Pteris quadriaurita*, Rhipsalis baccifera, Serpocaulon triseriale, Spiranthes amesiana (it 
distinct from S. torta), Tectaria coriandrifolia, Tillandsia fasciculata var. clavispica, T. fasciculata var. 
fasciculata, Trichocentrum carthagenense, Tridens eragrostoides, Utricularia amethystina*, Vachellia 
macracantha, Vanilla dilloniana, Varronia bahamensis. 
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ABSTRACT 

Specimens of Mariosousa gentryi Seigler and Ebinger were originally thought to be hybrids of 
heterophylla (Benth.) Seigler & Ebinger and M. russelliana (Britton & Rose) Seigler & Ebinger as the 
putative parents. These proposed parental taxa have relatively narrow geographic ranges and are only 
marginally sympatric in central and northern Sonora, Mexico. We have observed numerous specimens of 
both species from throughout their ranges, and the specimens described below from the state of Sinaloa are 
the few we have seen that we originally thought might be hybrids. These specimens are restricted to a small 
area of northern Sinaloa in the general vicinity of the cities of Bahia Topolobampo and Los Mochis, more 
than 100 km south of the present known range of M. heterophylla but within the southern portion of the 
range of S. russelliana in northern Sinaloa. Published online www.phytologia.org Phytologia 103(3):69-72 
(September 27, 2021). ISSN 030319430. 


KEY WORDS: Fabaceae, Mariosousa gentryi, sp. nov., M. heterophylla, M. russelliana, Sinaloa, Sonora. 


The genus Mariosousa, now consisting of 14 taxa, was recognized as distinct from the large genus 
Acacia s.\., when Jawad et al. (2000 [2001]) published a systematic treatment of the Acacia coulteri species 
group from the New World. Later, Seigler et al. (2006) transferred 12 species of this Acacia group to the 
newly described genus Mariosousa. Mariosousa willardiana was transferred to the genus (Seigler et al., 
2006) and subsequently considered a synonym of M. heterophylla. (Seigler & Ebinger, 2018). Members 
of Mariosousa are erect shrubs or trees that lack prickles or spines, have persistent stipules, and flowers in 
cylindrical spikes. Also, except for minor differences in flower size and pubescence, flowers are quite 
similar, being 5-merous with tubular to cup-shaped calyx and corolla, numerous separate stamens that 
usually possess anther glands, and a single short-stalked pistil. The species of this genus are common 
throughout Mexico and much of Central America, with one species, Mariosousa millefolia (S. Watson) 
Seigler & Ebinger, entering Arizona and New Mexico. 


Mariosousa gentryi Seigler & Ebinger sp. nov. - TYPE: MEXICO. SINALOA: Small tree with yellow 
peeling bark, rocky volcanic slopes with coastal thorn forest, Cerros de Navachiste about Bahia 
Topolobampo, 26-30 Sep 1954, H.S.Gentry 14337 (holotype: MICH; isotypes: LL, US) (Fig. 1). 


DIAGNOSIS 
Specimens of Mariosousa gentryi resemble M. heterophylla in being small trees with exfoliating, 
papery bark, having petioles that sometimes exceed 100 mm in length, leaflets fewer than 26 pairs per 
pinna, and some pinnae that exceed 55 mm in length. They differ from those of M heterophylla in the 
number of pinna pairs (2-7 vs. 0 to rarely 2 or 3) and stipules (3-5 mm vs. 0.5-1.1 mm). Plants of M. gentryi 
are similar to M. russelliana in having stipules 3-5 mm long, petioles that are shallowly grooved, and leaves 
with up to seven pinna pairs, but differ in that  russelliana has dark-gray, shallowly-furrowed bark, 
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petiolar glands are usually present, leaflet pairs 0.9-1.8 mm apart (vs. 1.8-3.3 mm), and stamen filaments 
4.5-6.5 mm (vs. 7.0-9.0 mm). 
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Fig. 1. Mariosousa gentry Seigler & Ebinger; A. Leaf; B. Petiolar gland; C. Leaflet; D. Flower; E. Pseudo- 
inflorescence; F. Fruit; G Seed. A, B, C, F, G from the holotype Gentry 14337 (MICH); D, E from Gibson & Gibson 
2101 (ASU) A-G illustrated by Veronica Severini. 
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DESCRIPTION 

Small tree; bark smooth, yellowish, exfoliating, and papery; twigs light brown to greenish brown, 
becoming dark reddish purple, not flexuous, glabrous to puberulent; short shoots absent. Leaves alternate, 
30-220 mm long; stipules narrowly linear, 2-5 x 0.2-0.4 mm near the base, glabrous, persistent; petiole 
shallowly grooved to nearly terete in cross section, 20-130 mm long, glabrous, minute purple glands absent; 
petiolar gland usually absent, sometimes located between the lowermost pinna pair, sessile, circular, 0.5- 
1.2 mm across, globose to doughnut-shaped, glabrous; rachis not grooved, 30-130 mm long, glabrous, 
minute purple glands absent, a small globose gland 0.3-0.8 mm across between the uppermost, and 
sometimes lower pinna pairs; pinnae 2 to 7 pairs/leaf, 40-80 mm long, 4-40 mm between pinna pairs; 
paraphyllidia 0.6 mm long, commonly absent; petiolule 3-6 mm long; leaflets 15 to 25 pairs/pinna, opposite, 
1.8-3.3 mm between leaflet pairs, oblong to elliptic, 4.5-10.0 x 0.9-2.2 mm, glabrous, lateral veins not 
obvious, only to rarely three veins from the base, margins not ciliate, apex narrowly acute to acuminate, 
midvein subcentral. Inflorescence a loosely flowered cylindrical spike 40-80 mm long, solitary (rarely 2) 
from the leaf axil; peduncle 8-20 x 0.5-0.8 mm, puberulent; floral bracts linear, to 1.2 mm long, glabrous 
to lightly pubescent, early deciduous. Flower sessile, creamy white, calyx 1.4-2.0 mm long, lightly 
appressed pubescent; corolla 2.4-3.2 mm long, lightly appressed pubescent; stamen filaments 7.0-9.0 mm 
long; stipe of ovary to 0.1 mm long. Legumes 50-140 x 13-20 mm, chartaceous, transversely to irregularly 
striate, glabrous, eglandular; stipe to 11 mm long; apex obtuse to acute. Seeds oval to nearly circular, 6.4- 
11.0 x 4.5-8.0 mm, dark purplish brown; pleurogram U-shaped, 2.5 mm across. 
Phenology: Flowering July. 
Local Names: None known. 
Conservation Status: Considering the lack of material, we consider the status of this taxon to be Data 
Deficient UCN, 2001). 
Distribution: Arid hills, rocky slopes, and thorn-scrub forests at lower elevations in northern Sinaloa, 
Mexico, near Los Mochis and Bahia Topolobampo. 
Etymology: Mariosousa gentryi is named for Howard Scott Gentry (1903-1993), a leading authority on 
agaves, a distinguished economic botanist, and collector of the type specimen. 


Specimens examined: MEXICO: Sinaloa: small tree with light gray branches and yellowish papery 
bark on trunk, Bahia Topolobampo in the Sierra Navachiste, 5 Jan 1952, H.S.Gentry 11432 (LL); slender 
trees with crooked trunks with yellow peeling bank and lightly bending feathery foliage, rocky volcanic 
slopes with coastal thorn forest, Canyon Diablo, Cerros del Fuerte, 18-24 miles N of Los Mochis, 200-1000 
ft., 3-5 Oct 1954, H. S. Gentry 14420 (MICH); hillside with native vegetation, dry, above mangrove swamp 
in Topolobampo, 17 Jul 1971, 4.C.Gibson & L.C.Gibson 2101 (ARIZ, ASU); dry rocky hills, vicinity of 
Topolobampo, 23 Mar 1910, J.N.Rose, P.C.Standley & G.Russell 13317 (US); bosque espinoso, Mpio. de 
Ahome, Topolobampo a Maviri, 5-30 m, 20 Feb 1992, R. Vega A. & A.Herndndez V. 4220 (MEXU). 


DISCUSSION 

We originally considered Mariosousa gentryi Seigler & Ebinger to be of hybrid origin with 
heterophylla (Benth.) Seigler & Ebinger and M. russelliana (Britton & Rose) Seigler & Ebinger being the 
putative parents (Jawad et al. 2000: 547). However, M. heterophylia is restricted to north-central and 
western central Sonora, well north of the range of M. gentryi which 1s found only in northern Sinaloa, 
Mexico. We have observed numerous specimens of the two putative parent species from throughout their 
ranges. Only a few specimens of this new taxon were available for study, none of which come from an 
area where M. heterophylla is known to occur. The range of M. gentryi overlaps that of VM. russelliana in 
northern Sinaloa. Specimens of /. gentryi share morphologically similarities to M. russelliana and M. 
heterophylla, and are intermediate in some characteristics, which might suggest a hybrid origin. Being 
restricted to a small area of northern Sinaloa in the general vicinity of the town of Bahia Topolobampo and 
Los Mochis, M. gentryi is more than 100 km south of the present known range of M. heterophylla. Also, 
mature seeds were observed on some of the specimens (e.g., Gibson & Gibson 2101 at ASU), indicating 
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that this taxon is probably not sterile. Thus, we conclude that M@. gentryi represents a distinct species with 
a limited geographic distribution. More information, including field work and DNA analysis, will be 
necessary to further support the status of this taxon. 

At the present time we have seen more than 125 specimens of Mariosousa russelliana from throughout 
its range in Sinaloa, and Sonora, Mexico. The majority of these specimens are from eastern and southern 
Sonora; only about 10 are from Sinaloa. It appears to be a common species of dry, deciduous, tropical 
forests and thorn-scrub and desert-scrub vegetation, mostly on rocky slopes, from near sea level to about 
700 m elevation. Mariosousa heterophylla, in contrast, appears to be endemic to the state of Sonora, Mexico 
(Jawad et al. 2000[2001]; Rico Arce 2007). This species is commonly found growing on arid hills, rocky 
slopes and washes in desert scrub vegetation between sea level and 500 m elevation. We have examined in 
excess of 150 specimens of this species and have located no naturally occurring material from outside the 
state of Sonora, Mexico. As far as we can determine, the specimens of M. heterophylla examined are from 
the northern and western portions of the state of Sonora, none being found near or south of the 
Sonora/Sinaloa border. All specimens of 1. gentryi examined are from the vicinity of the towns of Bahia 
Topolobampo and Los Mochis in the northern part of the state of Sinaloa, Mexico, located about 50 km 
south of the Sonora/Sinaloa border, approximately 100 km south of the known range of M. heterophylla. 
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ABSTRACT 

We analyzed the near-riparian zone along the Colorado River in the Lampasas Cut Plain (LCP) of Texas 
at Timberlake Biological Station (TBS) and described species composition and structure of vegetation. Our 
analysis was conducted to provide baseline knowledge on the natural vegetation of this near-riparian zone 
that has only been examined from North Texas in the Piney Woods ecoregion. The near-riparian zone of 
TBS was comprised of three vegetational layers: 1) upper canopy of trees including mainly green ash 
(Fraxinus pennsylvanica) and about equal amounts of cedar elm (U/mus crassifolia) and American elm (U. 
americana) 2) under canopy of the liana saw greenbriar (Smilax bona-nox) as well as both annual and 
perennial grasses and forbs. Green ash was the dominant tree and saw greenbriar and Virginia creeper 
(Parthenocissus quinquefolia) were the only two lianas. Dominant grasses and sedges included Canada 
wildrye (Elymus canadensis), switch grass (Panicum virgatum) and William Emory’s caric sedge (Carex 
emoryi). The dominant forb was Spiny-aster (Chloracantha spinosa). In addition, beaver damaged fewer 
trees in the near-riparian of the Colorado River and diversity was lower compared to a near-riparian zone 
in the Piney Woods and compared to bottomlands found in the West Cross Timbers ecoregion of Texas. 
Published online www.phytologia.org Phytologia 103(3):73-85 (September 27, 2021). ISSN 030319430. 
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Bottomland forests and their associated near-riparian zones are some of the most widely distributed, 
biodiverse, and productive of communities throughout southern regions of North America (Braun 1964; 
Messina and Conner 1998; Baker et al. 2004). It has been estimated that over one-half of the bottomland 
forest ecosystem in Texas has been lost (Barry and Kroll 1999) and many, including the near-riparian area 
adjacent to the Colorado River in this investigation, have had their hydrology changed due to damming 
(Texas Parks and Wildlife (TPWD) 2012). Because of these losses there is considerable interest in 
restoration and preservation of riparian zones. However, little is known about community composition of 
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the near-riparian zone in Texas, which is defined here as the narrow, dynamic area adjacent to the 
bottomland and beginning at the water’s edge. This region 1s an extremely important buffer zone for the 
adjacent bottomland forest and has been shown to differ in species composition from the bottomland in 
East and North Central Texas (Nixon et al. 1991; 1977; Nixon and Raines 1976). 


Description of the natural vegetation is an important phase of preservation and restoration of riparian 
areas. To date there has been limited description and vegetational analysis of such communities (TPWD 
2012) and only four studies for Texas. No investigation in Texas has examined understory quantitatively in 
near-riparian zones of North Texas. There are several bottomland forest cover types in the southern region 
that have relatively open canopies and well-developed lower layers of vegetation including two recognized 
by the Society of American Foresters (SAF) (Eyre 1980): SAF 93, sugarberry (Celtis laevigata)-American 
elm (Ulmus americana)-green ash (Fraxinus pennsylvanica) and SAF 94, sycamore (Platanus 
occidentalis)-sweetgum (Liquidambar styraciflua)-American elm. The latter was previously designated as 
the sycamore- pecan (Carya illinoinensis)-American elm type (Eyre 1954). These all examined the broad 
bottomland forest community but did not examine the dynamic near-riparian community near the water’s 
edge. 


Later descriptive studies and subsequent qualitative reports of southern floodplain forests (Diamond et 
al. 1987; Meadows and Stanture 1997; Twedt and Best 2004; Lockhart and Kellum 2006; Twedt et al. 2010; 
Nelson et al. 2018) indicated the widespread sugarberry-elm-pecan forest type to be highly variable in its 
composition, especially where it is ecotonal to adjacent cover types. The general forest community as found 
in Texas was described variously as elm/sugarberry parks/woods (McMahan and Frye 1987), sugarberry- 
elm series (Diamond et al. 1987), sugarberry-elm floodplain forest (Bezanson 2000), and Edwards Plateau 
floodplain hardwood forest (Elliott 2013). 


Descriptions of understories of woodlands in eastern and southern forest regions of the United States 
commonly have been in conjunction with soil surveys under leadership of the Natural Resources 
Conservation Service (NRCS) as outlined in national range handbooks (Soil Conservation Service 1967, 
1976; NRCS 2003) and, more recently, river authorities (Jones-Lewey 2016). In an attempt to generally 
describe riparian areas across the state, the Nueces River Authority (NRA) produced a field guide, which 
included some of the common vegetation found in Texas riparian areas (Jones-Lewey 2016). Descriptions 
of grazeable woodlands are currently written as forest land ecological sites (NRCS 2003). Forest land 
ecological site descriptions need greater detail regarding forest vegetation, including that of the understory. 
Likewise, classification of natural communities such as forest alliances and series (Diamond et al. 1987; 
McMahan and Frye 1987; Bezanson 2000, Hoagland 2000) as well as the field guide by the NRA (Jones- 
Lewey 2016) have been largely qualitative with limited quantitative information provided. 


Rosiere et al. (2013) described a form of the sugarberry-cedar elm-pecan forest along the Bosque River 
in North Central Texas, which aligned with the description of southern floodplain forests described above. 
There is only one published, quantitative description of woody and herbaceous plants occurring along the 
Texas Colorado River (Nelson et al. 2018). The bottomland forest was comprised of three vegetational 
layers: 1) upper canopy of dominant trees including cedar elm (U/mus crassifolia) and green ash (Fraxinus 
pennsylvanica), 2) under canopy of heavily browsed shorter trees and shrubs including saw greenbriar 
(Smilax bona-nox), and 3) herbaceous zone of Canada wild rye (Elymus canadensis), sedges, as well as 
both annual and perennial forbs. None of the studies described above examined the near-riparian zone. 


Lonard et al. (1997; 1998; 1999; 2000; 2001; 2004), Lonard and Judd (2002), Everitt et al. (1999; 2002), 
and Zhang et al. (1998) documented riparian vegetation including the near-riparian for the Rio Grande in 
South Texas, but species composition of the subtropical Rio Grande was too different for comparison to 
this temperate-region investigation. To our knowledge, the only publications that mentions near-riparian 
vegetation in temperate North Texas 1s Nixon et al. (1991) who investigated creekside forest along Spring 
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Creek, north of Garland, Texas. They found that sugarberry, elms (U/mus spp.), and ashes (Fraxinus spp.) 
were the most important tree species along the creekside. The most prevalent shrubs and small trees were 
roughleaf dogwood (Cornus drummondii), rusty blackhaw (Viburnum rufidulum), Carolina buckthorn 
(Rhamnus caroliniana), and eastern red cedar (Juniperus virginianum). River grape (Vitis riparia), poison- 
ivy (Toxicodendron radicans), and Virginia creeper (Parthenocissus quinquefolia) were the most common 
lianas at the site. Shannon-Weiner diversity was 3.40 and richness was 32. 


We conducted the current study to provide descriptions and analyses of near-riparian forests of the 
Colorado River in an ecotonal area between the West Cross Timbers and the Edwards Plateau called the 
Lampasas Cut Plain (Diggs et al. 1999) at TBS and compare it to similar studies conducted in Texas. 
Currently there is a need for quantitative data of this forest vegetation, which is lacking for much of Texas 
(Diamond et al. 1987) and because of ongoing classification and ground-truthing of natural plant 
communities (Elliott 2013), as well as riparian restoration projects. This investigation provided the first 
quantitative data for bottomland forests in the Lampasas Cut Plain of Texas. 


MATERIALS AND METHODS 
The study area was within the Lampasas Cut Plain ecoregion (Diggs et al. 1999) and Cross Timbers 
and Prairies vegetational area (Correll and Johnston 1979) in Mills County, Texas (Figure 1). TBS was a 
working ranch that raised Braford cattle and Coastal bermudagrass (Cynodon dactylon) hay that was 
donated to Tarleton State University. The Colorado River in Texas, which borders the ranch between Mills 
and San Saba counties (Figure 1) is the longest river confined to the state, which begins in the Caprock 
Escarpment of the high plains near Lamesa, Texas, and flows to the Gulf of Mexico at Matagorda Bay 
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(Crisp 2012). The specific localities for the investigation was Timberlake Biological Station near 
Goldthwaite, Texas. The site was downstream from Lake O. H. Ivie, which was constructed 27 years ago 
at the confluence of the Concho and Colorado rivers (Williams 2016), about 145 km south of Abilene, 
Texas. We sampled vegetation from March 27, 2015 to July 1, 2015 using nonpermanent plots, which have 
been shown to yield few statistically significant differences from permanent plots in riparian vegetation 
monitoring (Laine et al. 2013). 


We used the step-point method (Evans and Love 1957; Bonham 1989) to determine composition of 
herbaceous and seedling (< 1.0 cm in diameter) species from the bottomland. Plants were sampled 
randomly with a sharp-pointed pipe and total and relative numbers of hits were recorded. We sampled a 
total of 3800 points in the near-riparian within six rectangular quadrants each of which was 2.0 by 50 m 
with the longest dimension parallel to the river bank as described by Ford and Van Auken (1982) and Wood 
and Wood (1988, 1989). The six areas were sampled on the north side of the Colorado River in two areas 
that included about 2 km of forested area adjacent to the river. Three samples within the 1.0 km stretch 
were taken on both sides of an elevated area cut by a rill that entered the river. 


For woody vegetation in the bottomland, we used the same six rectangular quadrants, 2.0 by 50 m to 
sample all woody species greater than 1.0 cm in diameter. We identified the woody species and measured 
diameter at breast height (dbh). The dbh was used to calculate basal area. We calculated density (plants/ha), 
dominance (basal area/ha), and relative-importance values as described by Ford and Van Auken (1982) and 
Wood and Wood (1988, 1989). Shannon diversity, richness, and evenness were calculated according to 
formulas in Ludwig and Reynolds (1988). 


We also assessed beaver (Castor canadensis) damage at the sites that we sampled. This was 
accomplished by counting trees that were gnawed, girdled, or downed in the 25 by 50 m bottomland 
quadrats. The species damaged by beaver were identified and percentages for tree species recorded. 


Species of plants were identified and classified using Diggs et al. (1999), which also served as the 
reference for common and scientific names. We deposited voucher specimens in the herbarium (TAC) at 
Tarleton State University in Stephenville, Texas. Using classifications for the Great Plains ecoregion, 
wetland indicator status for plants was obtained from Lichvar et al. (2016). 


RESULTS 
There were four species of trees sampled in this forest of which all were native. For all woody species 
>1.0 cm in diameter, green ash had the highest relative-importance value and greatest dominance as well 
as the highest relative cover >1.0 cm of any species of tree (Table 1). After green ash, the most common 
trees, >1.0 cm overall, were cedar elm and American elm (Table 1). All of the tree species had a wetland 
indicator status of facultative (Table 1). 


Table 1. Density, dominance, and relative importance values (IV) for woody vegetation greater than one 
centimeter diameter breast height of near-riparian zone of Colorado River, Texas at Timberlake Biological 
Station. Wetland classification (Lichvar et al., 2016) is provided after the scientific name. 


Common name (Scientific name) Wetland classification Density Dominance’ IV 
(plants/ha) (m2/ha) (%) 
American elm (U/mus americana) Facultative 110.0 22.3 7.5 
Cedar elm (U. crassifolia) Facultative 180.0 12.5 10.5 
Green ash (Fraxinus pennsylvanica) Facultative 560.0 832.7 FS 
Sugarberry (Celtis laevigata var. laevigata) Facultative 30.0 6.9 2.0 
Virginia creeper (Parthenocissus quinquefolia) Facultative upland 40.0 0.6 2.0 


Total 920.0 875.0 99°5 
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There was a total of two species of lianas and no shrubs or small trees sampled. The species of liana 
sampled that was >1.0 cm was Virginia creeper (Table 1) and saw greenbriar was the only liana sampled 
that was <1.0 cm (Table 2). Both of the liana species had a wetland indicator status of facultative upland. 
There were no introduced woody species in the quadrats. However, Chinaberry (Melia azedarach) and 
chastetree (Vitex agnus-castus) were occasionally observed outside the quadrats and chastetree chokes 


several tributaries that enter the river (Nelson, personal observation). 


Table 2. Species composition as determined by step-point method herbaceous and woody plants (below 1 cm 
diameter) of the near-riparian zone of Colorado River, Texas at Timberlake Biological Station (TBS), An asterisk 
indicates an introduced species. Vegetation categories and their totals are in italics. Wetland classification (Lichvar 


et al., 2016) is provided after the scientific name. 


Common name (Scientific name) # Hits (%) 
Grasses 
*Bermuda grass (Cynodon dactylon) Facultative upland 5 (1.0) 
Broad-leaf woodoats (Chasmanthium latifolium) Facultative upland 18 (2.5) 
Canada wildrye (Elymus canadensis) Facultative upland 34 (4.7) 
Hall’s panic (Panicum hallii var. hallii) Facultative upland 7 (1.0) 
* Japanese brome (Bromus japonicus) Upland 3 (< 1.0) 
Switch grass (Panicum virgatum) Facultative 21 (2.9) 
Texas wintergrass (Nasella leuchotricha) Upland 4 (1.0) 
Total Grasses 92 (13.1) 
Grasslike 
Gotthilf Muhlenenberg’s caric-sedge (Carex muhlenbergii var. muhlenbergii) Upland 1 (< 1.0) 
William Emory’s caric sedge (Carex emoryi) Obligate 135 (18.7) 
Unknown sedge 1 (< 1.0) 
Total Grasslike 137 (18.7) 
Forbs 
*Catchweed bedstraw (Galium aparine) Facultative upland 7 (1.0) 
*Common sow-thistle (Sonchus oleraceus) Upland 4 (1.0) 
Creeping ladies’ sorrel (Oxalis corniculata) Facultative upland 19 (2.6) 
Dock (Rumex sp.) 3 (< 1.0) 
Old-man’s-beard (Clematis drummondii) Upland 2 (< 1.0) 
Smartweed (Polygonum sp.) 2 (< 1.0) 
Spiny-aster (Chloracantha spinosa) Facultative wetland 120 (16.7) 
Unknown composite 3 (< 1.0) 
Total Forbs 160 (21.3) 
Shrubs/lianas 
Saw Greenbriar (Smilax bona-nox) Facultative upland 13 (1.8) 
Total Shrubs 13 (1.8) 
Trees 
American elm (U/mus americana) Facultative 8 (1.0) 
Cedar elm (U/mus crassifolia) Facultative 34 (4.7) 
Green ash (Fraxinus pennsylvanica) Facultative 5 (1.0) 
Total Trees A7 (6.7) 
Bare ground 270 (37.5) 
Total Hits 719 (99.1) 
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Of the herbaceous species, 75% were native and 25% were introduced (Table 2). Native perennial 
grasses comprised much of the herbaceous vegetation in the near-riparian zone and were dominated by 
Canada wildrye, switch grass (Panicum virgatum), and broadleaf woodoats (Chasmanthium latifolium). 
Four forbs were introduced but not common with Spiny-aster (Chloracantha spinosa), a native forb, was 
more abundant than other forbs (Table 2). Most herbaceous species had a wetland indicator status of upland 
or facultative upland (Table 2). Spiny-aster was the only facultative wetland species (Table 2). There was 
some regeneration of woody vegetation as evidenced by 6.7% of total trees being < 1.0 cm in diameter 
(Table 2). 


Table 3. Number of samples and percentages of beaver damage in the near-riparian zone as compared to the 
bottomland (Nelson et al. 2018) of the Colorado River at Timberlake Ranch. 


Beaver damaged woody vegetation Bottomland (%) Near-riparian region (“%) 
Cedar elm (U/mus crassifolia) 57 (67.1) 3 (75.0) 

Texas persimmon (Diospyros texana) 13 (15.3) 0 (0.0) 

Sugarberry (Celtis laevigata) 12 (14.1) 0.0 (0.0) 

Eastern Cottonwood (Populus deltoides) 2 (2.4) 0.0 (0.0) 

Green ash (Fraxinus pennsylvanica) 1 (1.2) 1 (25.0) 


The little beaver damage surveyed was greatest on cedar elms in the near-riparian area, with 75% of 
damage occurring on only three trees (Table 3). More damage occurred in the adjacent bottomland forest. 
Richness, Evenness, and Shannon Diversity in the Texas Colorado River near-riparian zone was much less 
when compared to the creeks of East Texas and the West Cross Timbers were (Table 4). 


Table 4. Richness, Evenness, and Shannon Diversity in the Texas Colorado River near-riparian compared to that of 
other sites reported in the literature. The abbreviation “NR” indicates the statistic was not reported. 


Near-riparian Adjacent Bosque River Spring Creek Spring Creek 
at Timberlake Bottomland Bottomland Bottomland Near-Riparian 
Biological (Nelson et al. (Rosiere et al. (Nixon et al. (Nixon et al. 1991) 
Station 2018) 2013) 1991) 

Woody Richness 5 13 17 32 29 

>1.0cm 

Richness ae AO 30 NR NR 

<1.0cm 

Woody Evenness 0.70 0.59 0.77 NR NR 

>1.0cm 

Evenness 0.70 0.66 0.66 NR NR 

<1.0cm 

Woody > 1.0 cm 1.12 1.51 2.18 3.60 3.40 

Shannon Diversity 

<1.0cm 2.16 2.42 2.26 NR NR 

Shannon Diversity 

DISCUSSION 


Quantitative data for woody and herbaceous vegetation in near riparian zones of the Lampasas Cut 
Plain, including nonnative species, were provided for the first ttme. The near-riparian forest was comprised 
of three vegetational layers: 1) upper canopy of dominant trees including mostly green ash, 2) under canopy 
of lianas, including saw greenbriar and Virginia creeper (Parthenocissus quinquefolia) as well as 3) an 
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herbaceous zone of grasses, sedges, as well as both annual and perennial forbs, which included Canada 
wildrye, switch grass, and William Emory’s caric sedge (Carex emoryi). The dominant forb was Spiny- 
aster. The near-riparian community had a depauperate species composition when compared to a Creekside 
community in the Blackland Prairie ecoregion (Nixon et al. 1991). 


Nothing has been published regarding woody vegetation along the near-riparian region of the Colorado 
River 10n Texas. Nixon et al. (1991) found that sugarberry, elms, and ashes were the most important tree 
species in the near-riparian of Spring Creek to the north and east of TBS. At TBS, green ash dominated the 
near riparian instead of the more even distribution of several trees reported for Spring Creek. Although 
green ash dominated, sugarberry, American elm, and cedar elm, occurred in the near-riparian region (Table 
1). Sugarberry is reported to be frequently browsed by ungulates and its fruits are an important food source 
for many birds (Linex 2014). Linex (2014) and Jones-Lewey (2016) stated that elms are the most 
widespread and important riparian trees in Texas, which help protect river banks during flooding. Linex 
(2014) indicated that American elm and cedar elm are frequently browsed by cattle and whitetail deer 
(Odocoileus virginicus). In our sampling quadrats, sugarberry and elm trees had 6.7% regeneration (Table 
2), which was greater than in the adjacent bottomland (Nelson et al. 2018). 


Green ash has relatively extensive coverage across East, Central, and South Texas and 1s highly tolerant 
of disturbance growing not only along the streamside but on extremely steep channel slopes (Duke 2015). 
Jones-Lewey (2016) indicated that green ash is important in protecting banks during floods and one of the 
most common species of ash in the eastern one-third of Texas. Linex (2014) added that it provided fair 
browse value for whitetail deer and was one of the first trees to grow back in abandoned fields adjacent to 
or replacing bottomlands. Green ash was the most important tree species at our study sites but had little 
regeneration (Tables | and 2). Grazing and browsing likely accounted for the lack of green ash regeneration 
in the near-riparian region of the Colorado River. 


There were no shrubs or small trees sampled in the near-riparian. Two lianas were sampled in relatively 
small amounts. Virginia creeper had stem diameters > 1.0 cm and was infrequent (Table 1), but is a 
common browse species (Linex 2014). Saw greenbrier, which had a stem diameter <1.0 cm, was relatively 
common (Table 2) but not as common as that found along the Bosque River (Rosiere et al. 2013), which 
had not been grazed by cattle in over 50 years. It is reported to be readily browsed by herbivores and its 
fruits are important to a variety of wildlife (Linex 2014). 


TPWD (2012) and Nelle (2015) listed Chinaberry (Melia azedarach), Chinese tallow (Sapium 
sebiferum), Japanese honeysuckle (Lonicera japonica), and salt cedar (Tamarix spp.) as nonnative species 
that could be problematic in bottomlands associated with the Colorado River in the Lampasas Cut Plain. 
TPWD also listed tree of heaven (Ailanthus altissima) as an invasive tree. Anderson (2006) listed 
Chinaberry and chastetree as non-native species found in the river corridor near Austin and Bastrop, Texas. 
Only two species of nonnative woody plants, Chinaberry and chastetree, were observed at the study site but 
these were not sampled, because they were not common. Chastetree likely escaped from yards near the 
river. Chinaberry was a rapid-growing species along the San Antonio River (Bush and Van Auken 1984) 
and a species associated with sugarberry and cedar elm (Van Auken and Bush 1985). Richardson et al. 
(2007) explained that rivers were very susceptible to invasion by alien plants because hydrologic dynamics 
and frequent disturbances of streams make them especially effective for dispersal of plant propagules. Bush 
and Van Auken (1984) commented that Chinaberry along with sugarberry and native colonizing tree species 
likely became established following flooding. Chinaberry may be considered invasive and spreads rapidly 
along riparian areas (Jones-Lewey 2016). To date, it is only a minor component of the woody vegetation at 
this study site. 
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Previous investigations (Bush and Van Auken 1984; Diamond et al. 1987; McMahan and Frye 1987; 
Bezanson 2000), generally placed less emphasis on shrubs and provided little data and analysis of 
herbaceous layers of bottomland-hardwood forests. By contrast, this investigation included the understory 
of the forest sampled in the near-riparian. Density and dispersion of trees combined with the small numbers 
of lianas and relatively low number of seedlings and saplings of trees formed a canopy sparse enough for 
development of an herbaceous understory dominated by native perennial grasses along the Colorado River. 
Herbaceous layers of the forest along the near-riparian of the Colorado River were similar to those reported 
for bottomland forests of the West Cross Timbers in Texas (Rosiere et al. 2013; Nelson et al. 2018). Nixon 
et al. (1991) reported more shrubs for a creek forest in the Blackland Prairie ecoregion, but most of these 
shrubs, other than lianas, were absent from the forest adjacent to the Colorado River. This could be due to 
extensive grazing and browsing by herbivores. 


Canada wildrye, switchgrass, and broadleaf woodoats were the most common grasses in the understory 
(Table 2). Canada wildrye and broadleaf wood oats were dominants in a West Cross Timbers bottomland 
(Rosiere et al. 2013) and broadleaf woodoats is common on the floodplains along rivers in the Texas Hill 
Country (Gustafson 2015), whereas Canada wildrye was the most common grass in the understory at TBS 
in the floodplain forest (Nelson et al. 2018). Broadleaf woodoats are reported to stabilize soils on steep 
banks (Jones-Lewey 2016), and to be grazed as well as browsed (Linex 2014). They are viewed as 
dominants in late-seral to climax vegetation along streams and floodplains throughout much of Oklahoma 
(Tyrl et al. 2008) and Texas (Gould 1975). Canada wildrye 1s reported as excellent forage for livestock and 
is browsed by whitetail deer when young but can become susceptible to overgrazing (Linex 2014; Jones- 
Lewey 2016). Switchgrass helps to stabilize the dynamic erosional nature of the near-riparian (Linex 2014). 
The most common sedge was William Emory’s caric sedge, which is an obligate wetland species, and may 
indicate negative changes in hydrology when reduced or absent (Jones-Lewey 2016). Because of reduced 
hydrology due to upstream damming, its importance in the near-riparian community may become reduced. 


TPWD (2012) listed Bermuda grass (Cynodon dactylon), as a nonnative species that could be 
problematic in the Colorado River in the Lampasas Cut Plain. There were two introduced grasses with 
Bermuda grass being the most common on the Colorado River and Japanese brome being less common 
(Table 2). However, both were 1.0% or less of the grasses sampled in the near-riparian region. Bermuda 
grass, which comprised 1% of the total herbaceous coverage provided some stability for river banks but 
often out-competed native plants, which frequently provided greater bank stability (Jones-Lewey 2016). 
Bermuda provided good forage for livestock but not whitetail deer and is known to survive saturation by 
flooding for up to three weeks (Linex 2014). 


Spiny-aster was a facultative wetland species that was the most common forb in the near-riparaian. Its 
rhizomes help stabilize river banks and young plants are eaten by whitetail deer and cattle (Linex 2014). 
Creeping ladies’ sorrel (Oxalis corniculata) was the second most common forb sampled and occurs after 
disturbance (Diggs et al. 1999), which often occurs in the near-riparian of the Colorado River at TBS. 


The only introduced forbs in the near-riparian Colorado River were catchweed bedstraw (Galium 
aparine) and common sow thistle (Sonchus oleraceus), which both occur in disturbed areas (Diggs et al. 
1999). In the near-riparian of the Colorado River, these two introduced forbs were sampled in disturbed 
areas caused by cattle. 


We concluded that herbivory 1s likely affecting regeneration of woody species and perennial herbs in 
the near-riparian of the Colorado River. Beaver are not common in the Hill Country (Gustafson 2015) but 
appear to be common and detrimental at this study site on the Colorado River in the Lampasas Cut Plain. 
They can occur in burrows in river banks (Wilson and Ruff 1999; Schmidly 2004) rather than in lodges 
generally located away from banks, which was the case at the Colorado River study site. Because of their 
extensive modification of freshwater environments, beaver may be considered keystone animals as 
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ecosystem engineers in many areas (Jones et al. 1994; Wilson and Ruff 1999; Karklins 2017); however, 
when they become too abundant and act as a dominant in the ecosystem, they have caused negative changes 
in the ecosystem (Townsend and Butler 1996; Gibson and Olden 2014; Karklins 2017). Beaver eat bark 
and leaves of many shrub and tree species, but Eastern cottonwood and willow are preferred (Wilson and 
Ruff 1999). Small et al. (2016) reported that in northern New Mexico, the most important plant variable 
for the presence of beavers was willows (Salix spp.) and that grazing by cattle, as currently practiced on 
Forest Service grazing allotments, disrupted the beaver-willow mutualism, rendering streams unsuitable for 
beaver. The scarcity of willows and Eastern cottonwoods in the near-riparian of the Colorado River may 
be due to heavy grazing by cattle, browsing by whitetail deer, and large numbers of American beaver, or 
lack of bottomland flooding. Willow and Eastern cottonwood provide good browse and is often heavily 
used by cattle and whitetail deer (Linex 2014). Additional investigations into the role of beaver in the near- 
riparian of the Colorado River is needed. 


Improperly managed white-tailed deer can cause significant damage to riparian vegetation by their 
consumption of forbs and shrubs as browse (Nelle 2015). White-tailed deer were observed in the Colorado 
River bottomland and near-riparian frequently. Nelson Dickinson and Van Auken (2016) reported that large 
vertebrate herbivores, mainly white-tailed deer, significantly affected the survival and density of juvenile 
bigtooth maple (Acer grandidentatum) at Lost Maples State Park in Texas. Cogger et al. (2014) tabulated 
that at bottomland forest restoration sites along the Upper Mississippi River and its tributaries, white-tailed 
deer browsed 46% of tree seedlings and preferred American elm over green ash, which could be a reason 
that green ash is more dominant in the near-riparian of the Colorado River. 


Feral pigs are considered detrimental to Texas ecosystems (TPWD 2012) and livestock grazing has 
affected almost all riparian areas in the state and is considered one of the most significant disturbances 
affecting them (Nelle 2015). Removal of cattle from riparian areas in the Northwestern Great Basin resulted 
in dramatically increased coverage in riparian vegetation (Batchelor et al. 2015). Nelle (2005a; 2005b) 
concluded that heavy grazing, watering, and loafing by cattle damages riparian vegetation, generally 
leading to destabilized river banks. One instance of beneficial impacts reported for cattle grazing was that 
ephemeral wetland diversity increased with cattle grazing, which removed exotic grasses from the wetlands 
(Marty 2005). In the stretch of the near-riparian of the Colorado River sampled, there were few to no 
ephemeral wetlands and our data suggested that herbivory by cattle, whitetail deer, and beaver activity may 
have impeded regeneration of trees and shrubs (Table 2). 


Another possibility for reduced regeneration of woody species and herbaceous perennials is low flow 
hydrology. Low flow hydrology during droughts and flood flow events have been documented in changing 
riparian vegetation (Hardy and Davis 2015). Most river ecosystems have been disrupted by dams, which 
separate and isolate remnant floodplains changing riparian biodiversity (Johnson 2002). This part of the 
Colorado River was most changed by the construction of a dam near the confluence of the Colorado and 
Concho rivers, which became Lake O. H. Ivie (Crisp 2012; Williams 2016). The Colorado River near- 
riparian was not dominated by wetland species. Alldredge and Moore (2014) reported this to be true of the 
Sabine River in East Texas as well. Riparian areas should contain a mix of obligate wetland, facultative 
wetland, and facultative species depending on water availability and it is important that riparian areas have 
species from the facultative group to provide stability due to hydrological change (Asher et al. 2015). The 
Colorado River near-riparian was not dominated by wetland species. This stretch of the Colorado River 
was mostly facultative upland and upland species with the only obligate and facultative wetland species 
present in the Colorado River being William Emory’s caric sedge and Spiny-aster, respectively. 


Jones-Lewey (2016) listed indicators of riparian health, which include an active floodplain, energy 
dissipation during floods, new plant colonization, stabilizing vegetation, age diversity, species diversity, 
plant vigor, water storage, and establishment of equilibrium between erosion and deposition. At our study 
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site, the Colorado River rarely reaches the bottomland due to upstream damming and near-riparian areas 
are dynamic, alternating between flooding and drought cycles. When it does flood, there is such an 
increased flow that energy is often not dissipated by vegetation, which results in disequilibrium in erosion 
and deposition (Nelson personal observation). Therefore, we found areas with poor plant colonization in 
the near-riparian but also due to high-levels of herbivory. There is stabilizing vegetation in the near-riparian 
region, but it is disproportionately upland plants with wetland plants being less common. Jones-Lewey 
(2016), pointed out that the lack of wetland plants likely indicates poor water storage capacity for the 
bottomland. Based on the evaluation system of Jones-Lewy (2016), this portion of the Texas Colorado 
River was in an at-risk condition and will require management to restore it to a highly functional condition. 


Diversity at this site on the Colorado River 1s different from other studies. The nearest location to the 
Colorado River that has examined diversity is the Bosque River in Erath County, which is about 120 km 
northeast of the TBS study site. It had higher diversity in every category when compared to the near- 
riparian of the Colorado River. There were few seedlings in the near-riparian of the Colorado River and 
much of the richness was due to herbaceous species, which may have been higher due to disturbance by 
herbivores and altered flood regimes. These relatively high levels of herbivory were lacking in the Bosque 
River bottomland (Rosiere et al. 2013). Nixon et al. (1991) reported mean Shannon-Weiner diversity for 
trees (>1 cm diameter) from Spring Creek as 3.40 and richness was 32. This was higher Shannon-Weiner 
diversity than that of the Bosque (2.2) and the Colorado (1.5) rivers. Nixon et al. (1990) examined woody 
plant communities within the Trinity River basin and reported that the less moist, western communities had 
lower mean diversity. Our data from the Colorado River supported this trend. It is also possible that the 
degradation of the Colorado River in terms of reduced hydrology and high herbivory contributed to its low 
diversity values in trees (> 1.0 cm in diameter) but lower levels of precipitation in the west might have a 
greater effect as hypothesized by Nixon et al. (1990). 
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ABSTRACT 


The occurrence of Matelea baldwyniana (Asclepiadaceae) is documented in Texas. A small 
population was discovered in an oak-hickory forest in Grayson County. This is the first documented record 
for the species in the state, now considered a rare peripheral in Texas considering its close distribution in 
adjacent Oklahoma. Published online www.phytologia.org Phytologia 103(4): 86-89 (December 22, 2021). 
ISSN 030319430. 
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The genus Matelea, commonly known as milkvine, is native to the Western Hemisphere where 
about 200-250 species occur in the United States, Mexico, Central America, South America, and the 
Caribbean Islands (Moore 2021). Due principally to slight differences in the flowers and fruits, current 
taxonomical efforts have realigned some species of Matelea into the genus Gonolobus. Matelea 
baldwyniana (Sweet) Woodson occurs in seven states in the southeastern and south-central United States 
including Alabama, Arkansas, Florida, Georgia, Mississippi, Missouri, and Oklahoma. The species prefers 
limestone and dolomite glades and dry, rocky, open woods on calcareous substrates (Moore 2021). 


Matelea baldwyniana, which we report as new to Texas, is a perennial herbaceous vine that flowers from 
April through June. The stems are brown in color and twine and climb on other vegetation to about three 
meters. The following technical description of Matelea baldwyniana modified from 
www.missouriplants.com is provided. The stems (Figure 2) have milky latex, hirsute hairs with some 
glandular pubescent. Leaves (Figure 2) are simple and opposite with petioles 5-6 cm in length. Leaf blades 
are 5-16 cm in length, broadly ovate to orbicular, bases cordate, margins entire, apices acute to acuminate, 
surfaces scabrous above from swollen pubescence, and may appear punctate because of the swollen hairs. 
Flowers are 5-lobed, 7-13 cm long, petals 2-3mm broad, exterior pubescence similar to that of the stems, 
glabrous internally, petals blunt or slightly emarginate. Corona is 5-lobed, 0.5 mm long, alternating with 
appendages. Calyx 1s 5-lobed, 3-4 mm long, lanceolate, spreading or slightly recurved, densely brown- 
glandular. Follicles are 6.5-9.0 cm long and tuberculate. Seeds are 7-9 mm long, ovate, narrowly winged 
with the terminal tuft of hairs to 3 cm long and white to light cream-colored to tan. Matelea baldwyniana 
appears similar to M/. decipiens (Alex.) Woodson in vegetative characteristics, but is easily differentiated 
by its flower structure (Figure | and www.missouriplants.com). 


*We are following George Yatskievych in Steyermark’s Flora of Missouri Vol. 2, revised edition, in 
recognizing Asclepiadaceae in the traditional sense. 


Matelea baldwyniana was discovered on 16 May 2018 by Sheryl Sorrels of Grayson County, 
Texas. Sorrels submitted photographs to iNaturalist and to North Texas regional Botanist Jeff Quayle for 
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identification. Quayle forwarded the photos to Mark Fishbein of Oklahoma State University, an authority 
on milkweed vines (Apocynaceae and Asclepiadaceae-Gonolobinae) for confirmation. Neither Correll and 
Johnston (1970), Jones (1997), Kartez (2015) nor USDA, NRCS (2021) had records of the species in Texas. 
A site survey was made on 8 July 2021 by Singhurst for collection of additional data and voucher 
specimens. The Matelea baldwyniana population occurred in an intermittent portion of Shawnee Creek 
drainage. The soils are underlain by limestone and shale on the Bolar — Aledo complex, stony clay loam 
soils that developed on moderately steep slopes (3 to 20%) along ridge lines. Several flowering individuals 
of Matelea baldwyniana were documented in a small population in an oak-hickory forest dominated by 
Quercus muhlenbergii, Q. stellata, O. velutina, Carya myristiciformis, Carya texana, Celtis laevigata, 
Fraxinus americana, Juniperus virginiana, Maclura pomifera, Ulmus americana, and U. rubra. Other 
commonly associated woody flora recorded at the site included Cercis canadensis, Cornus drummondii, 
Ilex decidua, Morus rubra, Parthenocissus quinquefolia, Sapindus saponaria, Sideroxylon lanuginosum, 
Smilax bona-nox, S. tamnoides, Symphoricarpos orbiculatus, Toxicodendron radicans, Viburnum 
rufidulum, and Vitis cinerea. Herbaceous flora commonly present included Bromus pubescens, Cocculus 
carolinus, Dichanthelium acuminatum, Galium circaezans, Helianthus hirsutus, Matelea gonocarpos, 
Ruellia caroliniensis, Packera obovata, Passiflora lutea, Podophyllum peltatum, Sanicula canadensis, 
Verbesina alterniflora, Vernonia texana, and Zizia aurea. 


Voucher specimen: Texas. Grayson County: 0.4 miles north of the jct. of Hwy 91 and Yellow 
Jacket Road on Yellow Jacket Road, east side of Yellow Jacket Road. Population in an Oak-Hickory Forest 
at the base of steep slope underlain by limestone and growing in clay loam soils, 8 July 2021, Jason 
Singhurst and family (BAYLU). 


Future study of this recently documented Matelea baldwyniana site 1s warranted including 
documenting the extent of the population, information about reproduction, suggestions for future 
management, and locating additional potential sites in similar adjacent regions. 
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Figure 1. Matelea baldwyniana in flower, Grayson County, Texas (Photo by Sheryl 
Sorrels). 
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Figure 2. Matelea baldwyniana twining stems and leaves with hirsute hairs and some 
hairs with glandular pubescence, Grayson County, Texas (Photo by Jason Singhurst). 


89 


90 Phytologia (December 22, 2021) 103(4) 


Notes on the genus Syntrichia with a revised infrageneric classification and the recognition of a new 
genus Syntrichiadelphus (Bryophyta, Pottiaceae) 


John C. Brinda 
Missouri Botanical Garden, 4344 Shaw Boulevard, Saint Louis, MO 63110, USA 
john. brinda@mobot.org 


Javier A. Jauregui-Lazo 
University of California, Berkeley, Department of Integrative Biology, University and Jepson Herbaria, 
1001 Valley Life Sciences Building, #2465, Berkeley, CA 94720-2465, USA 


Melvin J. Oliver 
Division of Plant Sciences and Interdisciplinary Plant Group, University of Missouri, Columbia, MO 
65211, USA 


Brent D. Mishler 
University of California, Berkeley, Department of Integrative Biology, University and Jepson Herbaria, 
1001 Valley Life Sciences Building, #2465, Berkeley, CA 94720-2465, USA 


ABSTRACT 


A revised infrageneric classification of the genus Syntrichia Brid. is proposed that includes the 
segregation of a new genus Syntrichiadelphus for the species currently known as Syntrichia flagellaris 
(Schimp.) R.H. Zander. In addition, a synopsis of Syntrichia for Madagascar is presented with new 
synonymy, lectotypifications, and Syntrichia ammonsiana (H.A. Crum & L.E. Anderson) Ochyra newly 
reported from the island. Published online www.phytologia.org Phytologia 103(4): 90-103 (December 22, 
2021). ISSN 030319430. 


KEY WORDS: infrageneric classification, Madagascar, Pottiaceae, Syntrichia, Syntrichiadelphus 


INFRAGENERIC CLASSIFICATION OF SYNTRICHIA 


A recent investigation into the molecular phylogenetics of Syntrichia Brid. (Mishler et al. in prep.) 
found several smaller, closely related genera to be nested within it. Recognition of a somewhat broader 
circumscription for Syntrichia requires many updates to nomenclature. The complete molecular results will 
be presented separately and space constraints would prohibit a detailed accounting of the nomenclature at 
the same time. Therefore, we present a revised infrageneric classification here including nine sections, and 
formally establish the new names for use in forthcoming publications. In the following discussion we list 
‘representative species’ for groups that were supported by our molecular analyses and morphological 
studies. For this purpose, we have chosen mostly well-known species whose placement remained relatively 
stable across different loci and analyses. This is not meant to be a complete or final list of the constituents 
of each section, but instead aims to characterize those clades morphologically. 


Syntrichia Brid., J. Bot. (Schrader) 1(2): 299. 1801. (Bridel 1801) 
=Streptopogon Wilson ex Mitt., Hooker's J. Bot. Kew Gard. Misc. 3: 51. 1851. (Mitten 1851), syn. nov. 
=Willia Mill. Hal., Int. Polarforsch., Deutsch. Exped. 2: 311. 1890. (Miller 1890), syn. nov. 
=Calyptopogon (Mitt.) Broth., Nat. Pflanzenfam. 1(3): 419. 1902. (Brotherus 1902), syn. nov. 
=Sarconeurum Bryhn, Nyt Mag. Naturvidensk. 40(3-4): 204. 1902. (Bryhn 1902), syn. fide Ochyra & 
Zander (2007) 
=Sagenotortula R.H. Zander, Phytologia 65: 429. 1989. (Zander 1989), syn. nov. 
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Type: Syntrichia ruralis (Hedw.) F. Weber & D. Mohr (lectotype designated by Zander [1989: 432]) 


A genus of roughly 85 species and with a worldwide distribution. Species of Syntrichia are 
frequent and often dominant members of cryptogamic communities in arid ecosystems. They can be 
found in diverse habitats ranging from cold arctic deserts and temperate Mediterranean chaparral to 
tropical high elevation paramo. The genus is also diverse morphologically and can be divided into at 
least nine sections, as outlined below. 


Syntrichia Brid. sect. Syntrichia 
=Tortula sect. Syntrichia (Brid.) Lam. & DC., Syn. PI. Fl. Gall. 100. 1806. 
=Tortula subg. Syntrichia (Brid.) Chevall., Fl. Gén. Env. Paris 2: 52. 1827. 
=Barbula sect. Syntrichia (Brid.) Mill. Hal., Syn. Musc. Frond. 1: 632. 1849. 
=Barbula subg. Syntrichia (Brid.) Schimp., Bryol. Eur. 2: 10 (fasc. 46-47 Consp. 2: III). 1851. 
=Tortula {unranked] Rurales De Not., Mem. Reale Accad. Sci. Torino 40: 286. 1838. 
=Barbula [unranked] Rurales Bruch & Schimp., Bryol. Eur. 2: 101 (fasc. 13—15 Mon. 39). 1842. 
=Barbula sect. Syntrichiae Lesq. & James, Man. Mosses N. America 130. 1884, nom. illeg. 
=Barbula [unranked] Ruraliformes Kindb., Eur. N. Amer. Bryin. 2: 245. 1897, nom. illeg. 


Type: Syntrichia ruralis (Hedw.) F. Weber & D. Mohr 


Other representative species: 

Syntrichia antarctica (Hampe) R.H. Zander 
Syntrichia calcicola J.J. Amann 

Syntrichia campestris (Dusén) R.H. Zander 
Syntrichia caninervis Mitt. 

Syntrichia cavallii (G. Negri) Ochyra 
Syntrichia handelii (Schiffn.) S. Agnew & Vondr. 
Syntrichia latifolia (Bruch ex Hartm.) Huebener 
Syntrichia montana Nees 

Syntrichia norvegica F. Weber 

Syntrichia rigescens (Broth. & Geh.) Ochyra 
Syntrichia virescens (De Not.) Ochyra 


The type section of Syntrichia mostly contains the well-known and widely distributed species 
centered around S. ruralis. These species are described and illustrated in numerous publications (e.g., 
Kramer 1980, Kramer 1988, Zander 1993, Gallego 2005). Another species that apparently belongs here 
is Syntrichia squarripila. That name has never been validly published despite appearing in several 
floristic works (Herzog 1954; Cano & Gallego 2008; Miiller 2009; Ireland et al. 2010, 2017). We 
correct this oversight here: 


Syntrichia squarripila (Thér.) Herzog ex Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Tortula squarripila Thér., Revista Chilena Hist. Nat. 21: 10. 1917. (Thériot 1917) 


Syntrichia sect. Streptopogon (Wilson ex Mitt.) Brinda, Jauregui-Lazo & Mishler comb. nov. 
Basionym: Streptopogon Wilson ex Mitt., Hooker's J. Bot. Kew Gard. Misc. 3: 51. 1851. (Mitten 1851) 
=Streptopogon sect. Calymperella Broth., Hedwigia 33: 128. 1894. (Brotherus 1894) 
=Streptopogon sect. Streptopogonella Demaret & P. de la Varde, Bull. Jard. Bot. Etat Bruxelles 26: 
270. 1956. (Demaret & Potier de la Varde 1956) 
=Syntrichia sect. Collotortula R.H. Zander, Bull. Buffalo Soc. Nat. Sci. 32: 264. 1993. (Zander 1993), 
syn. nov. 
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Note: Streptopogon was monotypic when published and the sectional autonym was generated by the 
publication of Streptopogon sect. Calymperella Broth. (Brotherus 1894). 


Type: Syntrichia erythrodonta (Taylor) Brinda, Jauregui-Lazo & Mishler, comb. nov. 

Basionym: Barbula erythrodonta Taylor, London J. Bot. 5: 50. 1846. (Taylor 1846) 

=Tortula erythrodonta (Taylor) Wilson, London J. Bot. 5: 454. 1846. 

=Streptopogon erythrodontus (Taylor) Wilson ex Mitt., Hooker's J. Bot. Kew Gard. Misc. 3: 51. 1851. 
=Tayloria erythrodonta (Taylor) Spruce, J. Proc. Linn. Soc., Bot. 5: 48. 1860. 


The genus Streptopogon was revised by Casado (2000), who reduced some species to synonymy. The 
remaining species are here transferred to Syntrichia: 


Syntrichia brasiliensis (Casado ex D.P. Costa) Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Streptopogon brasiliensis Casado ex D.P. Costa, Syst. Bot. 37(3): 584. 2012. (Costa 2012) 


Syntrichia calymperes (Mill. Hal.) Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Streptopogon calymperes Mill. Hal., Abh. Naturwiss. Vereins Bremen 7: 207. 1881. 
(Miller & Geheeb 1881) 


Syntrichia cavifolia (Mitt.) Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Streptopogon cavifolius Mitt., J. Linn. Soc., Bot. 12: 180. 1869. (Mitten 1869) 


Syntrichia clavipes (Spruce) Brinda, Jauregui-Lazo & Mishler, comb. nov. 

Basionym: Tayloria erythrodonta var. clavipes Spruce, J. Proc. Linn. Soc., Bot. 5: 49. 1860. (Spruce 
1861) 

=Streptopogon clavipes (Spruce) Mitt., J. Linn. Soc., Bot. 12: 178. 1869. 


Syntrichia lindigii (Hampe) Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Streptopogon lindigii Hampe, Ann. Sci. Nat., Bot., sér. 5, 3: 351. 1865. (Hampe 1865) 


Syntrichia matudiana (H.A. Crum) Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Streptopogon matudianus H.A. Crum, Bryologist 55: 51. 1952. (Crum 1952) 


Other representative species: 

Syntrichia aculeata (Wilson) R.H. Zander 

Syntrichia ammonsiana (H.A. Crum & L.E. Anderson) Ochyra 
Syntrichia amphidiacea (Mill. Hal.) R.H. Zander 

Syntrichia andicola (Mont.) Ochyra 

Syntrichia angustifolia (Herzog) M.J. Cano 

Syntrichia bogotensis (Hampe) Mitt. ex R.H. Zander 
Syntrichia chisosa (Magill, Delgad. & L.R. Stark) R.H. Zander 
Syntrichia fragilis (Taylor) Ochyra 

Syntrichia gemmascens (P.C. Chen) R.H. Zander 

Syntrichia kingii (H. Rob.) M.T. Gallego & M.J. Cano 
Syntrichia obtusissima (Mull. Hal.) R.H. Zander 

Syntrichia sinensis (Mill. Hal.) Ochyra 

Syntrichia submontana (Broth.) Ochyra 


One of the less intuitive results of the molecular phylogenetic analyses was that Streptopogon 
is nested in Syntrichia. While it is possible that not all currently recognized Streptopogon species belong 
in Syntrichia, the type species was studied and found to be closely related to S. amphidiacea. In herbaria 
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one can find specimens where bryologists have mistaken S. amphidiacea for S. calymperes or vice 
versa. The two species bear a superficial similarity and both share the conspicuous production of 
clavate, multicellular gemmae on the leaves. In many ways, both S. amphidiacea and S. gemmascens 
(two species included in Syntrichia sect. Collotortula by Zander [1993]) present character states 
intermediate between those more typical of Syntrichia and those found in Streptopogon. For example, 
both show a trend towards loss of papillae, more rounded costal cross-section with some development 
of a dorsal epidermal layer, copious production of gemmae, and somewhat elongated laminal cells. 
Some of these features might be explained as adaptations to the epiphytic habit, which is common in 
this group. 

In addition, the rosette-forming, gemmiferous habit seems to have arisen independently in more 
than one lineage of Syntrichia and 1s a common feature of those species that inhabit both rock and wood 
substrates (e.g., S. amphidiacea, S. chisosa, S. fragilis, S. latifolia, S. pagorum). Their superficial 
similarity is at least in part due to convergent evolution and their facultative epiphytism may have 
facilitated the transition to this niche in several lineages. Syntrichia species that are more exclusively 
epiphytic show some trends in morphology that parallel those found in unrelated groups (Fedosov et 
al. 2020), such as the strongly differentiated perichaetial leaves found in Willia and Calyptopogon 
below. 


Syntrichia sect. Willia (Mull. Hal.) Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Willia Mill. Hal., Int. Polarforsch., Deutsch. Exped. 2: 311. 1890. (Miller 1890) 


Note: The sectional autonym for Willia was generated by the publication of Willia sect. Schistidiella 
Mill. Hal. (Miller 1901[1900]). 


Type: Willia grimmioides Mill. Hal. (monotypic when published, =Willia austroleucophaea (Besch.) 
Broth. [see below]) 


The transfer of Willia to Syntrichia requires the following combinations: 


Syntrichia austroleucophaea (Besch.) Brinda, Jauregui-Lazo & Mishler, comb. nov. 

Basionym: Grimmia austroleucophaea Besch., Bull. Soc. Bot. France 32: LX. 1885. (Bescherelle 1885) 
=Willia austroleucophaea (Besch.) Broth., Nat. Pflanzenfam. I(3): 453. 1902. 

=Willia grimmioides Mill. Hal., Int. Polarforsch., Deutsch. Exped. 2: 311. 1890, syn. fide Bell (1974) 


Syntrichia brachychaete (Dusén) Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Tortula brachychaete Dusén, Bot. Not. 1905: 300. 1905. (Dusén 1905) 
=Willia brachychaete (Dusén) R.H. Zander, Bull. Buffalo Soc. Nat. Sci. 32: 236. 1993. 


Note: The designation “‘Syntrichia brachychaete’ was printed on exsiccatae distributed by Dusén & 
Brotherus (Sayre 1975) but the name has never been validly published. These were cited as “M. Am. 
austr. n. 761” by Paris (1906). 


Syntrichia calobolax (Mill. Hal.) Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Barbula calobolax Mill. Hal., Bot. Jahrb. Syst. 5: 80. 1883. (Miller 1883) 
=Willia calobolax (Mill. Hal.) Lightowl., J. Bryol. 13: 370. 1985. 


Zander (1993) has commented on the close relationship between Willia and Syntrichia and 
suggested that Willia may be only a section of the latter. We agree and note that the morphological 
features that characterize Willia are also present to varying degrees in other members of Syntrichia, 
including the strong constriction of the leaf and differentiated perichaetial leaves. Therefore, we have 
made the transfer without any change in circumscription. Zander also pointed out that it 1s rather close 
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to section Aesiotortula (see below) and the molecular phylogenetic analyses also support this 
relationship. For the moment, we do not have enough evidence to join the two. 


Syntrichia sect. Calyptopogon (Mitt.) Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Streptopogon [unranked] Calyptopogon Mitt., Philos. Trans. 168: 33. 1879. (Mitten 1879, 
Salmon 1903) 
=Streptopogon sect. Calyptopogon (Mitt.) Paris, Index Bryol. Suppl. 86. 1900. 
=Calyptopogon (Mitt.) Broth., Nat. Pflanzenfam. 1(3): 419. 1902. 


Type: Syntrichia mnioides (Schwagr.) Brinda, Jauregui-Lazo & Mishler, comb. nov. 

Basionym: Barbula mnioides Schwagr., Sp. Musc. Frond., Suppl. 4: pl. 310b. 1842. (Schwagrichen 
1842) 

=Tortula mnioides (Schwagr.) Mont., Fl. Chil. 7: 150. 1850. 

=Streptopogon mnioides (Schwagr.) Mitt., Fl. Tasman. 2: 376. 1859. 


Other representative species: 
Syntrichia papillosa (Wilson ex Spruce) Spruce 
Syntrichia subpapillosa (Cardot & Broth.) Matter1 


Zander (1993) commented on similarities between S. papillosa and Calyptopogon and Matter 
(1994) noted the same for S. subpapillosa which 1s even more reminiscent of Calyptopogon because of 
its partial leaf border. 


Syntrichia sect. Vallidens (Mill. Hal.) Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Barbula sect. Vallidens Mull. Hal., Linnaea 43: 432. 1882. (Miller 1882) 
=Sarconeurum Bryhn, Nyt Mag. Naturvidensk. 40(3-4): 204. 1902, syn. nov. 


Type: Syntrichia percarnosa (Mull. Hal.) R.H. Zander 


Other representative species: 

Syntrichia breviseta (Mont.) M.J. Cano & M.T. Gallego 
Syntrichia lithophila (Dusén) Ochyra & R.H. Zander 
Syntrichia magilliana L.E. Anderson 

Syntrichia phaea (Hook. f. & Wilson) R.H. Zander 
Syntrichia sarconeurum Ochyra & R.H. Zander 


Ochyra & Zander (2007) considered Sarconeurum to be synonymous with sect. Aesiotortula, 
but in our phylogenetic analysis S. sarconeurum is one member of a well-supported clade of small 
blackish-green plants with plane leaf margins, a short proportion of differentiated basal cells in relation 
to leaf length, and occasionally modified, caducous leaf apices. Barbula sect. Vallidens was listed 
incorrectly in Index Muscorum as not validly published (Wijk et al. 1959). They also provided an 
incorrect place of publication and this no doubt contributed to the error. Miller (1882) validated the 
name and designated the type in his discussion following the description of Barbula characodonta 
Mull. Hal. (a synonym of S. percarnosa fide Cano & Gallego 2008). 


Syntrichia sect. Sagenotortula (R.H. Zander) Brinda, Jauregui-Lazo & Mishler, comb. & stat. nov. 
Basionym: Sagenotortula R.H. Zander, Phytologia 65: 429. 1989. 


Type: Syntrichia quitoensis (Taylor) Brinda, Jauregui-Lazo & Mishler, comb. nov. 
Basionym: Tortula quitoensis Taylor, London J. Bot. 6: 332. 1847. (Taylor 1847) 
=Barbula quitoensis (Taylor) Mill. Hal., Syn. Musc. Frond. 1: 627. 1849. 
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=Sagenotortula quitoensis (Taylor) R.H. Zander, Phytologia 65: 430. 1989. 


Other representative species: 
Syntrichia princeps (De Not.) Mitt. 
Syntrichia scabrella (Dusén) R.H. Zander 


Zander (1993) noted the similarities between Sagenotortula and Syntrichia. Despite the 
unusual traits of its type species, Sagenotortula shares with Syntrichia the red reaction to KOH in 
addition to the costa with a (weakly) reniform stereid band and no abaxial epidermis. The core species 
of this section also share a strong central strand in the stem, hydroids in the costa, and larger laminal 
cells. While this last character is highly exaggerated in S. guitoensis, it is also commonly used to 
differentiate S. princeps from other Syntrichia species. Synoicous specimens of the widely distributed 
and well-known S. princeps reliably clustered with each other in our analyses suggesting that sexuality 
is possibly a more informative character in Syntrichia than in some other groups. However, since S. 
princeps may have evolved the synoicous condition through polyploidy and/or hybridization our 
conclusions are tentative pending further studies. While Sagenotortula and S. princeps are both 
relatively isolated, in most of our analyses they do form a well-supported clade. For these reasons we 
have decided to group them under the existing name rather than describe an additional section for S. 
princeps that might later prove to be superfluous. It is an interesting problem that we hope to explore 
further. 


Syntrichia sect. Aesiotortula R.H. Zander, Bull. Buffalo Soc. Nat. Sci. 32: 264. 1993. (Zander 1993) 
Type: Syntrichia pagorum (Milde) J.J. Amann 


Other representative species: 

Syntrichia anderssonii (Angstr.) R.H. Zander 

Syntrichia buchtienii (Herzog) M.J. Cano & M.T. Gallego 
Syntrichia costesii (Thér.) R.H. Zander 

Syntrichia epilosa (Broth. ex Dusén) R.H. Zander 
Syntrichia glacialis (Kunze ex Mill. Hal.) R.H. Zander 
Syntrichia lacerifolia (R.S. Williams) R.H. Zander 
Syntrichia laevipila Brid. 

Syntrichia saxicola (Cardot) R.H. Zander 

Syntrichia serripungens (Lorentz & Mull. Hal.) R.H. Zander 


Our circumscription of sect. Aesiotortula differs from that outlined by Zander (1993), but we 
have retained both the type, S. pagorum, and S. epilosa as core species, so the name is still applicable. 
The species of this section usually have plane (often bordered) margins and relatively short, smooth 
hair points. In the dioicous species, there is also a strong tendency towards asexual reproduction either 
by minute, leaf-like propagules or by fragile leaves. In contrast with some other ‘tortuloid’ genera, 
Syntrichia does not contain any species with highly reduced sporophytes and cleistocarpous capsules 
(e.g., Phascum Hedw., Pottia Ehrh. ex Firnr., etc.) Zander (1993) noted that Phascopsis I.G. Stone 
could represent one example of this and may be related to sect. Aesiotortula, but the sole species of 
Phascopsis 1s rare and was not analyzed molecularly. 


Syntrichia sect. Magnisyntrichia Brinda, Jauregui-Lazo & Mishler, sect. nov. 
Diagnosis: Differs from the typical section by the lanceolate leaves with denticulate to serrate 


distal margins and strongly sheathing bases made up of rather narrow and highly elongated cells. In 
addition, the apices lack elongated hairpoints and the costa is percurrent to short-excurrent. (Fig. 1). 
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Figure 1. Syntrichia robusta (Chile, Larrain 
38586, MO). A. Surface view of leaf 
emphasizing the lanceolate shape, serrulate 
margin, and sheathing leaf base. B. Close-up of 
marginal teeth. 
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Type: Syntrichia robusta (Hook. & Grev.) R.H. Zander, Bull. Buffalo Soc. Nat. Sci. 32: 269. 1993. 


Other representative species: 
Syntrichia geheebiaeopsis (Mill. Hal.) R.H. Zander 
Syntrichia rubra (Mitt.) R.H. Zander 


Syntrichia robusta was included in sect. Collotortula by Zander (1993). However, our analyses 
show that it 1s part of a unique clade that is relatively easily differentiated by the characters given above. 
The sectional name is derived by combining the Latin prefix magni-, meaning large, with the genus 
name. It refers to the robust growth forms of the constituent species, especially the type, S. robusta. 


Syntrichia sect. Eosyntrichia Brinda, Jauregui-Lazo & Mishler, sect. nov. 


Diagnosis: Differs from the typical section by the stoutly mucronate leaves, sharply spinose- 
dentate leaf margins, and strongly sheathing bases (Fig. 2A). The mucro 1s strongly serrate and may 
exceed | mm in length but remains + rigid and reddish-orange throughout its length. The marginal teeth 
are large, frequently multicellular, and smooth, contrasting starkly with the adjacent papillose laminal 
cells (Fig. 2C and 3). 


Figure 2. Syntrichia pseudorobusta (Chile, Ireland & Bellolio 35943, MO). A. Side view of leaf showing 
the strong marginal teeth, sheathing base, and stoutly mucronate apex. B. Cross-section of costa. C. Close- 
up of marginal teeth. 
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Figure 3. Scanning electron microscope image 
of Syntrichia pseudorobusta (Chile, Ireland & 
Bellolio 35943, MO), showing the sharp, strong 
teeth along the leaf margin. 


Type: Syntrichia pseudorobusta (Dusén) R.H. Zander, Bull. Buffalo Soc. Nat. Sci. 32: 269. 1993. 


Other representative species: 
Syntrichia serrata (Dixon) R.H. Zander 


This section (like the preceding one) 1s exclusive to the southern hemisphere and hints at the 
origins of the genus. Therefore, we have given it a name derived from the Greek word nw (eos), 
meaning dawn. The marginal teeth in well-developed S. pseudorobusta are striking and unlike any other 
Syntrichia except for S. serrata where they are somewhat less pronounced. 


Syntrichiadelphus Brinda, Jauregui-Lazo & Mishler, gen. nov. (Fig. 4) 


Diagnosis: Similar to Syntrichia except for basal cells that gradually transition into the laminal 
cells while retaining simple or branching papillae nearly throughout the hyaline region (Fig. 4F), 
broadly reflexed (Fig. 4B) and + undulate leaf margins (Fig. 4D), and the frequent presence of flagellate 
stems (Fig. 4A). 


Type: Syntrichiadelphus flagellaris (Schimp.) Brinda, Jauregui-Lazo & Mishler, comb. nov. 

Basionym: Barbula flagellaris Schimp., Ann. Sci. Nat., Bot., sér. 2, 6: 146. pl. 10. 1836. (Schimper 
1836) 

=Tortula flagellaris (Schimp.) Mont., Fl. Chil. 7: 147. 1850. 

=Syntrichia flagellaris (Schimp.) R.H. Zander, Bull. Buffalo Soc. Nat. Sci. 32: 269. 1993. 


Syntrichiadelphus flagellaris is an unusual species that seems morphologically out of place in 
Syntrichia. In Syntrichia the basal cells are usually more strongly differentiated, the costal stereid band 
(Fig. 4C) is usually stronger, undulate leaf margins are uncommon, and the leaf recurvature (when 
present) is usually narrower. At the same time there is no other genus into which S. flagellaris might 
fit comfortably. Molecular phylogenetic analyses confirmed its isolated position well outside of 
Syntrichia, SO we provide a new genus for it here. The name is derived by combining Syntrichia with 
the Greek word O&A Q6c (adelphos), meaning brother, in recognition of their close resemblance. The 
genus is monotypic making the characters of the genus the same as those of its only species. The sole 
species seems to be endemic to the Mediterranean climatic region of Chile, occurring in dry to mesic 
habitats there. 
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Figure 4. Syntrichiadelphus flagellaris (Chile, Jauregui-Lazo 66, UC). A. Flagellate stem. B. Cross-section 
of leaf showing the broadly reflexed margin. C. Cross-section of costa. D. Abaxial surface of leaf. E. Dried 
habit of typical stem. F. Scanning electron microscope image illustrating the leaf attachment and papillose 


basal cells. G. Close-up of bifurcated papillae of basal cells. 
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SYNOPSIS OF SYNTRICHTIA INMADAGASCAR 


While revising some collections from Madagascar as part of the MadBryo project 
(www.madbryo.org), JCB had the opportunity to examine type material for some names of Pottiaceae 
described from that region. No Syntrichia species are listed for Madagascar by either O’Shea (2006) or 
Marline (2012), but at least five species do indeed occur there. Two of these are formerly Streptopogon 
species, another two have been reported under names in Tortula Hedw. that are synonyms, and finally the 
fifth 1s apparently newly reported here. 


Syntrichia ammonsiana (H.A. Crum & L.E. Anderson) Ochyra — New to Madagascar 
Specimens examined: Crosby 7356 (!MO-6239661), Crosby 7359 (!MO-6897724), Crosby 7375A 
('MO-6897723) all collected in Ramiova Forest, Andringitra Massif, 3 November 1972. 


Syntrichia amphidiacea (Mill. Hal.) R.H. Zander 
=Tortula omissa Thér., Recueil Publ. Soc. Havraise Etudes Diverses 93: 46. 1926, SYN. NOV. 
Note: ‘Barbula omissa’ is an error for 7. omissa that appears in Index Muscorum (Wijk et al. 1959). 
Specimens examined: Decary 145 p.p. (!PC0099693 lectotype [here designated] of Tortula omissa), 
Magill & Pocs 12927B (!MO-6897764), Magill & Pécs 13106A (‘MO-6969073), Magill & Pécs 
13138A (‘!MO-6897765), Onraedt 71.M.5146 (!PC0787153), Onraedt 74.M.2028 (!PC0787173), 
Tixier 9189 (‘PC0661684); 
Additional note — new to Comoros, W slope of Mt. Kartala, Grande Comore, Magill & Pocs 11137 
(‘MO-4429065) 


Syntrichia calymperes (Mill. Hal.) Brinda, Jauregui-Lazo & Mishler 
Specimens examined: Crosby 6643 (!'G00048882; !MO-3111648) 


Syntrichia erythrodonta (Taylor) Brinda, Jauregui-Lazo & Mishler 
=Streptopogon hildebrandtii Mill. Hal., Gen. Musc. Frond. 422. 1900. 
=Streptopogon subelimbatus Cardot, Hist. Phys. Madagascar, Mousses 222. 1915. 
Specimens examined: Hildebrandt 2098 (!G00048873; !G00048872; !G00048871; !PC0099023; 
BM000867580 lectotype [here designated] of Streptopogon hildebrandtii fide Casado [2000] and 
JSTOR Global Plants <https://plants.jstor.org/stable/viewer/10.5555/al.ap.specimen.bm000867580>), 
Hildebrandt 2118 (‘G00048881), Sikora s.n. ('!PC0073075 lectotype [here designated] of Streptopogon 
subelimbatus) 


Syntrichia fragilis (Taylor) Ochyra 

=Barbula subrufa Renauld & Cardot, Suppl. Prodr. Fl. Bryol. Madagascar 45. 1909, nom. illeg., syn. 
nov. (non Barbula subrufa Broth. ex Mill. Hal., Gen. Musc. Frond. 444. 1900.) 

=Tortula subrufa Cardot, Hist. Phys. Madagascar, Mousses 223. 1915, syn. nov. 

Specimens examined: Drouhard s.n. (!'G00048884; !PC0660781; !PC0787151; !PC0787159), Onraedt 
71.M.5051 (‘PC0787166), Tixier 8165 (!PC0661678), Villaume s.n. [1904] (!PC0099936), Villaume 
s.n. [1905] (!PC0099933 lectotype [here designated] of Barbula subrufa |=Tortula subrufa}; 
!PC0099934; !PC0134945; !PC0099935) 


Toth (1987: fig. 3) reported S. fragilis from the region including Madagascar without any details, 
presumably after examining specimens of 7. swbrufa. Another older and poorly known species, Barbula 
rufa Schimp. ex Besch., is also a Syntrichia as was pointed out by O’Shea (2008). This species is apparently 
known only from the small type collection made on the island of Mauritius — Ayres s.n. (!PC0109923 
lectotype [here designated] of Barbula rufa; !PC0074368; !PC0767998; !PC0767999). The leaves are 
faintly bordered and have costae with hydroids. These and other characters are suggestive of the widespread 
southern hemisphere species S. antarctica and therefore the following synonymy is proposed: 


Phytologia (December 22, 2021) 103(4) 101 


Syntrichia antarctica (Hampe) R.H. Zander 
=Barbula rufa Schimp. ex Besch., Ann. Sci. Nat., Bot., sér. 6, 9: 344. 1880, syn. nov. 
=Tortula rufa (Schimp. ex Besch.) Broth., Nat. Pflanzenfam. I(3): 435. 1902, nom. illeg., syn. nov. (non 
Tortula rufa (Lorentz) Braithw., J. Bot. 9: 293. 1871.) 
=Syntrichia rufa (Schimp. ex Besch.) O’Shea, Trop. Bryol. 29: 5. 2008, syn. nov. 
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A new combination in Senegalia (Fabaceae: Mimosoideae) 
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ABSTRACT 


Morphological differences separating the two recognized varieties of Senegalia tenuifolia (L.) Britton & 
Rose necessitate separation of Senegalia tenuifolia (L.) Britton & Rose var. producta (J. W. Grimes) Seigler 
& Ebinger from Senegalia tenuifolia (L.) Britton & Rose var. tenuifolia and recognition of Senegalia 
producta (J. W. Grimes) Seigler and Ebinger comb. nov. as a distinct species. Published online 
www.phytologia.org Phytologia 103(4): 104-105 (December 22, 2021). ISSN 030319430. 


KEY WORDS: Senegalia, Acacia, Fabaceae, Mimosoideae, Neotropics, new combination. 


Genus Senegalia has approximately 95 species in the New World. These are readily distinguished 
from other species of Acacia sensu lato by the presence of prickles at the nodes and/or on the internodal 
areas (Seigler et al. 2006). Among the lianaceous species of this genus, two varieties of Senegalia 
tenuifolia, have been described. These were originally described at the varietal level (Grimes 1992), 
however, further study and the availability of additional specimens indicate that there are sufficient 
characters to recognize the two taxa at the species level. 

Senegalia tenuifolia has globose inflorescences that are 5-10 mm across whereas S. producta has 
short cylindrical spikes that are less than 2X longer than wide (9-14 x 6-9 mm wide). According to Rico- 
Arce (2007) the leaves of Acacia tenuifolia var. producta are longer (200 mm) versus 150 mm in Acacia 
tenuifolia var. tenuifolia. The number of pinna pairs are as high as 38 in S. producta and 10-23 pairs in S. 
tenuifolia. Senegalia producta occurs in semi-deciduous to riparian evergreen forests, disturbed second 
growth forest and thickets from sea level to 500 m Colombia, French Guiana, Guyana, and Suriname. In 
contrast, Senegalia tenuifolia is found in dry deciduous forests to evergreen tropical forests, thorn-scrub 
thickets, disturbed second growth forest and thickets from sea level to 1500 m in the Caribbean (Cuba, 
Guadeloupe, Martinique), and from central Mexico south into South America to Ecuador, Peru, Brazil, 
Paraguay and Bolivia. We base our conclusions on examination of numerous specimens from throughout 
the range (see cited specimens below). 


Senegalia producta (J. W. Grimes) Seigler & Ebinger, comb. nov. Basionym: Acacia tenuifolia 
(Linnaeus) Willdenow var. producta J. W. Grimes, Brittonia 44(2): 267-269. Fig. 1. 1992. 
Senegalia tenuifolia (L.) Britton & Rose var. producta (J. W. Grimes) Seigler & Ebinger in Seigler 
et al., Phytologia 88(1): 76. [Jun.| 2006. — TYPE: Surinam. “Common in riverine forest, 2-10 km 
below confluences with Oost River, Lucie River,” 225 m, 4 Sep. 1963, H. S. Irwin, G. T. Prance, 
T. R. Soderstrom & N. Holmgren 55373 (holotype, NY [barcode] NY00444453 [fls.]; isotypes, F- 
1694738 [bc] V0361032F, K, P, U [bc] U0003345, US [bc] USO1050218). 


Phytologia (December 22, 2021) 103(4) 105 


Specimens examined: Colombia: Choco: Municipio Acandi, Vereda Coquiual, 150-200 m, 23 May 1989; R. 
Fonnegra, F. J. Roldan & J. Betancur 2814 (MO). French Guiana: Saul, 2 km S Les Eaux-Claires, 280 m, 26 
Sep 1995; L. R. Phillippe, J. L. Crane, S. Mori, C. Gracie, B. Wever, & R. Yahr 27006 (ILLS). Guyana: Maparri 
Creek, U. Takutu-U. Essiquibo, 3° 20’ N, 59° 15’ W, 4 Jun 1996, D. Clarke & T. McPherson 1994 (MO, NY); 
2 km W of Saul, 3° 38’ N, 53° 12” W, 1986, M. Freiberg 270 (B). Suriname: 3 Aug 1923, Bonhwesen 62 (A, 
MO); Kabalebo Dam Project, Nickerie, 30-130 m, 3 Sep 1980, J. C. Lindeman, A. R. A. Gorts-van Rijn, M. J. 
Jansen-Jacobs & A. M. C. Hetterscheid-Hollants 100 (NY, US); Kabalebo Dam Project, Nickerie, 30-130 m, 29 
Oct 1981, J. C. Lindeman & A. C. de Roon 703 (MO, NY). 
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ABSTRACT 


Pinyon-juniper forests figure prominently in the Intermountain West (USA) with Juniperus 
osteosperma (Torr.) Little (Utah juniper) being the most common tree in the state of Utah. Wildfires 
frequently impact these woodlands. Dead Utah juniper trees (n = 16), which were killed by different 
wildfires over a range of 21 years, were harvested to research the relationship between abiotic and biotic 
influencers of decomposition. Specifically, dead juniper trunks were divided into four segments to research 
essential oil (volatile oil) content and composition, water content, boring insect populations, and fungal and 
bacterial colonization. Volatile oil samples, produced through steam distillation of trunk portions, were 
analyzed by GC-FID and GC-MS. Prominent compounds include a-cedrene (10.4%), cis-thujopsene 
(19.8%), widdrol (7.6%), cedrol (20.1%), and cedr-8-en-13-ol (5.7%). Based on the year that trees were 
burnt, older trees displayed a trend of containing a higher yield of volatile oil. Essential oil positively 
correlated with water content (Spearman’s correlation test: p = 0.519, p = 0.039). Evidence of boring insects 
from the family Buprestidae were found in most trunk samples (75%). DNA sequencing identified 1258 
bacterial and 326 fungal taxa, with samples dominated by fungal reads. Fungal communities were 
dominated by Ascomycota and Basidiomycota, and bacterial communities by Actinobacteria, 
Proteobacteria, and Bacteroidetes. The presence of two volatile compounds, a- and f-acorenol, was 
demonstrated to be a negative predictor of fungal diversity (GLM; p = 0.017). The content or composition 
of volatile oil demonstrated little-to-no impact on bacterial diversity or insect populations. This study 
establishes that volatile oil remains in the trunk wood of Utah juniper trees for at least 20 years, but has 
little predictive impact on biotic influencers of decomposition. Published online www.phytologia.org 
Phytologia 103(4): 106-118 (December 22, 2021). ISSN 030319430. 


KEY WORDS: aromatic profile, bacteria, Buprestidae, fungi, insect, Juniperus osteosperma, trunk, 
wildfire. 


Pinyon-juniper forests are estimated to cover over 14.5 million (Shaw et al. 2005) or 18 million 
hectares (Miller and Tausch 2001) of the Intermountain West. Three tree species that are common in the 
pinyon-juniper forest of Utah and produce quantifiable amounts of volatile oils include Juniperus 
osteosperma (Torr.) Little (Utah juniper), Pinus edulis Engelm. (pinyon pine), and at certain elevations and 
growing conditions, Juniperus scopulorum Sarg. (Rocky Mountain juniper) (Cronquist et al. 1972; Welsh 
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1993). Utah juniper is the most common tree in Utah (Cronquist et al. 1972). The trunk wood of all three 
species has been found to contain volatile oil (Poulson et al. 2020, 2021; Wilson et al. 2019). 


The aromatic profile for Utah juniper trunk essential oil has been found to be prominent in a-pinene 
(59.4%), 6-3-carene (4.4%), cis-thujopsene (11.0%), and cedrol (3.0%) (Wilson et al. 2019). The aromatic 
profile for pinyon pine trunk essential oil has been found to be prominent in a-pinene (50.3%), 5-3-carene 
(7.3%), ethyl octanoate (2.9%), longifolene (6.7%), and germacrene D (5.8%) (Poulson et al. 2020). The 
aromatic profile for Rocky Mountain juniper trunk essential oil has been found to be prominent in a-pinene 
(20.5%), cis-thujopsene (34.2%), and cedrol (18.9%) (Poulson et al. 2021). A primary difference between 
Utah juniper and Rocky Mountain juniper is the latter’s unique purple-red heartwood (Cronquist et al. 1972; 
Poulson et al. 2021; Welsh 1993). 


Pinyon-juniper forests are often casualties of forest fires which result in the deaths of many trees 
(Gruell 1999). It has long been known that the decomposition of dead trees 1s an intricate process involving 
both abiotic and biotic factors (Shigo 1979). Examples of biotic decomposers include saprophytic fungi and 
bacteria (Janusz et al. 2017; Kubartova et al. 2009; Song et al. 2017) and insects through both indirect and 
direct means (Jacobsen et al. 2018; Krivosheina 2016; Ulyshen et al. 2016). 


Previous work (Clark et al. 1990) has shown both antimicrobial and antifungal properties of volatile 
oil extracted from Utah juniper heartwood, sapwood, and bark. Additionally, Utah juniper heartwood 
demonstrated termiticidal activity (Adams et al. 1988). The durability and abundance of Utah juniper 
underscore its popular use as fence posts (Cronquist et al. 1972). Volatile compounds, which act as 
preserving agents, in the wood appear to contribute to the long-lasting nature of dead juniper wood (Adams 
2014). 


We hypothesized that dead Utah juniper trees retain essential oils, and that these volatile 
compounds help slow the process of decomposition. Utilizing wildfire data from 1998-2018, the present 
study aimed to investigate whether essential oils remain in dead Utah juniper trunks following wildfires. 
We also sought to characterize any changes in essential oil composition following tree death, and to 
examine the relationship between biotic decomposition influencers of dead juniper trees, namely insects, 
fungi, and bacteria. 


MATERIALS AND METHODS 


Burnt trunks of /. osteosperma were collected from sixteen locations, one tree per site, throughout 
the state of Utah (Table 1). Historical fire dates were obtained from the Bureau of Land Management (BLM) 
records (https://www.blm.gov/services/geospatial/GIS Data/utah). Selected burnt trunks of J. osteosperma 
were cut 0.25 m above ground and then cut to 1 m in length. Due to the lack of leaf and reproductive tissue, 
conventional voucher samples were not obtained. However, the identity of specimens was determined 
through means of volatile compound analysis (Poulson et al. 2020; Poulson et al. 2021; Wilson et al. 2019) 
and, in the case of Rocky Mountain juniper, the color of the heartwood (Cronquist et al. 1972; Poulson et 
al. 2021; Welsh 1993). For simplicity and consistency, samples are referred to by the year they burned by 
wildfire (Table 1). 


Samples of burnt /. osteosperma trunk (n = 16) were collected and processed as follows for each 
group of researchers: 30-cm section for steam distillation and analytical analysis (Richard E. Carlson; D. 
Gary Young Research Institute); 30-cm section for entomology analysis (Ryan Davis; Utah State 
University); 30-cm section for fungal and bacterial analysis (Geoffrey Zahn; Utah Valley University); and 
10-cm section for water content analysis (Michael T. Stevens; Utah Valley University) (Figure 1). All 
sections were stored in a sealed bag at ambient temperature and out of direct sunlight until analysis occurred. 
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Immediately prior to distillation, cross sections of the trunk were cut with a chainsaw to produce 
sawdust. Laboratory-scale distillation occurred as follows: 3 L of water added to the bottom of a 12-L 
distillation chamber (Albrigi Luigi S.R.L., Italy), plant material (sawdust) accurately weighed before being 
added to the distillation chamber, distillation for 4 hours by direct steam, essential oil separated by a cooled 
condenser and Florentine flask. Essential oil samples were filtered and stored in sealed amber glass bottles 
at 25°C until analysis. 


Table 1. Sample details, including Bureau of Land Management (BLM) fire site name, wildfire year, and 
coordinates of sample collection. 


ee 
Knot 


Essential oils were analyzed, and volatile compounds identified by GC-MS using an Agilent 7890B 
GC/5977B MSD and J&W DB-S, 0.25 mm x 60 m, 0.25 pm film thickness, fused silica capillary column, 
1.0 wl Agilent syringe. Operating conditions: 0.1 uwL of neat sample, 150:1 split ratio, imitial oven 
temperature of 40°C with an initial hold time of 5 minutes, oven ramp rate of 4.5°C per minute to 310 °C 
with a hold time of 5 minutes. The electron ionization energy was 70 eV, scan range 35—650 amu, scan rate 
2.4 scans per second, source temperature 230 °C, and quadrupole temperature 150°C. Volatile compounds 
were identified using the Adams volatile oil library (Adams 2007, pdf at www.juniperus.org) using 
Chemstation library search in conjunction with retention indices. Note that in some samples y-eudesmol/a- 
acorenol and widdrol/cedrol elute as single peaks, but their amounts are determined by the ratio of masses 
119 (a-acorenol), 189 (y-eudesmol), 151 (widdrol), and 150 (cedrol). Volatile compounds were quantified 
and are reported as a relative area percent by GC-FID using an Agilent 7890B and J&W DB-5, 0.25 mm x 
60 m, 0.25 um film thickness, fused silica capillary column. Operating conditions: 0.1 wL of sample (5% 
soln. for essential oils, 1% for reference compounds in hexane), 25:1 split ratio, initial oven temperature at 
40°C with an initial hold time of 2 minutes, oven ramp rate of 3.0°C per minute to 250°C with a hold time 
of 3 minutes. For quantification, compounds were identified using retention indices coupled with retention 
time data of reference compounds. 
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The essential oil percent yield was calculated as the ratio of mass of processed plant material 
immediately before distillation to the mass of essential oil produced, and then multiplied by 100. The 
corrected essential oil yield takes into consideration the percent of the trunk mass that is water weight. In 
regard to essential oil content and composition, Spearman’s correlation test was used to evaluate the 
relationship between variables themselves over the 21-year range. To determine the water content of the 
sawdust generated from the 16 burnt trunk samples, we first separated out coarse wood fragments by 
passing each sample through a no. 10 
mesh sieve (screen size = 2.0 mm). 
From each of the 16 screened samples, 
we took five replicates and placed them 
into 80 separate coin envelopes. The 
average fresh weight of the 80 resulting 
samples was 2.4 g. The samples were 
put into a drying oven set at 60°C and 
dried until preliminary’ weight 
assessments showed that they had 
reached a constant weight. After 13 
days the samples were removed from 
their envelopes, and their final dry 
weight was determined. Percent water 
content was calculated using [(fresh 
weight-dry weight)/fresh weight]. 


Figure 1. From bottom to top: 30-cm 
section for steam distillation and analytical 
analysis (red), 30-cm_ section for 
entomology (orange), 30-cm section for 
fungal and bacterial analysis (pink), 10-cm 
section for water content analysis (white). 
Cuts were made in the field using a 
chainsaw and, as such, are approximations. 


For each trunk sample selected for entomological analysis, height and circumference (of the top 
and bottom of each trunk section) were measured to determine outer trunk surface area. Trunk samples 
were destructively sampled for the presence of insects and insect activity, including number of adult exit 
holes, exit hole height, width, and length, larval gallery depth, number of live adults, number of live larvae, 
and larvae taxa identified visually to family. The number of successful attacks was estimated using the 
average number of emergence holes per cm” in the bark or outer xylem. 


For microbial community measurements, three replicate spots on each trunk were selected and 
surface-sterilized with isopropyl alcohol. Using a sterilized drill bit, triplicate 10-cm holes were drilled into 
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sapwood. If bark material was present, it was removed prior to surface sterilization. Wood shavings and 
dust were collected in a sterile container and homogenized. Homogenized sawdust (0.25 g) from each 
sample along with negative controls were subjected to DNA extraction using Qiagen PowerSoil DNA kits 
according to manufacturer instructions. 


Bacterial 16S DNA was amplified using 515f-806r primers. Fungal ITS2 DNA was amplified using 
ITS3-mix (5’-CANCGATGAAGAACGYRG-3’) — ITS4 (5’-TCCTSCGCTTATTGATATGC-3’) 
(Tedersoo et al. 2014). 


All primers were modified with the addition of [Illumina adaptors (Caporaso et al. 2011) and DNA 
was amplified using the following protocol: 98°C for 2 min; 22 cycles of: 98°C for 15 s, 52°C for 20 s, 
72°C for 30 s; 72°C for 2 min. After 22 cycles, the PCR product was diluted 1:12 and 1 wL of this was used 
as a template for 8 more rounds of PCR with a 60°C annealing temperature in which bi-directional barcodes 
bound to reverse complimented Illumina adaptors acted as primers. Resulting barcoded libraries were 
cleaned, normalized, and sequenced with the Illumina MiSeq platform (V3 chemistry, 2 x 300 bp). 


All bioinformatics steps and analyses have been documented via reproducible code at 
https://github.com/gzahn/Juniper Microbes. Briefly, processing raw DNA reads included: 1) removal of 
primer sequences from all reads using cutadapt (Martin 2011); 2) extraction of the ITS2 region of fungal 
reads using itsxpress (Rivers et al. 2018); 3) Amplicon Sequence Variant (ASV) calling on fungal and 
bacterial reads using DADA2 (Callahan et al. 2016); 4) detection and removal of putative chimeras and 
contaminant sequences using decontam (Davis et al. 2018); and 5) assignment of taxonomy for fungi and 
bacteria using the UNITE + EUK database (Abarenkov et al. 2020) and the RDP 16S training set, 
respectively, with the RDP Naive Bayesian Classifier algorithm (Wang et al. 2007). All microbial 
community analyses were performed in R v 3.6.2 (R Core Team 2017) using the phyloseg, vegan, and 
corncob packages (Martin et al. 2020; McMurdie and Holmes 2013; Okansen et al. 2016). 


We tested geographic location, essential oil composition, and time since burn as predictors of 
bacterial and fungal community composition. Geographic location was tested via a Mantel test with 9999 
permutations. Years since burn and essential oil composition were tested with generalized linear models 
and a permutational ANOVA model using the vegan package. 


RESULTS AND DISCUSSION 


The overall health and condition of each tree, prior to being burnt, is unknown. Due to the 
geographical isolation of particular wildfires, it was only feasible to collect samples from 16 different years 
over a 21-year range. 


The aromatic profiles of each trunk can be found in Table 2. Interestingly, while a-pinene and 0-3- 
carene were prominent compounds in Utah juniper trunk essential oil from living trees (Wilson et al. 2019), 
neither greatly contributed to the profile of burnt Utah juniper trees (a-pinene: from nd to 3.9%; 5-3-carene: 
nd). These lighter fractions were either readily lost to the atmosphere or were primarily contained in the 
outer layers of the trunk, which were completely burnt. Prominent compounds, which were defined as an 
average area % from all samples > 5, include a-cedrene (10.4%), cis-thujopsene (19.8%), widdrol (7.6%), 
cedrol (20.1%), and cedr-8-en-13-ol (5.7%). Based on the date when these trees were burnt, older trunks 
displayed a trend of a higher relative abundance of more volatile fractions (a-cedrene, cis-thujopsene, 
widdrol) (Figure 2) and lower relative abundance of less-volatile fractions (cedrol, cedr-8-en-13-ol) (Figure 
3). However, a larger dataset 1s needed to determine statistical significance. 
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Table 2. Aromatic profile of J. osteosperma essential oil from burnt trunks (n = 16). Compounds not 
detected are denoted as not detected (nd) and values less than 0.1% as traces (t). Unidentified compounds 
less than 1.0% are not included. KI is the Kovat’s Index using a linear calculation on DB-5 column (Adams 
2007). Relative area percent 1s determined by GC-FID. Essential oil samples were analyzed in triplicate to 
ensure reproducibility (SD < 1 for all compounds). KI indicated in bold font was calculated using alkane 
standards. 
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The raw material mass and essential oil yield are detailed in Table 3. Not surprisingly, older trees, 
defined by when the tree was burnt, tended to contain less water and, as a result, a higher yield (relative to 
the weight of the raw material) of essential oil (Figure 4). There was a positive and moderate correlation 
(Spearman’s correlation test: p = 0.519, p = 0.039) between essential oil and water content in burnt trunks. 
The corrected essential oil content by year of wildfire is detailed in Figure 5. 


In our examination of trunk samples, flatheaded borer exit holes were easily discernable. Insect exit 
holes from flatheaded/metallic woodboring beetles (Buprestidae) were present in 75% of trunk samples, 
ranging from one to thirty-five exit holes per sample. A total of five living flatheaded borer larvae were 
recovered from the trunk samples (2013 (Playground), 1 larva; 2014 (Lion Peak), 4 larvae). Previous 
observations by other authors from living J. osteosperma trunk wood include species of Buprestidae 
(Chrysobothris texana), Cerambycidae (Semanotus ligneus), and Curculionidae (Ph/oeosinus spp.) (Furniss 
and Carolin 1977; Kannenberg et. al 2021). 


Insect activity can be found in Table 4. While the essential oil content and the number of insects 
exit holes (per cm’) appear to decrease from 1998-2018 (Figure 6), the correlation between the two sets of 
data was not statistically significant (Spearman’s correlation test: p = -0.185, p > 0.05). The woodboring 
beetle species listed above preferentially attack stressed living and recently dead J. osteosperma and are 
not considered a causal agent of mortality (Kannenberg et al. 2021). Therefore, it is likely that most of the 
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woodborer exit holes recorded in this study were created while the trees were living or within a few years 
after the trees were injured by fire or dead. In this case, woodborer colonization of stressed living, or 
recently burned or dead trees may be more likely driven by the essential oil composition of living J. 
osteosperma (Wilson et al. 2019) rather than older dead or older fire-injured or fire-killed trees. 


Table 3. Mass distilled and essential oil (EO) yield from single /. osteosperma trees (the number was limited 
to one as per permit restrictions) collected from 16 different locations. Each tree was cut 0.25 m above 
ground; all measurements and calculations are reflective of above ground portions. 
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Figure 4. There is a positive 
and moderate correlation 
(Spearman’s correlation test: 
p = 0.519, p = 0.039) between 
percent corrected essential oil 
content and percent water 
content (mean of 5 replicates) 
in each sample. 


Figure 5. Corrected essential 
oil content percentages by 
year of fire. Water content 
ranges between 4.6% and 
6.0% in all samples. 
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Table 4. Entomological data from the dead trunk sections (n = 16). All insect activity, and associated 
measurements, were determined to be from the family Buprestidae. There were a total of 5 living larvae 
counted (2013, 2014). The column denoting non-woodborer insect taxa present includes taxa that could not 
be identified with confidence or non-boring arthropods (Argasidae, Dermestidae, Polyxenidae). 
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After quality filtration and processing, we identified 1258 bacterial and 326 fungal taxa. Samples 
were dominated by fungal reads, and some wood samples did not have detectable bacteria (Figure 7). 
Bacterial communities were dominated by Actinobacteria, Proteobacteria, and Bacteroidetes (Figure 8). In 
terms of fungi, Ascomycota were significantly more abundant than Basidiomycota except for in one case 
(2018). 


A Mantel test did not show any community separation by distance for either bacterial or fungal 
communities (p = 0.073, p = 0.605, respectively). Therefore, geographic location was not a significant 
indicator of microbial composition. Linear regressions showed that two compounds (a-acorenol and f- 
acorenol) had significant impacts on fungal diversity, but no compounds were found to affect bacterial 
diversity. 
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We fitted a linear model (estimated using ML) to predict fungal Shannon diversity with B-acorenol, 
a-acorenol and years since burn. The explanatory power of the model was substantial (R? = 0.480) and 
showed that the combination of a- and B-acorenol was a statistically significant and negative predictor of 
fungal diversity (GLM; p = 0.017). Neither compound was significant on its own, suggesting synergy 
between them. 


Years since burn did not have a detectable effect on fungal diversity or composition, but it did 
influence bacterial diversity (GLM; p = 0.005) and community composition (PermANOVA; p = 0.042). 
Overall, both bacterial and fungal communities in these dead trees appear to be stochastic in nature. Though 
years since burn affected bacterial diversity, and acorenol compounds affected fungal diversity, we did not 
find any predictable effect of these factors on discrete microbial taxa. 


Sequence data has been deposited in the Sequence Read Archive under accession PRJNA730829. 
All microbial data and code can be found at https://github.com/gzahn/Juniper_ Microbes. 


CONCLUSIONS 


This study establishes, for the first time, that wildfire-killed Utah juniper trees retain volatile oil for 
at least 20-years. We further demonstrated that volatile oil in dead Utah juniper trees differs from that in 
living conspecific trunks, and that a-cedrene (10.4%), cis-thujopsene (19.8%), widdrol (7.6%), cedrol 
(20.1%), and cedr-8-en-13-ol (5.7%) are prominent compounds in the dead trees. Based on the year the 
trees were burnt, older burnt trunks also showed an increase in relative abundance of more volatile aromatic 
compounds and a decrease in relative abundance of less volatile aromatic compounds, as well as having a 
lower water content and thus a higher yield of essential oil. Water content in the trunk and essential oil yield 
were positively correlated. While the presence of water in dead plant material is an important factor in 
decomposition, the presence of volatile oil had little predictive impact on the influence of decomposition. 


When examined for insect activity, evidence of flatheaded borers (Buprestidae) predominated, and 
these insects likely attacked the sample trees prior to or recently after the trees’ deaths. While there appeared 
to be a trend between corrected essential oil yield and number of exit holes, there was no statistical 
correlation between the two factors. Given the timing of attack of the woodborers commonly found in J. 
osteosperma, number of exit holes may be better tested against essential oil concentrations of living or 
recently dead trees. These findings suggest that flatheaded borers have a negligible direct impact on 
decomposition of dead Utah juniper trees. 


Numerous bacterial (1258) and fungal (326) taxa were found in the burnt trunk samples. While the 
diversity of bacteria was much greater than the diversity of fungi, the relative abundance of fungi was much 
higher than that of bacteria. Actinobacteria, Proteobacteria, and Bacteroidetes were the most prominent 
bacterial communities. Of the fungi, Ascomycota tended to be more abundant than Basidiomycota. No 
predictive effects on discrete microbial taxa were found between location, essential oil composition, or year 
since burn, but there were still some interesting findings. Years since burn did not have a detectable effect 
on fungal diversity or composition, but it did influence bacterial diversity and community composition. 
Moreover, combination of a- and B-acorenol in the essential oil was a significant negative predictor of 
fungal diversity, which may be due to synergy between the two compounds. However, additional research 
is needed to address this and to better understand the potential impact on decomposition. 


While this study establishes the foundation for better understanding abiotic and biotic factors that 
contribute to decomposition of dead Utah juniper, additional research is needed. To better understand the 
impact that essential oil compounds have on insect and microbial populations, a baseline is needed. 
Performing similar research on non-essential oil-bearing species in the same habitat could provide such 
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insight and lead to a better understanding of the interactions between the many species that make up pinyon- 
juniper communities. 
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